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ABSTRACT 

Ischemic heart disease is the most common cardiovascular disease and causes 
more deaths and morbidity than any other disease. A lot of effort has been put 
into research of drugs and treatments for alleviating the ischemia-reperfusion 
injury and for minimizing the infarct size after reperfusion. However, most of 
the research has been conducted in different animal models and reproducing 
the results in human has proven difficult. Difference in physiology and disease 
mechanism stemming from the species difference has been suggested as one 
reason for the failure. Thus, human based models are needed. 

The main aim of this dissertation was to establish a human based model of 
cardiac ischemia-reperfusion. Human adult cardiomyocytes are difficult to 
acquire due to invasive harvesting, but human induced pluripotent stem cells 
(hiPSC) can be endlessly differentiated into cardiomyocytes (CM), providing 
an unlimited source of human cardiomyocytes. Nevertheless, hiPSC-derived 
CMs (hiPSC-CMs) are developmentally immature resembling more foetal 
than adult CMs hindering their utilization in several applications. Especially 
the metabolic immaturity has been suggested to make hiPSC-CMs resistant to 
hypoxia induced injury limiting their use in modelling cardiac ischemia-
reperfusion. Despite the immature phenotype, hiPSC-CMs have recently been 
utilized in modelling myocardial ischemia-reperfusion. However, these 
studies have focused on cell viability and molecular markers of hypoxia and 
cell injury, but the functional responses have been significantly less 
characterized. 

The first study of this dissertation focused on inducing maturation of the 
hiPSC-CMs by culturing them on polyethylene terephthalate textiles, which 
was observed to improve structural maturation of the CMs. In addition to 
topographical cues, coculture with other cell types is known to improve 
hiPSC-CM maturation. Furthermore, cardiac function is tightly regulated by 
cardiac autonomic nervous system (cANS), which is also known to contribute 
to ischemia-reperfusion injury and related arrhythmias. Thus, the second study 
of this thesis focused on establishing a cardiac innervation model, which in 



vi 

the future could be used in studying the effect of cANS to the ischemia-
reperfusion injury and its treatments. In the third and fourth study of this 
dissertation, cardiac ischemia and reperfusion were modelled by inducing 
hypoxia and reoxygenation to hiPSC-CMs. As electrophysiology is an 
important aspect of CM function and contraction, microelectrode array 
technology was used to capture the electrophysiological responses of the 
hiPSC-CMs to different oxygen conditions and the observed changes were 
compared to the electrophysiological changes known to occur in adult CMs 
during ischemia and reperfusion. 

The results presented in this dissertation show that hiPSC-CMs have 
potential as a cell model of cardiac ischemia-reperfusion. The platform 
utilized for inducing hypoxia and reoxygenation to the hiPSC-CMs allows the 
use of extensive set of methods for thorough characterization of the hiPSC-
CM response to the ischemic insult. Furthermore, the incorporated continuous 
measurement of oxygen partial pressure further improves the understanding 
of the cellular responses to hypoxia and reoxygenation and allows the 
validation of specific oxygen conditions experienced by the cells. The 
platform for the ischemia modelling could be utilized with the presented 
cardiac innervation model, which would allow the modelling of the cANS in 
ischemia-reperfusion and be the next step for in vitro ischemia modelling.  



vii 

TIIVISTELMÄ 

Sydän- ja verisuonitaudit aiheuttavat maailmanlaajuisesti enemmän kuolemia 
kuin mikään muu tauti, ja iskeeminen sydänsairaus on näistä taudeista yleisin. 
Iskemia-reperfuusiovaurion ja sen hoitojen tutkimukseen on panostettu 
paljon, mutta eläinkokeista saatuja tuloksia on ollut vaikea toistaa ihmisissä. 
Yhdeksi syyksi epäonnistumisiin on ehdotettu lajien välisiä fysiologisia eroja, 
jotka johtavat eroihin myös taudin mekanismeissa. Tämän vuoksi on tarve 
myös ihmisperäisille solumalleille iskeemiseen sydänsairauteen. 

Tämän väitöskirjan päätavoite oli kehittää ihmispohjainen malli 
iskeemisen sydänsairauden tutkimukseen. Aikuisen sydänlihassoluja ei 
kuitenkaan ole helposti saatavilla tutkimuskäyttöön, koska niiden kerääminen 
ihmisestä on hankalaa ja vaatii invasiivisen toimenpiteen. Ihmisen 
indusoiduista erittäin monikykyisistä kantasoluista (hiPSC) erilaistetut 
sydänlihassolut ovat ihanteellinen vaihtoehto aikuisen sydänlihassoluille, 
koska niitä voidaan erilaistaa loputtomasti. hiPSC-sydänlihassolut ovat 
kuitenkin enemmän sikiön kuin aikuisen sydänlihassolujen kaltaisia, mikä 
rajoittaa niiden hyödyntämistä eri sovelluksissa. Erityisesti iskeemisen 
sydänsairauden mallintamisessa hiPSC-sydänlihassolujen glykolyysiin 
perustuva metabolia on ongelma, koska sen tiedetään parantavan 
sydänlihassolujen sietokykyä hapettomille olosuhteille. Siitä huolimatta viime 
aikoina on julkaistu muutamia hiPSC-sydänlihassoluja hyödyntäviä malleja 
iskeemiselle sydänsairaudelle, mutta niissä on keskitytty solukuolemaan sekä 
iskemian molekulaarisiin vasteisiin vähähappisissa olosuhteissa, 
elektrofysiologisten ja toiminnallisten vasteiden jäädessä paitsioon. 

Väitöskirjan ensimmäinen osatyö keskittyi parantamaan hiPSC-
sydänlihassolujen kypsyyttä kasvattamalla niitä poyletyleenitereftalaatti-
tekstiilien päällä, sillä topografisten kasvualustojen on tutkimuksissa havaittu 
parantavan hiPSC-sydänlihassolujen rakenteellisia ominaisuuksia. Topo-
grafisten kasvatusalustojen lisäksi yhteisviljelyn muiden sydämelle 
ominaisten solutyyppien kanssa on havaittu parantavan hiPSC-sydänlihas-
solujen ominaisuuksia. Sydämen toimintaan vaikuttaa oleellisesti sydämen 
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autonominen hermosto, joka vaikuttaa sydämen toimintaan myös 
iskeemisessä sydänsairaudessa sekä muun muassa iskemia-reperfuusio-
vaurioon liittyvissä rytmihäiriöissä. Tämän väitöskirjan toisessa osatyössä 
kehitettiin sydämen hermotusmalli hiPSC-sydänlihassoluista ja hiPSC-
hermosoluista, jota voitaisiin tulevaisuudessa hyödyntää muun muassa 
iskeemisen sydänsairauden ja sen hoitojen mallintamisessa siten, että voidaan 
arvioida myös hermosolujen vaikutusta iskemia-reperfuusiovaurioon. 
Väitöskirjan kolmas ja neljäs osatyö keskittyivät hiPSC-sydänlihassolujen 
hyödyntämiseen iskemiamallinnuksessa. Iskemiaa mallinnettiin hypoksialla, 
jonka jälkeen soluviljelmien uudelleenhapetus jäljitteli reperfuusiota. 
Sydänlihassolujen elektrofysiologia on tärkeä osa niiden toiminnallisuutta, ja 
sitä tutkittiin osatöissä mikroelektrodisiru-teknologian avulla. hiPSC-
sydänlihassoluissa havaittuja vasteita verrattiin aikuisen sydänlihassolujen 
tunnettuihin vasteisiin iskemian ja reperfuusion aikana. 

Tämän väitöskirjan tulokset osoittivat, että hiPSC-sydänlihassoluja 
voidaan hyödyntää sydämen iskemiamallinnuksessa. Hypoksian ja 
uudelleenhapetuksen luomiseen käytetty laitteisto mahdollistaa useiden eri 
menetelmien käyttämisen solujen vasteiden perusteelliseen tutkimukseen. 
Laitteistoon yhdistetty hapen osapaineen reaaliaikainen ja jatkuva mittaus 
suoraan soluviljelymediumista mahdollistaa soluviljelmän happipitoisuuden 
tarkkailun sekä solujen vasteiden vertaamiseen mediumin happipitoisuuden 
muutoksiin. Tulevaisuudessa väitöskirjan toisessa osatyössä kehitettyä 
sydämen hermotusmallia voidaan hyödyntää yhdessä hypoksian ja 
uudelleenhapetuksen luomiseen käytettyä laitteistoa, minkä avulla on 
mahdollista tutkia sydämen autonomisen hermoston vasteita ja vaurioita 
iskeemisessä sydänsairaudessa.  
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1 INTRODUCTION 

Ischemic heart disease (IHD) is the most common cardiovascular disease and 
a major cause of death worldwide (M. A. Khan et al., 2020). The 
cardiomyocytes (CMs) responsible for the contractile function of the heart are 
injured or die as a result of IHD, due to the lack of oxygen and nutrients as 
well as due to the accumulation of metabolic waste in the cells and their 
environment (Ambrose & Singh, 2015). Furthermore, reperfusion of the heart 
by re-establishing blood flow into the ischemic area causes further injury to 
the CMs (Kalogeris et al., 2016). As CMs have only little tendency to 
regeneration, the healing of the injured tissue occurs via scarring, formation 
of non-specific and non-functional tissue, which can induce arrhythmias in the 
IHD patient (Lerman et al., 2016). Currently, animals and primary animal 
CMs are the most used models of IHD and in testing of new treatment options. 
However, majority of the drugs showing promising results in animal trials 
have not been successful in human trials due to various reasons (T. Chen & 
Vunjak-Novakovic, 2019). Thus, reliable human-based models are needed for 
modelling cardiac ischemia-reperfusion injury (IRI) and for developing new 
treatments to the injury. 

Human induced pluripotent stem cells (hiPSCs) can be endlessly 
differentiated into CMs for example for research purposes and clinical 
applications, which makes them an attractive source of human CMs 
(Karakikes et al., 2015). However, hiPSC-derived CMs (hiPSC-CMs) 
resemble more foetal than adult CMs regarding structure, function, 
metabolism as well as gene and protein expression, which can hinder their 
utilization in different applications (Ahmed et al., 2020). For example, it is 
known that foetal and hiPSC-CMs are more resistant to low environmental 
oxygen, i.e., hypoxia, as they rely more on glycolytic metabolism whereas 
adult CMs rely mainly on fatty acid (FA) oxidation (Hidalgo et al., 2018). 
However, researchers have developed several methods to improve different 
aspects of the hiPSC-CM maturity, such as culturing in a conditioned medium 
supporting the shift of the CM metabolism towards fatty acid oxidation (Feyen 
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et al., 2020), different structured cell culture substrates to guide the structure 
and morphology of the CMs (J. Han et al., 2016; Rao et al., 2013), and 
electrical or mechanical conditioning to improve the electrophysiological and 
contractile properties of the CMs (Ruan et al., 2016). Furthermore, coculture 
with other cell types characteristic to cardiac tissue has been shown to improve 
hiPSC-CM maturation (Vuorenpää et al., 2017). Despite the advancements in 
the differentiation and maturation of hiPSC-CMs, there still are no protocols 
for producing fully mature and adult-like CMs (Ahmed et al., 2020; Liao et 
al., 2021). 

Despite these limitations, hiPSC-CMs have lately been utilized in cardiac 
ischemia modelling (Canfield et al., 2016; T. Chen & Vunjak-Novakovic, 
2019; Fernández-Morales et al., 2019; Fiedler et al., 2019; Hidalgo et al., 
2018; Lu et al., 2018; Sebastião et al., 2020; Shah et al., 2019; Veldhuizen et 
al., 2022; H. Wei et al., 2019; W. Wei et al., 2017). These models have 
successfully reproduced several known responses of ischemia and 
reperfusion, including cell death (T. Chen & Vunjak-Novakovic, 2019; 
Hidalgo et al., 2018; Lu et al., 2018; W. Wei et al., 2017), structural disruption 
of the sarcomeres (T. Chen & Vunjak-Novakovic, 2019; Sebastião et al., 
2020), changes in the beating frequency and contractility (Shah et al., 2019; 
Veldhuizen et al., 2022; W. Wei et al., 2017), as well as calcium overload (W. 
Wei et al., 2017) and arrhythmias (Veldhuizen et al., 2022; W. Wei et al., 
2017). Although some evaluation of the hiPSC-CM functional response to 
ischemia-reperfusion (IR) has been done (Shah et al., 2019; Veldhuizen et al., 
2022; H. Wei et al., 2019; W. Wei et al., 2017), the focus of the studies has 
been more on the molecular responses of the CMs during hypoxia and 
reoxygenation. Significantly less research has been conducted on the detailed 
electrophysiological response of hiPSC-CMs in the ischemia models. 
However, CMs are electrically active cells and their major function as the 
contractile cells of the heart is tightly coupled to their electrophysiology 
(Eisner et al., 2017). 

The main aim of this thesis was to establish a hiPSC-CM based model for 
cardiac ischemia-reperfusion. Furthermore, as was already established, the 
hiPSC-CM maturation impacts their utilization in ischemia modelling and 
disease modelling in general. Thus, one aim was to improve the hiPSC-CM 
maturation by culturing them on polyethylene terephthalate (PET) textiles. 
Moreover, a cardiac innervation model was established for future studies in 
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cardiac ischemia modelling, as cardiac function is known to be tightly 
regulated by cardiac autonomic nervous system (cANS) (Végh et al., 2016) 
and cardiac ischemia-reperfusion is known to affect the functioning of the 
cANS (Hadaya & Ardell, 2020; Kolettis et al., 2015). The focus in the 
ischemia modelling was on the electrophysiological changes observed using 
microelectrode array (MEA) technology combined with real-time monitoring 
of the oxygen partial pressure (pO2) directly from the cell culture, which 
allowed comparison of hiPSC-CM electrophysiology and functionality to the 
oxygen level of the cell culture. Despite their immature phenotype the hiPSC-
CMs successfully reproduced many key electrophysiological changes 
observed in the adult CMs during ischemia-reperfusion, demonstrating their 
usefulness in modelling IHD mechanisms and treatments. The extensive 
electrophysiological data collected from the hiPSC-CMs in the chronic and 
acute setup for inducing hypoxia and reoxygenation strongly contributes to 
the hiPSC-CM based ischemia-reperfusion modelling. 
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2 LITERATURE REVIEW 

2.1 Heart and cardiomyocytes 

2.1.1 Structure and function of healthy heart 

The heart is an electromechanical pump (Nerbonne & Kass, 2005) in 
cardiovascular system. In this circulatory system cells, oxygen, nutrients, 
carbon dioxide, waste products, hormones and antibodies are transported 
between the tissues of the body via blood. The heart consists of four chambers 
and four valves, fibrous skeleton, heart wall and pericardium (Iaizzo, 2009). 
Furthermore, contraction of the heart is coordinated by cardiac conduction 
system (CCS) (Kennedy et al., 2016) and regulated by the metabolic state of 
the heart (Kolwicz et al., 2013) as well as by the cardiac autonomic nervous 
system (Habecker et al., 2016; Hasan, 2013; Végh et al., 2016). 
Cardiomyocytes are the contractile cells residing in myocardium and 
responsible for the heart contraction. CMs occupy approximately 70-85% of 
the myocardial volume but constitute only 20-30% of the total cell number. 
The other cell types interacting with CMs and residing in myocardium include 
endothelial cells, fibroblasts and leukocytes (Guo & Pu, 2020). 

Heart structure 

The four chambers of heart include left atrium and ventricle, and right atrium 
and ventricle (Figure 1A). The left and right sides are separated by 
interventricular and interatrial septa and they work as separate pumps, the left 
side pumping blood to systemic circulation, and right side pumping blood to 
pulmonary circulation (Iaizzo, 2009). The atrioventricular valves between 
atria and ventricles (tricuspid valve on the right and mitral valve on the left) 
as well as semilunar valves between ventricles and outgoing arteries 
(pulmonary artery on the right and aorta on the left) prevent the blood from 
flowing backwards (O’Donnell & Yutzey, 2020). Blood passively enters the 
relaxed right atrium from the systemic circulation. Upon atrial contraction the 
blood is further pumped into the relaxed right ventricle, from where the blood 
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is pumped to pulmonary circulation for oxygenation upon ventricular 
contraction. From the pulmonary circulation, the oxygenated blood enters the 
left atrium, which contracts and pumps the blood further to the left ventricle. 
Upon the ventricle contraction, the oxygenated blood is pumped into systemic 
circulation to be transferred to all tissues of the body (Figure 1A) (Iaizzo, 
2009). 

 

 
Figure 1.  Structure of heart and cardiac conduction system (CCS) (created with BioRender.com). 

A) Heart consists of four chambers, left and right atria and ventricles. From the systemic 
circulation, blood enters the right chamber of heart, and is pumped into the right ventricle 
and further into the pulmonary circulation for oxygenation. Oxygenated blood enters the left 
atrium to be pumped into the left ventricle and back to systemic circulation. B) CCS consists 
of SA and AV nodes, bundle of His, bundle branches and Purkinje network. The SA node 
generates the electrical impulse leading to cardiac contraction, from where it rapidly 
propagates through the CCS and enables coordinated and synchronous contraction of the 
heart. 

 

The heart wall consists of three layers, epicardium, myocardium and 
endocardium (Weinhaus & Roberts, 2009). Endocardium lines the inner 
surface of atria and ventricles and consists of endothelial tissue. The 
myocardium is the thick middle muscle layer, where the CMs responsible for 
the heart contraction reside in a highly organized structure (Weinhaus & 
Roberts, 2009). Epicardium is the outer layer of heart wall, consisting of 
mesothelial cells and connective and adipose tissues, where also the blood 
vessels (coronary arteries) and nerves that supply the heart are located 
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(Quijada et al., 2020). The heart resides within pericardium, a fibrous sack 
consisting of two layers with lubricating pericardial fluid in between, allowing 
the heart to move easily during contraction and relaxation (Weinhaus & 
Roberts, 2009). 

Cardiac conduction system 

Cardiac conduction system enables synchronous and coordinated contraction 
of the heart (Figure 1B). CCS consists of sinoatrial (SA) node, atrioventricular 
(AV) node, the bundle of His, bundle branches and the network of Purkinje 
cells (Anderson et al., 2009; Kennedy et al., 2016; Padala et al., 2021). The 
electrical impulse initiating the heart contraction is generated in the SA node, 
from where it propagates freely to the left and right atria, resulting in atrial 
contraction. However, the impulse does not propagate directly from the atria 
to the ventricles, as they are separated by the nonconducting fibrous skeleton. 
Thus, the electrical impulse is conducted from the SA node to the AV node 
via internodal pathway (Anderson et al., 2009; Padala et al., 2021). The AV 
node delays the impulse ensuring that the atria have enough time to pump the 
blood to the ventricles before their contraction. The impulse is further 
conducted from the AV node to the bundle of His, from where it continues to 
the left and right bundle branches of left and right ventricles and further to the 
Purkinje network. The CCS allows the impulse to proceed significantly faster 
compared to the CMs and enables the impulse conduction across the fibrous 
skeleton, resulting in a coordinated contraction of the ventricles (Kennedy et 
al., 2016). 

In the myocardium, the electrical impulse is further conducted by the 
working CMs via gap junctions (Kennedy et al., 2016; Smit & Coronel, 2014; 
Weinhaus & Roberts, 2009) and other ion channels such as voltage gated Na+ 
channels (Manring et al., 2018) present in the intercalated disks connecting 
adjacent CMs. These junctions allow adjacent cells to work synchronously by 
enabling fast conduction of the action potential from one CM to the next. Gap 
junctions are pore type channels between the CMs and composed of altogether 
12 transmembrane connexin proteins. Six connexins form a connexon on the 
membrane of one cell, which then connects with a connexon of the adjacent 
cell to form a gap junction. The most abundant type of connexin in CMs is 
connexin 43. Gap junctions allow the flowing of ions and signalling molecules 
in both directions and significantly improve the conduction velocity and 
electrical activation of the CMs (Smit & Coronel, 2014). 
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Cardiac electrophysiology and excitation-contraction coupling 

Heart contraction starts from the impulse from the SA node, from where the 
excitation propagates via the CCS throughout the whole myocardium (Figure 
1B, 2A) (Kennedy et al., 2016). When the excitation reaches the 
cardiomyocytes, it results in the generation of an action potential (AP) (Figure 
2B) and contraction via mechanism called excitation-contraction (EC) 
coupling (Figure3) (Crocini & Gotthardt, 2021; Eisner et al., 2017; 
Kockskämper, 2016; Mahmoodzadeh & Dworatzek, 2019). There are 
generally five distinct phases in the AP (phases 0–4), however, they appear 
differently in different types of CMs (Figure 2A) depending on the expression 
of the specific ion channels contributing to each phase (Nerbonne & Kass, 
2005). The excitation of a CM leads to rapid depolarization (phase 0), where 
the CM resting membrane potential (from -75 mV to -85 mV) quickly 
increases to 20–40 mV. This is followed by fast repolarization (phase 1) to 
20–0 mV. After the fast repolarization, the ventricular CMs exhibit a long 
plateau phase (phase 2) of 200–300 msec, whereas it is less pronounced in 
atrial and nodal CMs. Late repolarization (phase 3) returns the membrane 
potential back to resting state (phase 4) (Kockskämper, 2016). 

The negative resting membrane potential in CMs is mostly due to the 
inward rectifying K+ current (IK1), and the rapid depolarization is due to 
inward Na+ current (INa). At the end of phase 0 INa inactivates and phase 1 fast 
repolarization is caused by the activation of the transient outward K+ currents 
(Ito), which for ventricular CMs consist of both fast (Ito,fast) and slow (Ito,slow) 
component, but for atrial CMs only of the fast Ito,fast component. The plateau 
phase is carried out by inward L-type and T-type Ca2+ current (ICa,L and ICa,T) 
triggering also the calcium release from sarcoplasmic reticulum (calcium 
induced calcium release, CICR) to the cytoplasm. Repolarization in phase 3 
in ventricular CMs is caused by rapid and slow delayed rectifier K+ currents 
(IKr and IKs) as well as the IK1 responsible for the negative resting membrane 
potential, however these are less dominant in atrial CMs. On the other hand, 
the atrial CMs express ultrarapid voltage-dependent K+ current (IKur), which 
contributes to both early and late repolarization in atrial CMs but is absent in 
ventricular CMs. (Kockskämper, 2016; Nerbonne & Kass, 2005) 
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Figure 2.  Cardiomyocyte action potential (AP) (created with BioRender.com). A) The AP 

morphology and timing varies between the different locations of heart and the different types 
of cardiomyocytes. The phases of the cardiac action potential also correspond with the 
surface electrocardiogram (ECG). B) Phases of the cardiomyocyte AP include upstroke 
(phase 0), early repolarization (phase 1), plateau phase (phase 2), final repolarization 
(phase 3) and resting phase (phase 4). Several ion currents are contributing to different 
phases of the cardiac action potential. 

 

Pacemaker cells exhibit significantly different action potentials compared 
to the contracting myocardium. They have characteristically only three phases 
in the action potential, including phases 4, 3 and 0, and their resting membrane 
potential is more depolarized compared to working CMs. The phase 4 of 
pacemaker cells is called pacemaker potential to which the pacemaker current, 
or funny current (If) is characteristic. If results from the activation of 
hyperpolarization activated cyclic nucleotide gated channels that allow slow 
depolarization by Na+ entry to the cell and are activated when the membrane 
potential becomes lower than -50 mV, which in turn allows the automatic 
initiation of the electrical impulse in the pacemaker cells. Furthermore, phase 
0 depolarization starts in pacemaker cells when the membrane potential 
reaches -40 mV, however, whereas the phase 0 in working CMs is a result of 
INa, in pacemaker cells it results from ICa,L and ICa,T. At the end of phase 0, the 
calcium channels inactivate, and potassium channels open resulting in IKs and 
IKr and phase 3 repolarization. When the repolarization of the membrane 
reaches the threshold for reactivation of the If, the pacemaker action potential 
initiates again. (Grant, 2009) 
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Figure 3.  Excitation-contraction (EC) coupling in cardiomyocytes. Action potential results in 

opening of L-type Ca2+ channels, and Ca2+ enters the cell inducing further release of Ca2+ 
from sarcoplasmic reticulum (SR) via ryanodine receptors (RyR2). Intracellular Ca2+ binds 
to myofibril troponin leading to revelation of myosin binding sites of the actin filaments. 
Myosin binds to actin and crawls along the filament leading to sarcomere contraction. 
Relaxation occurs when Ca2+ is removed from the cytoplasm either to SR via SERCA or 
outside the cell via NCX (adapted from (Mahmoodzadeh & Dworatzek, 2019) under CC BY 
license: https://creativecommons.org/licenses/by/4.0/). 

 

The contraction occurs via EC coupling (Figure 3) when the AP depolarizes 
the cell membrane leading to the opening of the L-type Ca2+ channels in the 
cell membrane and transverse tubules (T-tubules) (Eisner et al., 2017). T-
tubules are invaginations of the cell membrane rich with ion channels and 
extend to the CM interior and form a network essential for the EC coupling 
process around the myofibrils (Figure 4A) (Crocini & Gotthardt, 2021; Hong 
& Shaw, 2017). As Ca2+ enters the CM cytoplasm, the increase in the 
intracellular Ca2+ concentration leads to CICR via ryanodine receptors from 
the sarcoplasmic reticulum (SR), which is a membranous tubule network 
around myofibrils (Eisner et al., 2017; Kockskämper, 2016). CM contraction 
occurs as the Ca2+ released to the cytoplasm binds to troponin in the 
myofibrils, the contractile structures of the CMs (Crocini & Gotthardt, 2021). 

https://creativecommons.org/licenses/by/4.0/
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Sarcomere structure and function 

Myofibrils consist of sarcomeres, the smallest contractile units of the CMs 
(Figure 4B) (Crocini & Gotthardt, 2021; Sarantitis et al., 2012). Sarcomeres 
in turn consist of thick myosin filaments attached to M-band in the middle of 
the sarcomere. Myosin filaments are interlocked with the thin actin filaments 
attached to the Z-disk at each end of the sarcomere (Sarantitis et al., 2012). In 
addition to thick and thin filaments, sarcomeres are composed of titin and 
several accessory proteins. The myosin filaments consist mainly of myosin 
heavy chain (MyHC), myosin essential and regulatory light chains and myosin 
binding proteins, of which type C (MyBP-C) is the most common. Thin 
filaments consist of actin, alpha tropomyosin, and troponin, which in turn is a 
heterotrimer consisting of C, I and T subunits (Crocini & Gotthardt, 2021; 
Sarantitis et al., 2012). Troponin C is the Ca2+ binding subunit, whereas 
troponin I is the inhibitory subunit that binds to actin in the absence of Ca2+. 
Troponin T on the other hand anchors the troponin complex to the actin 
filaments and to tropomyosin (Gomes et al., 2002). Titin brings stability to the 
sarcomere structure and is connected to the Z-disk and myosin filaments 
through MyBP-C. It also acts as a spring during CM contraction and relaxation 
(Crocini & Gotthardt, 2021; Sarantitis et al., 2012). 

The contraction occurs, when Ca2+ ions in the cytoplasm bind to troponin 
C, inducing its conformational rearrangement. This allows the interaction of 
troponin C with troponin I, resulting in dissociation of the troponin I from 
actin filaments. Upon the conformational changes due to Ca2+ binding of 
troponin C, the troponin and tropomyosin complexes move and thus, the 
myosin binding sites of the acting filaments are revealed (De Tombe, 2003; 
Gomes et al., 2002). This further leads to cross-bridge formation between 
myosin heads and myosin binding sites on the actin filaments and thus the 
myosin heads bind to the actin filaments. The myosin head binds ATP and 
detaches from the actin filament. When the ATP is hydrolysed, the 
conformation of the myosin head changes, and it can bind again further in the 
actin filament (Sarantitis et al., 2012). The shortening of the sarcomere and 
CM occur when the myosin heads crawl towards the Z-disks of the sarcomeres 
by subsequent releasing and binding of the myosin heads to the actin filaments 
(Crocini & Gotthardt, 2021). 
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Figure 4.  Structure of cardiomyocyte and sarcomere. A) Cardiomyocytes have highly organized 

cellular structure. The contractile myofibrils are surrounded by sarcoplasmic reticulum that 
contains Ca2+ ions essential for cardiac contraction. T-tubules, invaginations of sarcolemma 
are rich with ion channels and enhance the depolarization of the sarcolemma and EC 
coupling of the CMs (adapted from (Lipsett et al., 2019) under CC BY license: 
https://creativecommons.org/licenses/by/4.0/). B) Myofibrils consist of sarcomeres, which 
are the smallest contractile units of the CM. The contraction occurs when thick myosin 
filaments bind to the thin actin filaments and crawl along them towards the Z-disk. Titin 
stabilizes the sarcomere structure and acts as a spring during CM contraction and relaxation 
(adapted from (Santiago et al., 2021) under CC BY license: 
https://creativecommons.org/licenses/by/4.0/). 

 

Cardiomyocyte relaxation occurs when the cytoplasmic Ca2+ is removed 
(Kockskämper, 2016). SR Ca2+ ATPase (SERCA) pumps the Ca2+ from 
cytoplasm back to SR, whereas the sacrolemmal Na+–Ca2+ exchanger (NCX) 
extrudes one Ca2+ for three Na+ ions into the extracellular space. NCX can 
work in forward (Na+ influx and Ca2+ efflux) or reverse (Ca2+ influx and Na+ 
efflux) mode, depending on the transsarcolemmal gradients of the ions as well 
as membrane potential. In the beginning of the AP when the cell membrane 
depolarizes and Na+ rapidly enters the cell via voltage gated Na+ channels, 
NCX works on the reverse mode bringing Ca2+ into the cell while extruding 
Na+, resulting in a repolarizing outward current during AP phases 0 and 1. On 
the other hand, during AP phases 2–4, NCX works in the forward mode 
removing Ca2+ from the CM and resulting in a depolarizing inward current, 
and thus is one of the main Ca2+ efflux mechanisms in CMs. Na+–K+ ATPase 
(NKA) acts in the opposite direction, and actively transports three Na+ ions 
out of the cell in exchange for two K+ ions, thus generating an outward current 
and maintaining Na+ and K+ homeostasis. NKA utilizes adenosine 
triphosphate (ATP) hydrolysis to move the ions against their gradients and 

https://creativecommons.org/licenses/by/4.0/
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contributes to the phase 3 repolarization as well as reducing the plateau phase 
and making the resting membrane potential more negative (Eisner et al., 2017; 
Kockskämper, 2016; Shattock et al., 2015). 

Cardiac autonomic nervous system 

Although heart can contract independently of any stimulation from the 
nervous system, the cardiac contraction is further regulated by cANS. cANS 
does not directly initiate the cardiac contraction, but can regulate all aspects 
of cardiac function, including chronotropy (heart rate), inotropy (contractile 
force), dromotropy (conduction velocity) and lusidropy (relaxation speed) 
(Hadaya & Ardell, 2020). cANS has an important role in physiological 
responses and regulation of the cardiovascular system, (Bairey Merz et al., 
2015; van Bilsen et al., 2017; Végh et al., 2016), which starts already during 
the innervation of the developing heart when the neurons and cardiomyocytes 
undergo comaturation. The cardiac maturation is affected by the innervating 
axons of the neurons, whereas the growth, patterning and transmission 
properties of the neurons are influenced by the cardiac tissue (Habecker et al., 
2016). 

cANS constitutes both sympathetic nerves with excitatory effect and 
parasympathetic nerves with inhibitory effect (Kingma et al., 2018; Végh et 
al., 2016). Sympathetic nerve fibres terminate at SA and AV nodes, but also 
innervate the myocardium and extend to coronary arteries. Parasympathetic 
nerve fibres on the other hand do not innervate myocardium but terminate 
mainly at SA and AV nodes reaching also to the coronary arteries (Végh et 
al., 2016). Sympathetic branch of the cANS secretes norepinephrine, which 
regulates the impulse rate of the SA node leading to increase in the cardiac 
contraction rate and force, as well as dilation of the coronary arteries. Instead, 
the parasympathetic branch of the cANS releases acetylcholine leading to 
decrease in heart rate and contraction force as well as constriction of the 
coronary arteries (Hadaya & Ardell, 2020). 

Cardiac metabolism 

Cardiac tissue has high energy demand due to the complex electrophysio-
logical, biochemical and mechanical events resulting in the cardiac 
contraction (Martínez et al., 2017). As a source of energy, CMs can utilize 
fatty acids, glucose, ketone bodies as well as other substrates. Although 
glucose is the most energy efficient substrate, FAs are the main source of 
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energy during aerobic conditions at rest, when FAs account for 60–90% of the 
generated energy while only 10–40% of the energy is generated from glucose 
(Martínez et al., 2017; Rosano et al., 2008). However, CMs cannot synthesize 
these molecules efficiently themselves, and thus are depending on the FA 
influx from the blood (Martínez et al., 2017). At rest, the excess glucose in the 
CMs is stored into glycogen for utilization during increased metabolic demand 
(Rosano et al., 2008). Cardiac energy metabolism consists of three main 
components: the uptake and utilization of the primary substrates (FA by β-
oxidation and glucose by glycolysis) with the incorporation of their 
metabolites into tricarboxylic acid cycle, oxidative phosphorylation of 
adenosine diphosphate into ATP in the mitochondrial respiratory chain, and 
utilizing ATP as energy for contraction or for storing of the energy from ATP 
to creatine for high-demand conditions (Martínez et al., 2017; Rosano et al., 
2008). 

2.1.2 Cardiac function in ischemic heart disease 

Ischemic heart disease is the most common cardiovascular disease and a major 
cause of morbidity and mortality globally (M. A. Khan et al., 2020). In IHD, 
the blood flow into the cardiac tissue is reduced or blocked, causing oxygen 
and nutrient deprivation and accumulation of metabolic waste in the CMs and 
their extracellular space. This on the other hand leads to injury and death of 
the cardiomyocytes, compromising the heart function. Coronary artery disease 
is the most common reason for IHD. There plaque builds up the coronary 
arteries supplying blood flow to the heart, leading to narrowing of the lumen 
of the artery and decreased blood flow to the myocardium. If the plaque 
ruptures, it can cause a sudden block in the artery preventing blood flow 
altogether and result in CM death unless the restoration of blood flow by early 
reperfusion (Ambrose & Singh, 2015). Although rare, also coronary spasm as 
in e.g. takotsubo cardiomyopathy (stress cardiomyopathy) (Pelliccia et al., 
2017) can cause IHD, when the muscles lining the coronary arteries suddenly 
tighten, narrowing the artery and decreasing the blood flow to the myocardium 
(Matta et al., 2020). Depending on the cause, acute IHD event can occur 
acutely as in the case of plaque rupture, or IHD can be a chronic state of 
decreased blood flow to the heart leading to heart failure (Libby & Theroux, 
2005). Although timely reperfusion is required to salvage the ischemic area, 
it initially further damages the tissue (Hausenloy & Yellon, 2013). 
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Figure 5.  Main events of ischemia and reperfusion in cardiomyocytes (created with 

BioRender.com). Decrease in oxygen and ATP content of the CM lead to a metabolic shift 
from fatty acid oxidation to anaerobic glycolysis, which further leads to lactate production 
and lowered pH. Lowered pH activates Na+–H+ exchanger (NHE) leading to reverse 
activation of Na+–Ca2+ exchanger (NCX) and calcium overload. Lowered pH prevents 
opening of mitochondrial permeability transition pores (mPTP) and inhibits myofibril 
contraction. Reperfusion restores the physiological pH, but further enhances the intracellular 
calcium overload. Production of reactive oxygen species (ROS) mediates dysfunctioning of 
sarcoplasmic reticulum (SR). Increased intracellular calcium leads to calcium induced 
calcium release (CICR), which together with the ROS induce opening of mPTPs. 
Restoration of physiological pH enables Ca2+ binding to myofibrils and elevated Ca2+ levels 
cause myofibril hypercontracture. 

 

Switch to glycolytic metabolism and pH decrease 

Oxygen and nutrient deprivation during ischemia result in a series of changes 
in the metabolic, biochemical and electrophysiological processes of the CMs 
(Figure 5) (Hausenloy & Yellon, 2013). The lack of oxygen prevents oxidative 
phosphorylation, leading to switch from aerobic FA metabolism to inefficient 
and insufficient anaerobic glycolysis (Martínez et al., 2017; Rosano et al., 
2008). This results in ATP depletion and increase in lactate reducing the 
intracellular pH (Hausenloy & Yellon, 2013; Martínez et al., 2017). Na+–H+ 
exchanger (NHE) activates upon H+ accumulation, extruding one H+ ion for 
import of one Na+ ion, leading to intracellular Na+ accumulation. The lack of 
ATP prevents NKA functioning, thus activating NCX in reverse mode 
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extruding Na+ and leading to intracellular calcium overload (Garcia-Dorado 
et al., 2012; Kalogeris et al., 2016; Sanada et al., 2011). The lowered pH 
causes troponin C to become insensitive to Ca2+, preventing the revelation of 
myosin binding site and consequently, CM contraction (Sanada et al., 2011). 

Electrophysiological changes during ischemia 

Calcium overload together with lowered pH during ischemia have several 
consequences, including cell-to-cell uncoupling, opening of non-junctional 
connexin hemichannels as well as overactivation of calpains (Garcia-Dorado 
et al., 2012). The cell-to-cell electrical uncoupling is caused by closing of the 
gap junctions due to connexin phosphorylation, which can induce arrhythmias 
(De Vuyst et al., 2011; Garcia-Dorado et al., 2012). Furthermore, Ca2+ 
overload can induce opening of non-junctional connexin hemichannels, which 
can contribute to cellular injury and arrhythmias, but can also have 
cardioprotective effects; the opening releases intracellular metabolites to the 
extracellular space, which may be involved in paracrine cardioprotective 
signalling. Calcium overload can also cause overactivation of calpains, which 
are Ca2+-dependent thiol proteases participating in basic cellular processing, 
such as differentiation, proliferation and migration (Garcia-Dorado et al., 
2012). This can cause damage to structural and functional proteins of the CMs 
and mitochondria leading to damaged contractile structures as well as 
impaired energy production (Garcia-Dorado et al., 2012; Kalogeris et al., 
2016). 

Ischemia affects the AP shape of the cardiomyocytes due to changes in the 
function of the ion channels and pumps (Figure 6A). Ischemia also affects the 
shape of surface electrocardiogram (ECG), depending on whether the 
ischemia is present in the entire heart wall thickness (transmural ischemia) or 
is confined to the subendocardial layer of the heart wall (subendocardial 
ischemia) (Figure 6B). The lack of ATP during ischemia leads to inactivation 
of ion channels and pumps depending on ATP hydrolysis. During ischemia, 
intracellular K+ decreases and extracellular K+ increases, causing CM resting 
membrane potential to be more depolarized (less negative). Furthermore, the 
depolarization inactivates Na+ channels responsible for rapid depolarization 
of the cell membrane during AP phase 0, leading to slower depolarization 
(upstroke) (Klabunde, 2017). 

 



 

34 

 
Figure 6.  Changes in the action potential and surface ECG shape during ischemia (created with 

BioRender.com). A) Ischemia reduces the resting membrane potential and the upstroke 
velocity of the CM. Furthermore, AP duration decreases. B) Ischemia affects the shape of 
the surface ECG differently, depending on whether the ischemia is transmural or 
subendocardial. Transmural ischemia causes ST elevation, whereas subendocardial 
ischemia results in ST depression. 

 

Together with the gap junctional cell-to-cell uncoupling (De Vuyst et al., 
2011; Garcia-Dorado et al., 2012) the inactivation of the Na+ channels reduces 
the conduction velocity of the action potential, as it primarily depends on the 
opening of the fast Na+ channels inactivated by the ischemia-induced 
depolarization of the CMs (Klabunde, 2017). If the resting membrane 
potential reaches -55 mV, all fast Na+ channels inactivate, however, action 
potential can still occur via slow inward Ca2+ current via the L-type Ca2+ 
channels, although the depolarization rate will be significantly slower. In 
addition to the less negative resting membrane potential and slower upstroke 
in phase 0, the repolarization of the CM occurs earlier, shortening the AP 
duration possibly due to opening of K+ channels (Klabunde, 2017). 

Reperfusion injury 

When the blood flow is restored to the cardiac tissue during reperfusion, 
substrates, oxygen and physiological extracellular pH are restored allowing 
ATP production via fatty acid oxidation (Hausenloy & Yellon, 2013). 
Removal of the H+ ions from the extracellular space creates a large proton 
gradient across the cell membrane further accelerating the NHE and NCX 
activity and increasing intracellular calcium levels. The elevated intracellular 
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calcium also activates calcium-induced calcium release from SR, further 
aggravating the calcium overload (Wang et al., 2020). Elevated cytoplasmic 
Ca2+ and restored energy production lead to arrhythmias, myofibril 
hypercontracture, uncontrolled and sustained contraction of the CMs (Figure 
5) (Garcia-Dorado et al., 2012; Sanada et al., 2011). Mitochondrial 
permeability transition pores (mPTPs) open during reperfusion triggered by 
pH normalization, increased intracellular calcium levels, and oxidative stress 
from reactive oxygen species (ROS) that are produced by the reactivated 
electron transport chain (Turer & Hill, 2010). Opening of the mPTPs allows 
the excessive calcium in the cytoplasm to enter the mitochondria, which 
reduces the cytoplasmic Ca2+ levels. However, their opening further induces 
oxidative stress due to ROS produced in the mitochondria (Hausenloy & 
Yellon, 2013). ROS in turn can induce damage in both nuclear and 
mitochondrial DNA. Furthermore, the electrophysiological changes in the CM 
electrophysiology are reversed during reperfusion, although it does not 
necessarily occur rapidly or synchronously (Manning & Hearse, 1984). 

Reperfusion can cause both reversible and irreversible types of injury in 
CMs. Reperfusion can induce arrhythmias, which can be treated with 
antiarrhythmic medication and are usually temporary if there is no permanent 
scarring (Hausenloy & Yellon, 2013). Ventricular fibrillations can occur due 
to inhomogeneity in action potentials in the border of previously ischemic and 
healthy tissue (Manning & Hearse, 1984). Moreover, delayed 
afterdepolarizations can stem from release of Ca2+ from the SR outside the 
normal EC coupling cycle (S. Chen & Li, 2012). In addition, microvascular 
obstruction meaning inability to reperfuse the ischemic region can occur due 
to capillary damage, external capillary compression by swelling of the cells 
and microthrombosis. With severe microvascular obstruction, intramyocardial 
haemorrhage in the area of infarction can occur. Lethal myocardial reperfusion 
injury refers to the death of CMs that were still viable at the end of the 
ischemic period. This type of injury is due to oxidative stress, calcium 
overload, mPTP opening as well as hypercontracture of the CMs, and can 
account up to 50% of the final size of the infarction size (Hausenloy & Yellon, 
2013). 

Another reversible injury is myocardial stunning, which means the 
prolonged dysfunction of the injured cardiac tissue and myocardial contractile 
apparatus due to the adverse effects of the oxidative stress as well as 
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intracellular calcium overload (Hausenloy & Yellon, 2013). As opposed to 
myocardial hibernation that occurs during ischemia, myocardial stunning 
occurs after reperfusion of a short ischemic event that does not cause 
infarction or death of the CMs but depresses the cardiac contractility. 
Myocardial stunning can take several days to recover and stems from the 
abnormal energy utilization, ROS production, calcium abnormalities, 
microvascular abnormalities, and white cell accumulation in the injured area. 
Myocardial hibernation on the other hand occurs in ischemic myocardium, 
where the blood flow is decreased. However, the CMs remain viable with 
depressed contractile function, reducing the oxygen demand of the tissue and 
thus protecting the CMs (Richard Conti, 1991; Ytrehus, 2006). 

Hypoxia inducible factors 

Hypoxia inducible factors (HIFs) are heterodimeric transcription factors 
consisting of alpha and beta subunits, and they are major mediators of adaptive 
responses to cellular oxidative stress (Graham & Presnell, 2017). Several 
alpha and beta subunits are known to bind to form HIFs, however, HIF1 is the 
most studied. The beta subunit of HIF resides in nucleus and is not affected 
by the presence of oxygen, whereas the alpha subunit rapidly degrades in the 
presence of oxygen by ubiquitin-proteasome pathway. The overall 
degradation of the alpha subunit decreases under hypoxia, which allows 
exquisite temporal control over the expression of HIFs as well as the hypoxia 
response (Semenza, 2012; Tennant & Howell, 2014; Zheng et al., 2021). 
Under hypoxic conditions, the HIF alpha subunit accumulates in the 
cytoplasm and translocates into the nucleus, where it binds to the beta subunit 
to form functional HIF. HIF in turn binds to hypoxia responsive element 
promoter region identified in numerous gene loci in the DNA. Subsequent 
recruiting of CREB binding protein and p300 results in the transcription of 
over hundred downstream target genes (Zheng et al., 2021). 

During cardiac ischemic event, HIFs mediate several adaptive responses to 
the hypoxic conditions. HIFs increase the expression of vascular endothelial 
growth factor, increasing angiogenesis in the ischemic area. Furthermore, 
HIFs can regulate the mitochondria-specific gene expression to improve 
mitochondrial function during oxidative stress and improve the cellular 
glucose uptake by increasing the expression of glucose transporters on the cell 
membrane (Zheng et al., 2021). Furthermore, HIFs affect the expression of 
other glycolysis related genes, thus improving ATP production from glucose 
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(Tennant & Howell, 2014). HIFs can decrease ROS production as well as 
increase the production of antioxidants via several pathways and thus alleviate 
the oxidative stress experienced by the cells and the HIF pathway activation 
regulates the expression of genes involved in decreasing apoptosis during both 
ischemia and reperfusion. Moreover, HIFs can reduce tissue inflammation by 
attenuating pro-inflammatory cytokine production (Zheng et al., 2021). 

Cardia autonomic nervous system in ischemia-reperfusion 

cANS is an important regulation of the cardiac function, and as the cANS and 
cardiac function are intertwined, dysregulations of this system due to different 
causes contribute to cardiovascular pathology and can lead to fatal outcomes 
(Bairey Merz et al., 2015; Kolettis et al., 2015; van Bilsen et al., 2017; Végh 
et al., 2016). For example, dysfunction of cANS can lead to arrhythmogenic 
consequences during IHD (Hadaya & Ardell, 2020; Kingma et al., 2018; 
Kolettis et al., 2015; Tapa et al., 2020), as myocardial ischemia causes the 
local sympathetic nerve terminals to release norepinephrine. This elicits 
increased contractility of the CMs serving to maintain the cardiac output, 
however, the local surge of norepinephrine alters the CM electrophysiology, 
which in turn creates a milieu susceptible for arrhythmic events (Kolettis et 
al., 2015). Furthermore, alterations in sympathetic nerve density, electrical 
excitability and neurotransmitter content occur during ischemic heart disease 
(Hadaya & Ardell, 2020; Kolettis et al., 2015; Tapa et al., 2020). 

2.2 Human induced pluripotent stem cell-derived cardiomyocytes 

2.2.1 Stem cells and induced pluripotent stem cells 

Stem cells are characterized by the ability for self-renewal and differentiation 
into specialized cell types and categorized based on their ability to 
differentiate into multiple cell types. Totipotent stem cells can differentiate 
into any cell type including cells of the extraembryonic tissues, pluripotent 
stem cells can differentiate into the cells of all three embryonic lineages but 
not extraembryonic tissues, multipotent stem cells can differentiate into 
multiple specialized cells of a specific tissue, and unipotent stem cells can only 
differentiate into one cell type (Daley, 2015; Dulak et al., 2015). Stem cells 
can also be categorized based on the source; adult stem cells include multi- or 
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unipotent stem cells found throughout the body after embryonic development, 
embryonic stem cells (ESCs) are pluripotent stem cells isolated from the inner 
cell mass of blastocysts (Daley, 2015), whereas induced pluripotent stem cells 
(iPSCs) are somatic cells reprogrammed into an embryonic-like state by 
forced expression of transcription factors responsible for cellular 
pluripotency, such as OCT4, SOX2, KLF4 and c-MYC (Takahashi et al., 2007; 
Takahashi & Yamanaka, 2006). 

Induced pluripotent stem cells can be produced from human somatic cells 
(Takahashi et al., 2007), and they have a wide range of applications, including 
tissue engineering, treatment of immunodeficient diseases, disease modelling 
as well as drug development and testing (A. S. T. Smith et al., 2017; Yin et 
al., 2016). PSCs can be culture in vitro, however, their culture requires specific 
conditions mimicking the stem cell niche in vivo to maintain the pluripotency 
of the cells. This can be achieved with several methods, the most important 
being the cell culture medium and culture substrate. PSCs are typically 
cultured in growth medium containing growth factors and cytokines 
supporting the self-renewal and pluripotent state of the cells. Furthermore, the 
cells can be cultured on supporting feeder cells such as mouse embryonic 
fibroblasts, that support the growth of the PSCs and prevent their 
differentiation. Alternatively, feeder-free culture on extracellular protein 
matrices such as Matrigel, fibronectin or laminin can be used (van der Sanden 
et al., 2010). For therapeutic and translational applications, PSC culture in 
xeno-free conditions is crucial, meaning that all culture components are 
human-derived or synthetic (Kaur et al., 2013). 

2.2.2 Differentiation 

As hiPSCs are pluripotent, they can be differentiated into all cell types of all 
tissue types in the body, including cardiomyocytes. Several methods have 
been described for differentiation of hiPSC-CMs, including embryoid body 
(Kehat et al., 2001), coculture (Mummery et al., 2003) and monolayer 
differentiation (Laflamme et al., 2007). Despite the different approaches, each 
method mimics the embryonic cardiac development in vivo. During 
embryonic development, distal visceral endoderm expresses Nodal, while its 
antagonists are expressed in visceral endoderm inducing a gradient change of 
Nodal and WNT signals in the front and rear directions. This promotes the 
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development of the primitive streak as well as the development of trilaminar 
embryonic disk comprised of ectoderm, mesoderm, and endoderm. 
Extracellular signalling molecules including Wnt3a, BMP4, Nodal and 
Activin A control cardiac mesoderm and cardiac progenitor cell induction and 
induce the expression Brachyury T and Eomes, markers of early mesoderm 
formation. During the primitive streak, Mesp1 is temporarily expressed in the 
cells, and a subset of these cells then start to express Nkx2.5, Tbx5 and Isl1 
representing cardiac lineage markers in the early stages of heart field 
development. Subsequent activation of CM related genes including α-actinin, 
myosin light and heavy chains, troponin and myocyte enhancer factor 2 
occurs, leading to proliferation and maturation of CMs (Bruneau, 2013). 

Embryoid body differentiation is based on the property of PSCs to form 
aggregates, embryoid bodies (EBs) when cultured in suspension. When 
cultured in a medium that does not support pluripotency, the PSCs start to 
spontaneously differentiate into cells of all three germ layers, including 
mesodermal CMs (Talkhabi et al., 2016). Another method for CM 
differentiation relies on coculture of PSCs with the visceral endoderm-like cell 
line END2. This method is based on the knowledge that endoderm and cardiac 
crescent have close interaction during cardiac embryonic development when 
the endoderm provides inductive and inhibitory signals essential for cardiac 
development, which leads to CM differentiation (Mummery et al., 2003). 
Monolayer-based hiPSC-CM differentiation is based on the epithelial cell-like 
morphology of the PSCs in adherent cultures and timely introduction of right 
dose and combination of growth factors such as BMP4 and Activin A 
(Laflamme et al., 2007), or small molecules affecting the GSK3 and WNT 
signalling of the PSCs (Lian et al., 2012, 2013). The cardiac differentiation is 
shown to produce a mixture of nodal, ventricular, and atrial CMs (Q. Zhang 
et al., 2011) and not all PSCs differentiate into CMs but also into other cell 
types, such as smooth muscle cells, endothelial cells (Balafkan et al., 2020; 
Jiang et al., 2022) and fibroblasts (Jiang et al., 2022). 

The advantages and disadvantages of the different differentiation methods 
have been previously reviewed (Mummery et al., 2012; A. S. T. Smith et al., 
2017; Talkhabi et al., 2016). EB differentiation of hiPSC-CMs is spontaneous 
and robust, however, it has low efficiency without any growth factors or small 
molecules mediating the differentiation. Furthermore, the variability in the EB 
size affects the efficiency and reproducibility of the CM differentiation via EB 
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method. The efficiency can be enhanced significantly by timely addition of 
cardiogenic growth factors such as BMP4, bFGF and Activin A in the 
beginning of the differentiation for more direct differentiation into cardiac 
lineage cells. Similarly, END2 differentiation efficiency was initially very 
low, but was shown to be improved by introduction of growth factors and 
small molecules. Monolayer-based differentiation allows better means to 
control the introduction of growth factors or small molecules due to the lack 
of complex diffusional barriers present in EBs (Mummery et al., 2012; A. S. 
T. Smith et al., 2017) theoretically enabling more reproducible method for CM 
differentiation. Moreover, the highest differentiation efficiencies have been 
reported for monolayer-based methods (A. S. T. Smith et al., 2017; Talkhabi 
et al., 2016). 

The ease and efficiency are not the only aspects to be considered regarding 
the differentiation method, but also the properties of the produced CMs. For 
example, there are methods to guide the hiPSC-CM differentiation into atrial 
or ventricular type (J. H. Lee et al., 2017; Q. Zhang et al., 2011), and it has 
been shown that the hiPSC-CM electrophysiological properties are affected 
by the differentiation method (Prajapati et al., 2021). In the study by Prajapati 
and co-workers, END2 differentiation was shown to produce most mature 
hiPSC-CMs regarding the electrophysiological properties although the 
inefficiency of the method can affect the applicability to studies requiring 
large batches of CMs. EB method was observed to be the most efficient 
regarding the differentiation of hiPSC-CMs with also fairly mature 
electrophysiological properties, whereas the monolayer method used in that 
study was observed to yield least CMs with also the least developed 
electrophysiology (Prajapati et al., 2021). However, despite the differentiation 
method, the produced hiPSC-CMs resemble rather foetal than adult CM 
phenotype and require further maturation step to improve the properties for 
several applications (Ahmed et al., 2020; Feyen et al., 2020; A. S. T. Smith et 
al., 2017). 

2.2.3 Maturation 

Human induced pluripotent stem cell-derived cardiomyocytes express rather 
foetal than adult CM phenotype, which is a disadvantage hindering their 
utilization on several aspects, including cardiac disease modelling and 
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pharmacological and toxicological screening. The maturation of the hiPSC-
CMs has been extensively researched and reviewed, and the hiPSC-CMs have 
been shown to differ from adult CMs with regard to gene and protein 
expression, expression of specific ion channels and pumps, contractile and 
electrophysiological properties, metabolism as well as structural and 
morphological properties (Ahmed et al., 2020; Karbassi et al., 2020; Liao et 
al., 2021). Several methods have been developed to induce more mature 
phenotype in hiPSC-CMs, however, fully adult-like hiPSC-CMs have not yet 
been produced. The maturation methods include prolonged in vitro culture 
(Lewandowski et al., 2018; Lundy et al., 2013), topographical cues guiding 
hiPSC-CM orientation (J. Han et al., 2016; Huethorst et al., 2016; Rao et al., 
2013), substrate stiffness (Martewicz et al., 2017), medium additives (Feyen 
et al., 2020; Yang, Rodriguez, et al., 2014), mechanical or electrical 
stimulation (Ruan et al., 2016) as well as coculture with other cell types typical 
to cardiac tissue (Vuorenpää et al., 2017). 

hiPSC-CM immature phenotype 

hiPSC-CMs differ from adult CMs on several aspects (Figure 7), including 
morphology and function. Adult CMs are rod-like and well-aligned cells 
expressing highly organized sarcomeres and well-developed T-tubule system 
and SR. hiPSC-CMs on the other hand are smaller and round, have shorter and 
disorganized sarcomeres and poorly developed SR, and lack clear longitudinal 
axis and T-tubules (Ahmed et al., 2020). The underdeveloped SR and lack of 
T-tubules together with low expression of key proteins regulating CICR lead 
to slow EC coupling in hiPSC-CMs compared to adult CMs (Veerman et al., 
2015). hiPSC-CMs beat spontaneously, whereas adult CMs beat only when 
stimulated. Furthermore, hiPSC-CMs exhibit much lower contractile force as 
well as slower conduction and upstroke velocities. Furthermore, their action 
potential morphology is mixed and can be categorized as atrial, nodal or 
ventricular (Karakikes et al., 2015). 

hiPSC-CMs generate the most important cardiac currents but lack the IK1 
responsible for stabilizing the resting membrane potential and for shaping the 
initial depolarization and final repolarization of the AP, which can 
fundamentally affect the modelling of specific cardiac diseases (Karakikes et 
al., 2015; Karbassi et al., 2020). Furthermore, although hiPSC-CMs express a 
functional pacemaker If current, the current density on its own is not enough 
for the spontaneous AP generation and contraction, but the spontaneous 
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activity in hiPSC-CMs resembles that of nodal cells of the SA node, and relies 
on the activity of ryanodine and inositol-1,4,5-trisphosphate receptors leading 
to spontaneous Ca2+ release from SR. This results in increased intracellular 
Ca2+ concentration triggering a depolarizing current via NCX and serving as 
a trigger for AP (Koivumäki et al., 2018). 

 

 
Figure 7.  Human induced pluripotent stem cell-derived cardiomyoctes differ from adult CMs 

regarding several structural and functional properties. Adapted from (Karbassi et al., 
2020) (reprinted with permission from Springer Nature:  Nature Reviews Cardiology; 
Cardiomyocyte maturation: advances in the knowledge and implications for regenerative 
medicine. Karbassi et al., © 2020; permission conveyed through Copyright Clearance 
Center). A) hiPSC-CMs are small and round cells lacking T-tubules and well-developed 
organized sarcoplasmic reticulum. Furthermore, ion channels are expressed differentially in 
hiPSC-CMs and adult CMs. B) hiPSC-CM myofibrils and sarcomeres are underdeveloped 
and disorganized. C) hiPSC-CMs rely on glycolysis, whereas adult CMs prefer fatty acid 
oxidation. D) hiPSC-CM action potential morphology is different from that of an adult CM. 
E) Calcium kinetics of hiPSC-CMs are slower compared to adult CMs. 
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Adult CMs are highly metabolically active cells due to the high demand of 
energy and ATP for proper heart function. Thus, adult CMs rely mostly on β-
oxidation of FAs for energy production, which is a robust and effective 
pathway for ATP production. The metabolism of hiPSC-CMs resemble more 
foetal CM, which rely mostly on glycolysis of glucose for ATP production 
(Ahmed et al., 2020; Hu et al., 2018; Ulmer & Eschenhagen, 2020). Moreover, 
adult CMs express more mitochondria, which also have higher cristae density 
and tubular network. Subsarcolemmal mitochondria are located close the 
sarcolemma, where the provide energy for electrolyte and metabolite transfer. 
Interfibrillar mitochondria on the other hand span the SR aligning with the 
sarcomeres where they provide ATP for SR Ca2+ uptake and the contractile 
system. However, in foetal and hiPSC-CMs, most mitochondria are 
perinuclear with lesser degree of cristae and tubular networking (Ulmer & 
Eschenhagen, 2020). 

hiPSC-CMs differ from adult CM also regarding gene expression, the gene 
expression profile resembling more first trimester foetal heart than adult heart 
(Robertson et al., 2013; van den Berg et al., 2015). Although hiPSC-CMs 
express mostly same genes as adult CMs, there are differences in the relative 
expression of the genes (Karakikes et al., 2015). For example, CMs express 
MYH6 and MYH7, which encode two isoforms of myosin heavy chain, alpha 
and beta, respectively. MYH7 is predominant in adult CMs, whereas MYH6 is 
predominant in hiPSC-CMs (Ahmed et al., 2020; Denning et al., 2016). In 
addition, TNNI1, TNNI2 and TNNI3 encode three troponin I isoforms, slow 
skeletal, fast skeletal and cardiac isoform, respectively. TNNI3 is highly 
expressed in adult CMs, whereas TNNI1 is the primary isoform in hiPSC-CMs 
(Ahmed et al., 2020; Bedada et al., 2014). A third saromeric protein expressed 
differentially in adult and hiPSC-CMs is titin, which also has three major 
isoforms encoded by N2B, N2BA and FCT genes. N2B is primarily expressed 
in adult CMs, while in hiPSC-CMs, the predominant isoform is N2BA (Ahmed 
et al., 2020; Denning et al., 2016). Furthermore, compared to hiPSC-CMs, 
adult CMs have significantly higher expression of several calcium handling 
related genes and ion channels (Ahmed et al., 2020; Denning et al., 2016; Rao 
et al., 2013). 

Methods to improve hiPSC-CM maturation 

Several methods have been introduced to improve the maturation of hiPSC-
CMs (Figure 8), however, none has yet been able to produce completely adult-
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like CMs. As the CM maturation from foetal to adult phenotype takes years in 
vivo, long term in vitro culture from half a year to one year has been utilized 
in inducing hiPSC-CM maturation (Lewandowski et al., 2018; Lundy et al., 
2013). Although hiPSC-CMs have shown improved morphological and 
structural properties, including larger size, increased myofibril density and 
sarcomere alignment, as well as improved physiology regarding calcium 
handling, such long culture periods are not feasible for research or for clinical 
applications (Lewandowski et al., 2018; Lundy et al., 2013). Topographical 
cues have been suggested for hiPSC-CM maturation, as cardiac tissue has high 
level of directional organization, whereas hiPSC-CMs exhibit disorganized 
sarcomere structure and round morphology. The use of topographical cues, 
such as microgrooves or textile fibres, aim to guide the growth of the hiPSC-
CMs in specific direction, inducing alignment of the cells and their 
sarcomeres. However, there have been controversial results on how 
topographical cues affect the functionality of the hiPSC-CMs, as some studies 
showed improvement in calcium handling (Rao et al., 2013) or contractile 
(Huethorst et al., 2016) properties of the hiPSC-CMs, whereas others did not 
(J. Han et al., 2016). 

In native myocardium, CMs are under constant electrical stimulus and 
mechanical loading, which also affects their functionality and maturation. 
Electrical and mechanical stimulation have been shown to improve hiPSC-
CM maturation regarding contractility, alignment and size, as well as SERCA2 
expression (Ruan et al., 2016). Furthermore, culture substrate stiffness affects 
hiPSC-CM maturation and culturing hiPSC-CMs on hydrogels with elastic 
modulus close to that of native cardiac tissue around 16 kPa has been shown 
to induce alignment of sarcomeres and improve calcium handling properties 
of the cells (Martewicz et al., 2017). Moreover, coculture with other cell types 
of cardiac tissue has been shown to induce hiPSC-CM improvements in their 
morphology, sarcomere alignment, expression of genes encoding structural 
properties as well as electrophysiological properties, when the hiPSC-CMs 
were cocultured in a preformed network of fibroblasts and endothelial cells 
(Vuorenpää et al., 2017). 

 



 

45 

 
Figure 8.  Several methods to induce hiPSC-CM maturation have been developed (adapted from 

(Ahmed et al., 2020) under CC BY license: https://creativecommons.org/licenses/by/4.0/). 
These include prolonged culture, media additives including hormones or additives guiding 
to preferred energy metabolism, coculture with other cell types, substrate stiffness and 
topographical cues, electrical or mechanical stimulation, in vivo maturation, and culture in 
3D. 

 

hiPSC-CM maturation can also be improved with modified chemical 
composition of the culture medium. Different medium additives include 
triiodothyronine, a thyroid hormone known to improve hiPSC-CM size, 
elongation, sarcomere length, calcium handling and contractility (Yang, 
Rodriguez, et al., 2014). The culture medium can also be modified to favour 
FA oxidation instead of glycolysis as the primary pathway for energy 
metabolism in hiPSC-CM, thus inducing metabolic maturation (Feyen et al., 
2020; Knight et al., 2021). This has been shown to further improve hiPSC-
CM physiological properties, electrophysiology and calcium handling (Feyen 
et al., 2020), as well as sarcomere morphology and contractility (Knight et al., 
2021). Lastly, in vivo transplantation to for example rat heart has been shown 
to induce accelerated maturation, the hiPSC-CMs adapting almost adult-like 



 

46 

function, structure, and gene expression. This indicates that the hiPSC-CMs 
have the capacity to mature to adult-like CMs in their natural environment. 
The mechanism of the in vivo maturation may involve electrical and 
mechanical stress, interaction and signalling with non-CMs of the cardiac 
tissue, as well as paracrine or endocrine signalling and other systemic factors 
including neurohormones and metabolic fuels (Kadota et al., 2017). 

2.3 Modelling ischemic heart disease 

The pathophysiology, mechanisms, and consequences of ischemic heart 
disease or ischemia-reperfusion injury are not yet fully understood (Lindsey 
et al., 2018). Thus, good IHD models are needed for modelling the disease and 
the injury mechanism both at cellular and tissue level, as well as for 
developing new interventions (Ytrehus, 2006). Currently animal models 
(Ludman et al., 2010), cell models (C. C. Chen et al., 2016; Hidalgo et al., 
2018; Ronkainen et al., 2011; J. Wei et al., 2015), isolated perfused hearts (S. 
B. Smith et al., 2017) and computational models (McDougal & Dewey, 2017) 
are used for modelling IHD. The advantages and disadvantages of these 
models have been extensively reviewed (Camacho et al., 2016; T. Chen & 
Vunjak-Novakovic, 2018; Emini Veseli et al., 2017; Harding, 2017; Milani-
Nejad & Janssen, 2014; Patten & Hall-Porter, 2009; Ytrehus, 2006) and 
recently, guidelines for conducting studies with the different animal and cell 
models have been published (Lindsey et al., 2018). 

2.3.1 In vivo models 

Animal models for cardiac ischemia-reperfusion are valuable in 
cardiovascular research and in preclinical studies, and include small animals 
such as mouse (Qiao et al., 2017), rat (Francis et al., 2017) and rabbit (Pennella 
et al., 2017), as well as large animals such as pig (Quevedo et al., 2009), dog 
(Damiano et al., 2015) and sheep (Ménard et al., 2005). Although animal 
models are frequently used in ischemia modelling, they have several 
disadvantages. In most cases, ischemia is modelled in healthy young animals 
and the ischemia is created by mechanically restricting the blood flow in the 
coronary arteries (Lindsey et al., 2018), whereas age is a known risk factor for 
IHD and atherosclerosis is known to develop over time (Hajar, 2017). There 
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are some genetically modified strains of mice and rabbit that spontaneously 
develop atherosclerosis (Emini Veseli et al., 2017), however, from the used 
animal models, they are physiologically the furthest from human (Lindsey et 
al., 2018). 

Due to differences in physiology between humans and animals, the studies 
should be repeated with several different animal models to discover whether 
the results are translatable across species, and even then the results must be 
translated to humans with caution (Milani-Nejad & Janssen, 2014). However, 
the usefulness of the results is still under debate, as for example 
pharmaceutical companies have had difficulties in reproducing results 
published even in highly regarded peer reviewed journals (Harding, 2017). 
Furthermore, the ethical problems related to animal models must be 
considered, and although animal experiments cannot be completely 
abandoned, they should be used only when necessary. Each animal model has 
their advantages and disadvantages (Table 1); however, several are based on 
the size of the animal. 

Larger animals have higher maintenance costs but more similar heart 
physiology and function to humans compared to smaller animals (Lindsey et 
al., 2018). They allow the use of similar techniques as for humans, whereas 
modifications or development of completely new techniques is required for 
small animals due to the size difference (Patten & Hall-Porter, 2009). 
However, faster gestation time, lower costs and the possibility for gene 
manipulation in smaller animals gives them a significant advantage as cardiac 
ischemia models (Camacho et al., 2016). Small animal models are typically 
used for studying mechanisms driving atherosclerosis that leads to myocardial 
infarction (MI) and IRI, whereas large animal models are required for 
translating these findings into enhanced prevention or intervention in humans 
(Emini Veseli et al., 2017), where the treatment effectiveness is typically 
evaluated by infarct size (Lindsey et al., 2018) Furthermore, initial testing is 
more easy to perform with small animal models, whereas large animal models 
are imperative for further confirming these results before human trials 
(Camacho et al., 2016). 
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Table 1.  Advantages and disadvantages of animal models of ischemic heart disease. 

Animal Advantages Disadvantages 

Large animals   

Pig + Heart resembles young human heart - More frequent ischemia-induced arrhythmias 
compared to humans 

- Collateral vessel growth 

 

Dog + Heart resembles older human heart - Excessive collateral vessel growth 

- Special approval required for experiments 

 

Sheep + Good resemblance to human heart 

 

- Some imaging techniques are difficult to apply 

Non-human 
primate 

+ Most similar to human heart - Ethical issues and high regulation 

- Special approval required for experiments 

Small animals   

Rabbit + More similar to human heart than 
mouse and rat 

 

+ Significantly lower maintenance 
costs than with large animals 

 

- Higher maintenance costs than with rat and 
mouse 

Rat + Ten times bigger heart than mouse 

 

- Not as many transgenic and knockout strains 

Mouse + Comparison to in vitro cell models 
and ex vivo perfused heart models 

+ No collateral vessel growth 

+ Well-defined genetic map 

+ Transgenic and knockout strains 

- Most remote cardiac contractile function and 
size compared to human 

- Small heart size makes handling difficult 

- Transgenic and knockout mice have higher 
costs and developmental defects can lead to 
death before birth 

 

Small animal models 

Mouse models of cardiac ischemia are attractive as they enable the comparison 
of in vitro and in vivo results, as mouse primary CMs and perfused hearts are 
frequently used for ischemia-reperfusion modelling (Ytrehus, 2006). 
Furthermore, mice, rats and rabbits have no coronary collaterals, which are 
characteristic for especially dog models, but less so in humans (Camacho et 
al., 2016; Lindsey et al., 2018). Coronary collaterals are connections between 
different coronary arteries providing an alternative source of blood supply 
when the primary artery supplying a region of the myocardium is blocked 
(Koerselman et al., 2003; Seiler et al., 2013). In humans, some individuals 
have well developed collaterals, whereas some do not. It has been estimated, 
that approximately one fifth to one third of coronary artery disease patients 
have sufficient collateral blood flow to prevent myocardial ischemia during a 
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brief occlusion (Seiler et al., 2013).  Furthermore, mice have a well-defined 
genetic map and can be genetically modified to produce knockout or 
transgenic individuals (Conci et al., 2006; Lindsey et al., 2018; Milani-Nejad 
& Janssen, 2014; Ytrehus, 2006), allowing evaluation of the function of a 
specific gene in the disease mechanism. However, the cardiac contractile 
function and heart size are most remote from humans (Camacho et al., 2016; 
Lindsey et al., 2018; Milani-Nejad & Janssen, 2014) and the short life-span 
can affect the disease development and phenotype (Milani-Nejad & Janssen, 
2014). In addition, the gene-modified animals require special facilities, which 
leads to higher costs, and the developmental defects in them can lead to death 
before birth (Conci et al., 2006). 

Rat and mouse models share many advantages and disadvantages; 
however, rat hearts are ten times bigger allowing easier handling of the heart 
(Patten & Hall-Porter, 2009). On the other hand, some study setups are limited 
by the lack of transgenic and knockout strains (Milani-Nejad & Janssen, 
2014). Together the mouse and rat models are the most used animal model for 
cardiac physiology, disease, pharmacology and genetics (Milani-Nejad & 
Janssen, 2014). For example, the development of ischemia can be studied in 
double knockout apoE-/-/LDLR-/- mouse strain spontaneously developing 
atherosclerosis (Tyrankiewicz et al., 2016). Rat models on the other hand have 
been used for example in testing interventions such as human placenta 
hydrogel (Francis et al., 2017) and CMX-2043 drug (Baguisi et al., 2016) for 
reducing scarring and decreasing IRI and arrhythmias, thus leading to 
improved recovery from ischemia-reperfusion injury. Another small animal 
model used for ischemia modelling is rabbit, which shares more similarities 
with human heart than rat and mouse, including heart rate, force-frequency 
response, expression of certain proteins and calcium handling. The 
maintenance costs are higher than with mouse and rat but still significantly 
lower than with large animals (Milani-Nejad & Janssen, 2014). Similarly to 
mouse and rat, rabbit models have been used for studying interventions such 
as stem cell therapy (Pennella et al., 2017) and drugs (Tanimoto et al., 2017) 
to improve IRI. 

Large animal models 

Pig is the most attractive large animal model, as they have similar organ size, 
coronary anatomy, immunology and physiology to young human heart 
(Camacho et al., 2016; Lindsey et al., 2018) as well as similar excitation-
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contraction coupling, heart rate and force-frequency relationship (Milani-
Nejad & Janssen, 2014). However, the more frequent ischemia-induced 
arrhythmias (Camacho et al., 2016) and increased collateral circulation 
compared to humans are considered disadvantages (Lindsey et al., 2018; 
Verdouw et al., 1998). Dog heart on the other hand resembles older human 
heart (Camacho et al., 2016), and has similar advantages and disadvantages to 
those with pigs with addition of more excessive collateral vessel growth 
(Camacho et al., 2016; Verdouw et al., 1998). Sheep models have similar 
advantages and disadvantages to pig models, however, some imaging 
techniques can be difficult to apply to sheep due to their gastrointestinal 
anatomy and thoracic contours limiting their utilization is specific applications 
(Dixon & Spinale, 2009). 

Although non-human primates have significant physiological, metabolic, 
biochemical and genetic similarities to humans (Camacho et al., 2016; Cox et 
al., 2017; Harding, 2017; Phillips et al., 2014; X.-L. Zhang et al., 2014), they 
are not widely used for modelling cardiac ischemia due to ethical issues, and 
their use is highly regulated (Emini Veseli et al., 2017). However, they usually 
are an essential part of translational research developing interventions to 
human diseases. Thus, they are often used in research with other animal 
models as the last step before human trials (Harding, 2017). Large animal 
models are typically used for verifying results from small animal studies 
before translation to humans (Emini Veseli et al., 2017). For example, pigs 
have been used to study the effect of cell therapy to chronic ischemic 
cardiomyopathy (Quevedo et al., 2009) and drug effects in hibernating 
myocardium model after coronary artery bypass graft surgery (Hocum Stone 
et al., 2016). Dogs have been used to model transient myocardial ischemia for 
drug testing (Damiano et al., 2015) and sheep have been used to study 
integration and differentiation of mouse ESCs in a MI model (Ménard et al., 
2005). 
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2.3.2 Ex vivo models 

Perfused isolated heart is simple, relatively low cost and reproducible method 
to model cardiac ischemia. The heart is removed from the animal and perfused 
with physiological saline solution, and continues to beat for several hours after 
removal (Lindsey et al., 2018; Skrzypiec-Spring et al., 2007; Ytrehus, 2006). 
The model allows studying IR without the effect of systemic blood circulation 
or circulating neurohormonal factors (Verdouw et al., 1998). Furthermore, it 
enables accurate measurement of infarct size and has capacity for higher 
throughput (Lindsey et al., 2018; Skrzypiec-Spring et al., 2007). 
Disadvantages include tissue oedema, limited stability, excessive coronary 
flow (Skrzypiec-Spring et al., 2007) and glucose being the sole energy source 
of the cells (Lindsey et al., 2018). Although large animal isolated hearts have 
been perfused, the most used and best characterized is rat heart model 
(Clements-Jewery et al., 2002; Farkas et al., 1999; Petkovic et al., 2018; 
Skrzypiec-Spring et al., 2007). In addition, mouse (Mattiazzi et al., 2015), 
rabbit (Salameh et al., 2018) and guineapig (Muto et al., 2014) have been used. 
Isolated perfused hearts are often used when studying intervention of chemical 
species on ischemic heart (Farkas et al., 1999; Muto et al., 2014; Petkovic et 
al., 2018; Salameh et al., 2018), but also to study mechanism of cardiac 
ischemia and IRI (Clements-Jewery et al., 2002; Mattiazzi et al., 2015). 

2.3.3 In vitro models 

In vitro models of ischemia include primary CMs harvested from humans or 
animals (T. Chen & Vunjak-Novakovic, 2018), and CMs differentiated from 
ESCs (Luo et al., 2014) or iPSCs (Hidalgo et al., 2018). Also, commercial 
cardiac-like cells that have either been immortalized or acquired from tumour 
samples are available. They all have advantages and disadvantages regarding 
acquiring and culturing as well as similarity to adult human CMs (Table 2) (T. 
Chen & Vunjak-Novakovic, 2018). Overall, advantages of the in vitro models 
include high throughput and control over the culture conditions, and the 
possibility to study hypoxia and reoxygenation without the intervention of 
other cell types or circulating factors. However, these models are considered 
to be reductionist and CM viability is the most commonly evaluated 
parameter, although does not necessarily predict the infarct size in vivo 
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(Lindsey et al., 2018). Moreover, there is large variation in the experimental 
setups, which can make the comparison of the studies difficult. 

Several parameters can be evaluated from in vitro cardiac ischemia models, 
such as contractile properties, proton accumulation and increased free cellular 
phosphate. In addition, arrhythmias due to partial depolarization, conduction 
delay or AP shortening are important regarding the CM functionality. The 
cause of CM death can be determined from in vitro models, including 
mitochondrial permeability transition, cytosolic calcium overload, caspases, 
hypercontraction and sarcolemma rupture (Ytrehus, 2006). However, the lack 
of common established setting for the experiments makes it difficult to 
compare results (Table 3). Cell sources include primary animal CMs form 
different animals, PSC-derived CMs and immortalized CM lines. 
Furthermore, hypoxia can be induced via low oxygen gas, oxygen scavengers 
or biochemical method (Kobuszewska et al., 2020), and the duration of the 
hypoxia and reoxygenation vary from a couple of minutes (Fernández-
Morales et al., 2019) to several days (Veldhuizen et al., 2022). The speed with 
which the hypoxia is achieved in the cell culture can vary from seconds (Liu 
et al., 2020) to hours (Välimäki et al., 2017), and the medium composition 
varies regarding the presence of serum and glucose (Hidalgo et al., 2018; Shah 
et al., 2019), as well as acidity (Fernández-Morales et al., 2019; Hidalgo et al., 
2018) and hyperkalemia (Diaz & Wilson, 2006). 
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Table 2.  Cell types used in modelling of myocardial ischemia and reperfusion. The goal in 
in vitro IR modelling is primary adult human CMs, however, they are not readily available due to 
difficult harvesting and poor survival in long term cultures. 

Cell type Advantages Disadvantages 

Human CMs   

hESC-CMs + Unlimited supply of human CMs 

+ Easy culture and acquiring 

- Immature 

- Ethical considerations 

 

hiPSC-CMs + Unlimited supply of human CMs 

+ Easy culture and acquiring 

+ Genetic disease cell lines 

+ Personalized medicine 

 

- Immature 

Commercial CM lines 
(HCM, AC16) 

+ Easy culture and acquiring - Proliferating 

Animal CMs   

Primary adult mouse 
and rat CMs 

+ Comparison to in vivo and ex vivo models - Interspecies differences 

- Requires harvesting 

- Difficult to culture 

- Ethical considerations 

 

Primary neonatal 
mouse and rat CMs 

+ Comparison to in vivo and ex vivo models 

+ Better survival in in vitro compared to primary 

   adult CMs 

- Interspecies differences 

- Immature 

- Requires harvesting 

- Ethical considerations 

 

Mouse and rat iPSC-
CMs 

+ Easy culture and acquiring - Interspecies differences 

- Immature 

 

Immortalized CM lines 
(H9c2 and HL-1) 

+ Easy culture and acquiring - Interspecies differences 

- Proliferating 
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Human CMs 

Human adult CMs are the goal in in vitro ischemia modelling. However, 
primary human CMs are not readily available, as the only way for acquiring 
these cells is harvesting them from adult human hearts. In addition, they are 
difficult to dissociate into single cells and have poor survival over long culture 
periods (Sharma et al., 2015; Yang, Pabon, et al., 2014). hiPSCs as well as 
human ESCs (hESCs) can be differentiated into CMs providing an unlimited 
source of human CMs. However, as established before, CMs produced this 
way are developmentally immature (A. S. T. Smith et al., 2017), and 
especially the immature energy metabolism relying on glycolysis makes 
hiPSC-CMs more resistant to hypoxia and reoxygenation injury (Hidalgo et 
al., 2018), making it difficult to transfer the results to clinical situation 
(Ytrehus, 2006). 

Hidalgo and co-workers used metabolically matured hiPSC-CMs to model 
ischemia and reperfusion in vitro. The maturation was done by depriving the 
hiPSC-CMs of glucose while adding galactose to enhance long-chain FA 
oxidation in the mitochondria. Ischemia was mimicked by inducing hypoxia 
in low pH (6.2) medium that was deprived of nutrients and oxygen and by 
placing the cells to 0% oxygen incubator for two hours. After this reperfusion 
was mimicked by providing the cells oxygenated medium containing glucose 
with pH adjusted to 7.4 and placed the cells to 20% oxygen incubator for four 
hours. Comparison of the non-maturated and maturated hiPSC-CMs showed 
that the release of lactate dehydrogenase, an indication of cell death, was 
increased from approximately 5% up to 30% indicating that the maturated 
hiPSC-CMs were more susceptible to IR injury (Hidalgo et al., 2018). 

Luo and co-workers studied the survival of hESC-derived CMs in hypoxic 
conditions with and without preconditioning with cobalt protoporphyrin 
(CoPP), which could be utilized in improving the survival of hESC-CMs 
transplanted to ischemic area of the heart in MI patients. CoPP is a 
transcriptional activator of heme oxygenase-1 known to have a protective 
effect in CMs exposed to hypoxia. In this study, Luo and co-workers 
pretreated hESC-CMs in CoPP for 24 hours under normoxic conditions, after 
which they exposed the cells to 0.5% oxygen for 16 hours and 21% oxygen 
for 24 hours. They showed that heme oxygenase-1 expression was increased 
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in CoPP preconditioned hESC-CMs and their survival was improved in IR 
compared to control group (Luo et al., 2014). 

Veldhuizen and co-workers developed a microfluidic heart-on-a-chip 
model utilizing 3D anisotropic cardiac tissue construct consisting of hiPSC-
CMs and fibroblasts cultured in a collagen-based hydrogel for modelling IRI. 
1% oxygen hypoxia was induced for 24 hours, after which samples were 
collected or continued to 1- or 24-hour reoxygenation. They observed that the 
cardiac tissue construct reproduced several responses of myocardial ischemia, 
including tissue fibrosis, tissue contraction dysregulation, upregulation of 
hypoxia-response genes, downregulation of contractile-specific genes as well 
as transcriptomic pathway regulation of hypoxic tissue. Furthermore, during 
reoxygenation, cell toxicity, contractile irregularities and reestablishment of 
lactate levels and gene expression were observed, as is characteristic to 
reperfusion injury (Veldhuizen et al., 2022). 

Commercially available human CM cell lines used in modelling MI include 
Human Cardiac Myocytes (HCMs) by PromoCell (C. C. Chen et al., 2016) 
and AC16 Human Cardiomyocyte Cell Line (Casals et al., 2009). HCMs are 
primary cells harvested from normal human adult heart ventricle tissue of 
patients who underwent heart transplantation. These cells are cardiac 
progenitor cells that unlike adult CMs are still able to proliferate and can be 
passaged up to 8 times. The cells can be cultured for long term in in vitro 
conditions unlike adult human primary CMs. AC16 line is another 
proliferating human CM-like line that is created from primary human adult 
CMs by fusing the primary CMs with SV40 transformed fibroblasts (Davidson 
et al., 2005). 

Chen and co-workers used HCMs to study the effect of caffeic acid 
phenethyl ester on expression of connexin 43 under hypoxic conditions as 
connexin 43 is known to have a role in regulating heart function in hypoxia. 
They cultured the cells in 1% oxygen conditions for 30 minutes and observed 
an increase in connexin 43 expression and CM survival when they were 
exposed to caffeic acid phenethyl ester (C. C. Chen et al., 2016). Casals and 
co-workers studied the effect of hypoxia on release of B-type natriuretic 
peptide (BNP) hormone in AC16 cells, as BNP has significant cardio-
protective properties. In this study, normoxia was defined as 21% oxygen and 
hypoxia as 5% oxygen. The BNP release was shown to increase gradually 
during hypoxia and was 2–3-fold higher in hypoxic CMs compared to control. 
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Furthermore, increase in BNP mRNA expression was observed, indicating 
changes in the transcriptional level. It was known that BNP levels increase in 
MI, but this study showed that the mechanism of BNP release is oxygen-
mediated (Casals et al., 2009). 

Animal cardiomyocytes 

Using animal primary cell models has several advantages over adult human 
CMs. For example, they are more easily harvestable and the results from the 
cell experiments can be compared to results from in vivo settings without a 
change in the species. However, species difference makes it difficult to 
compare the results from animal and animal cell models to the actual clinical 
situation in human patients. Mostly rat and mouse primary CMs are used, but 
also rabbit cells have been studied. For research purposes, the cells are often 
harvested from neonatal (J. Wei et al., 2015) or embryonic (Ronkainen et al., 
2011) stage animals. However, especially adult primary CMs have poor 
survival in in vitro culture conditions, although neonatal and embryonic CMs 
remain viable for longer (Ehler et al., 2013). There are also commercial 
immortalized CM-like cell lines, such as rat H9c2 line (Kuo et al., 2015; Tong 
et al., 2013; Yu et al., 2015) and mouse HL-1 line (Kuznetsov et al., 2015), as 
well as commercial animal ESC-lines, such as mouse P19 EC (Parameswaran 
et al., 2013). 

H9c2 and HL-1 cells are both frequently used in in vitro ischemia studies. 
Kuznetsov and co-workers determined differences in metabolism and 
mitochondrial function as well as the sensitivity of the cells to IR. They 
observed significant differences mitochondrial organization, beta tubulin II (a 
regulator of cardiac energy metabolism) expression and localization, ATP 
levels, and activity of citrate synthase (a mitochondrial marker enzyme). In 
addition to the general differences in energy metabolism, significantly lower 
viability and decreased mitochondrial respiration after hypoxia and 
reoxygenation were observed in H9c2 cells compared to HL-1 cells. These 
evidence indicated that H9c2 cells are more similar to adult CMs and more 
susceptible to IRI than HL-1 cells, thus making them a better model for MI 
(Kuznetsov et al., 2015). Yu and co-workers studied the role of S100A1 
calcium sensor protein in the inflammatory response of CMs during hypoxia 
and found that it activates the inflammatory response in H9c2 cells via 
TLR/ROS/NF-κB signal pathway. In this study, ischemia was mimicked by 
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inducing hypoxia for 6 hours using oxygen binding enzyme oxyrase in 0% 
oxygen incubator (Yu et al., 2015). 

Liu and co-workers developed a microfluidic chip incorporating intra- and 
extracellular bioelectronics for evaluating cardiac electrophysiology during 
hypoxia (Liu et al., 2020). In their chip, hypoxia was achieved within seconds, 
and the chip allowed continuous monitoring of extracellular field potentials of 
the CMs, whereas intracellular AP-like signals could be recorded with the 
intracellular bioelectronics via transient electroporation. They showed HL-1 
cells to reproduce several electrophysiological changes characteristic to IR, 
including tachycardia, arrhythmias, and decreased conduction velocity. Their 
microfluidic chip was also capable of multiplexing, allowing high-throughput 
data collection of electrophysiological properties of the CMs on the chip (Liu 
et al., 2020). Primary mouse embryonic CMs were utilized by Ronkainen and 
co-workers in a study evaluating the effects of hypoxia to calcium handling of 
CMs (Ronkainen et al., 2011). They observed decrease in SERCA2a protein 
expression in CMs cultured in 1 % oxygen gas mixture for 24 hours. They also 
noticed differences in the calcium transients of the cells, which can be one 
reason of the functional depression of CMs upon ischemia (Ronkainen et al., 
2011). 
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3 AIMS OF THE STUDY 

The main aim of this thesis was to establish an in vitro model of ischemic heart 
disease using hiPSC-CMs. hiPSC-CMs are known to express more foetal than 
adult CM phenotype, which has been shown to affect their utilization in 
modelling ischemia-reperfusion injury. Thus, this thesis focused on finding 
similarities between hiPSC-CM and adult CM responses to hypoxia and 
reoxygenation. Another aspect considered in this thesis is the maturation of 
the hiPSC-CMs, and development of cardiac innervation model for disease 
modelling and drug screening applications. The specific aims for each study 
were as follows: 

1. Induce hiPSC-CM maturation by culturing them on polyethylene 
terephthalate textiles (study I). 

2. Establish a cardiac innervation model by coculturing hiPSC-CMs 
and hiPSC-neurons in compartmentalized microfluidic chip, which 
allows only axon-mediated interaction between the CMs and the 
neurons (study II). 

3. Establish a model of ischemic heart disease utilizing hiPSC-CMs 
by optimizing the disease conditions and characterize the hiPSC-
CM response to hypoxia and reoxygenation (studies III and IV). 

4. Compare the hiPSC-CM response to chronic and acute hypoxia and 
reoxygenation (studies III and IV), and more comprehensively 
characterize the hiPSC-CM electrophysiological response to acute 
hypoxia-reoxygenation (study IV). 
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4 MATERIALS AND METHODS 

4.1 Ethical considerations 

In this study, hiPSC lines produced in Heart Group (BioMediTech, Tampere 
University) were used. Heart Group has the permission of the ethics 
committee of Pirkanmaa Hospital District for generating hiPSC lines from 
skin biopsies collected from donors (Aalto-Setälä R08070) and for cardiac 
differentiation of the hiPSCs (Aalto-Setälä R12123) and Neuro Group for 
neuronal differentiation of the hiPSCs (Narkilahti R05116). All donors gave a 
signed informed consent. 

4.2 Cell culture and differentiation 

4.2.1 Human induced pluripotent stem cells 

Four control hiPSC-lines produced from donor cells of four healthy 
individuals were used in the studies of this thesis, including UTA.04602.WT 
(studies I–IV), UTA.10212.EURCCS (study II), UTA.11311.EURCCS (study 
IV) and UTA.10211.EURCCS (study IV). The hiPSCs lines UTA.04602.WT, 
UTA.10211.EURCCS and UTA.11311.EURCCS were expanded and 
maintained on mouse embryonic fibroblast (MEF) feeder cells (Merck-
Millipore, Burlington, MA, USA) in KSR medium containing KnockOut 
DMEM with 10% KnockOut Serum Replacement, 1% MEM NEAA, 1% 
GlutaMAX, 0.2% β-mercaptoethanol (all from Gibco, Thermo Fisher 
Scientific, Waltham, MA, USA) and 0.5% Penicillin/streptomycin (Lonza, 
Basel, Switzerland). The hiPSC line UTA.10212.EURCCS was maintained 
and expanded on human foreskin fibroblast (HFF) feeder cells (ATCC, 
Manassas, VA, USA) in DMEM (Gibco) containing 20% KnockOut Serum 
Replacement and 0.1% Penicillin/streptomycin. 
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4.2.2 Differentiation 

Cardiac differentiation 

Small molecule differentiation (Lian et al., 2013) was used in study I for 
cardiac differentiation. The hiPSCs were transferred from MEFs to feeder-free 
culture on Geltrex-coated (Gibco) 6-well plates and maintained in mTeSR1 
medium (STEMCELL Technologies, Vancouver, Canada) containing 0.5% 
Penicillin/streptomycin. Before starting the differentiation, the hiPSCs were 
transferred to Geltrex-coated 12-well plates and cultured in mTeSR1 medium 
until 100% confluent (day 0). The differentiation was initiated by changing 
the medium to insulin-free RPMI/B27 (Gibco) supplemented with 8 µM 
CHIR99021 (BPS Bioscience, San Diego, CA, USA) and 0.5% 
Penicillin/streptomycin. After 24 hours, fresh insulin-free RPMI/B27 medium 
was exchanged to the cells. On differentiation day 3, half of the old medium 
was collected from each well and mixed to the same volume of fresh insulin-
free RPMI/B27 medium. The medium was supplemented with 5 µM IWP-4 
(Tocris, Bristol, UK). Rest of the old medium was aspirated and IWP-4 
containing medium was added to the cells. Days 5 and 7 of differentiation, all 
medium was exchanged to fresh insulin-free RPMI/B27 medium, and from 
day 10 forward, half of the medium was changed to insulin containing 
RPMI/B27 medium (Gibco) three times a week. 

Embryoid body differentiation (Prajapati et al., 2021) modified from 
protocols by Karakikes and co-workers (Karakikes et al., 2014) and Lian and 
co-workers (Lian et al., 2013) was used in studies II–IV for cardiac 
differentiation. On day 0 of differentiation, the hiPSCs were transferred from 
MEFs to ultra-low attachment 6-well plates in mTeSR1 medium 
supplemented with 5 µM Blebbistatin (Sigma-Aldrich, Saint Louis, MO, 
USA) and 0.5% Penicillin/streptomycin to form embryoid bodies. On day 1, 
all medium was exchanged to insulin-free RPMI/B27 supplemented with 5 
µl/ml Ascorbic Acid (Sigma-Aldrich), 10 ng/ml BMP4 (R&D Systems, 
Minneapolis, MN, USA) and 25 ng/ml Activin A (PeproTech, Rocky Hill, NJ, 
USA). On day 3, all medium was exchanged to insulin-free RPMI/B27 
supplemented with 5 µg/ml Ascorbic Acid, and on day 4, all medium was 
exchanged to insulin-free RPMI/B27 supplemented with 2.5 µM IWP-4. On 
day 7, all medium was exchanged to insulin-free RPMI/B27 and from day 9 
forward, half of the medium was exchanged three times a week. From day 11 
on, medium was changed to insulin containing RPMI/B27 medium. 
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Neuronal differentiation 

Before neuronal differentiation (Hyvärinen et al., 2019), hiPSCs were 
transferred from HFFs to feeder-free culture on 15 µg/ml human recombinant 
laminin-521 (BioLamina, Sundbyberg, Sweden) in E8 medium (Gibco) 
supplemented with 0.1% Penicillin/streptomycin. On day 0 of differentiation, 
hiPSCs were seeded on laminin-521 in E8 medium containing 10 µM ROCK 
Inhibitor (Sigma-Aldrich). Neural maintenance medium containing 1:1 
DMEM/F12 with GlutaMAX and Neurobasal, 0.5% N2, 1% B27 with 
Retinoic Acid, 0.5 mM GlutaMAX, 0.5% NEAA, 50 µM β-mercaptoethanol 
(all from Gibco), 2.5 µg/ml Insulin (Sigma-Aldrich) and 0.1% 
Penicillin/streptomycin was used as the basal medium. During the neural 
induction stage on days 1–12, the medium was exchanged daily to neural 
induction medium, which was the neural maintenance medium supplemented 
with 100 nM LDN193189 and 10 µM SB431542 (both from Sigma-Aldrich). 
On day 12, the cells were detached with StemPro Accutase (Gibco) and seeded 
on 100 µg/ml poly-L-ornithine (PLO) (Sigma-Aldrich) on laminin-521 in the 
neural induction medium supplemented with 10 µM ROCK Inhibitor. On days 
13–25 neural proliferation medium (maintenance medium supplemented with 
20 ng/ml fibroblast growth factor) was exchanged daily to induce neural 
proliferation. The neural progenitor cells were passaged with StemPro 
Accutase and seeded in neural proliferation medium supplemented with 10 
µM ROCK Inhibitor on days 17, 21 and 25. On day 26, the medium was 
changed to neural maturation medium (neural maintenance medium 
supplemented with 20 ng/ml brain-derived neurotrophic factor (R&D 
Systems), 10 ng/ml glial-derived neurotrophic factor (R&D Systems), 500 µM 
dibutyryl-cyclicAMP (Sigma-Aldrich) and 200 µM Ascorbic Acid) and the 
medium was exchanged three times a week. 

4.2.3 Magnetic activated cell sorting 

Magnetic activated cell sorting (MACS) was performed for hiPSC-CMs on 
day 21–27 of differentiation to improve cardiomyocyte purity before the 
experiments in all studies. First, the cells were dissociated with MultiTissue 
Dissociation Kit 3 (Miltenyi Biotec, Bergisch Gladbach, Germany) according 
to kit instructions. The cells were washed with 1×PBS (Lonza) and incubated 
at 37 °C for 10 min in Buffer X containing 10% Enzyme T provided by the 
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kit. Equal volume of 20% EB medium (KnockOut DMEM containing 20% 
FBS (Gibco), 1% GlutaMAX, 1% MEM NEAA, and 0.5% 
Penicillin/streptomycin) was added to the cells, and the cells were suspended 
into single cells and transferred to a Falcon tube. 

MACS was performed with PSC-Derived Cardiomyocyte Isolation Kit, 
human (Miltenyi Biotec) according to kit instructions. The cells were 
centrifuged at 200×g for 5 min at 4°C and the medium was aspirated. The cells 
were incubated in 1:5 Non-Cardiomyocyte Depletion Cocktail and MACS 
buffer (1×PBS containing 0.5% BSA (Sigma-Aldrich), 2 mM EDTA (Sigma-
Aldrich), pH balanced to 7.2) at 4 °C for 5 min (100 µl of solution/5 million 
total cells). The cell suspension was washed with 1×PBS and centrifuged at 
200×g for 5 min at 4°C. 1 ml MACS buffer was added, and the cells were 
centrifuged as before. The supernatant was aspirated, and the cells were 
incubated in 1:5 Anti-Biotin Microbeads and MACS buffer at 4 °C for 10 min. 
The LS Column attached to MACS Separator magnet was rinsed with MACS 
buffer and the cell suspension was applied onto the column. The column was 
rinsed three times with MACS buffer and the flowthrough containing the CMs 
was collected. The cell suspension was centrifuged once more, and the cells 
were resuspended to prewarmed 20% EB medium and were ready for seeding. 

4.3 Polyethylene terephthalate textiles 

4.3.1 Textile preparation 

Polyethylene terephthalate textiles were used in study I aiming to improve 
hiPSC-CM maturation. The PET textiles were woven by narrow-weaving, and 
had aligned fibres as warps in their structure, whereas perpendicular to the 
warps the wefts formed the textile structure. The textile pattern was inhouse 
developed plain-weave derivative and produced at Tampere University of 
Technology from commercial yarn (Finn-Nauha Oy, Haapamäki, Finland). 
The textiles were 9 mm wide and heat treated before experiments to stabilize 
the textile structure. The textiles were cut into 7–8 mm pieces and sterilized 
for cell culture by soaking them into 70% ethanol. After the textiles had dried, 
they were coated with a thin layer of 0.1% gelatine (Type A Porcine Gelatine 
(Sigma-Aldrich) dissolved into 1×PBS to form 0.1% solution) for one hour at 



 

64 

room temperature (RT) to improve cell attachment without compromising the 
textile topography. Excess coating was aspirated just prior the cell seeding. 

4.3.2 Cell culture on textiles 

After MACS, small molecule differentiated hiPSC-CMs were seeded on the 
gelatine coated PET textiles. 175 000 cells were seeded on the textile pieces 
as well as on 13 mm glass coverslips coated with 0.1% gelatine and used as 
control samples. The hiPSC-CMs were cultured for 11 days in 20% EB 
medium, changing half of the medium three times a week. After the culture 
on the textiles or coverslips, the samples were collected for 
immunocytochemical staining and RT-qPCR. For qPCR, samples from 
coverslips were collected also one day after seeding the cells. 

4.4 Coculture of neurons and cardiomyocytes on 3D3C chip 

4.4.1 3D3C chip preparation 

In study II, hiPSC-neurons and hiPSC-CMs were cocultured on 3D3C chip 
that isolates the neuronal somas to one cell culture compartment and allowing 
only the neuronal axons to grow from the one compartment to the next via 
connecting microtunnels. This enables modelling axon-mediated interaction 
between the neurons and CMs (Ristola et al., 2019, 2021). The 3D3C chip is 
a PDMS-based compartmentalized microfluidic chip consisting of three 
separate cell culture compartments connected in series via microtunnels. Each 
cell culture compartment has its own medium chamber, allowing the culture 
of each cell type in their respective medium. The chip consists of two PDMS 
parts; the lower cell culture part contains the cell culture compartments and 
the microtunnels, whereas the top medium chamber part contains the separate 
medium chambers for each cell culture compartment. The cell culture part is 
attached on glass coverslip and the medium chamber part is attached on top of 
the cell culture part. 

The 3D3C chips were prepared for coculture by coating HCl-washed 
22×22 mm coverslips with 0.25 mg/ml PLO for 1.5 hours at 37 °C and 
washing them with sterile H2O three times. After airdrying, the chips were 
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stored at 4 °C. The 3D3C chips were treated with polyvinylpyrrolidone and 
sterilized by soaking into 70% ethanol. After airdrying, the chips were 
attached on the PLO-treated coverslips. 30 µg/ml laminin-521 was used to 
coat the side cell culture compartments for neuronal culture, whereas 0.1% 
gelatine was used to coat the middle compartments for cardiomyocytes. The 
coating was done for overnight at 4 °C. 

4.4.2 Coculture of neurons and cardiomyocytes 

On day 32 of neuronal differentiation, 40 000 hiPSC-neurons were seeded to 
one side compartment of the 3D3C chips. The neurons were detached using 
StemPro Accutase and seeded to the 3D3C chips in the neural maturation 
medium supplemented with 10 µM ROCK Inhibitor. The hiPSC-neurons were 
cultured on the 3D3C chips for one week before seeding the hiPSC-CMs to 
allow axonal growth from the neuronal compartment to the middle 
compartment and during that time, the neural maturation medium was used in 
all compartments. 3 000–4 000 MACS-sorted hiPSC-CMs were seeded in 
20% EB medium to the middle compartment one week after seeding the 
neurons. During the coculture, neural maturation medium was exchanged to 
both side compartments, whereas 20% EB medium was exchanged to middle 
cardiac compartment three times a week. The cells were cocultured on the 
3D3C chips for 2 or 4 weeks, with a few cocultures followed up to 8 weeks. 

As control samples, hiPSC-neurons and hiPSC-CMs were cultured 
separately on plastic and MatTek 48-well plates. The 48-well plates were 
coated similarly as the 3D3C chips, except 0.1 mg/ml PLO with 1 hour 
incubation and 15 mg/ml laminin-521 was used for coating the wells for 
neuronal culture. Cardiomyocytes were cultured on 0.1% gelatine coating. 
hiPSC-neurons were cultured in neural maturation medium and hiPSC-CMs 
on 20% EB medium, and the medium was exchanged three times a week. The 
2D monocultures were continued for as long as the cocultures. 

4.4.3 Neuronal stimulation and cardiomyocyte video recording 

To evaluate the functionality of the interaction between the hiPSC-neurons 
and hiPSC-CMs, the neurons were stimulated with high-K+ extracellular 
solution after 2 or 4 weeks of coculture. The high extracellular K+ is known to 
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induce neural depolarization, and the extracellular solution consisted of 93 
mM NaCl, 10 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid 
(HEPES), 10 mM D-glucose, 50 mM KCl, 1.25 mM NaH2PO4, 2 mM CaCl2 
and 1 mM MgCl2 (pH adjusted to 7.4 with NaOH). hiPSC-CM contraction 
was recorded for baseline before the neuronal stimulation (1. rec), during 
medium change to the neuronal compartment to evaluate the effect of liquid 
change to the hiPSC-CM functionality (2. rec), during high-K+ stimulation of 
the neurons to evaluate the immediate response of the hiPSC-CMs (3. rec) and 
after approximately 2 minutes of the neuronal stimulation as a follow-up (4. 
rec). Furthermore, hiPSC-CM response to direct exposure to the high-K+ 
solution in monoculture was recorded as control. The videos were analysed 
for peak-to-peak time, time-to-peak, relaxation time and contraction duration 
(10% above baseline) using MUSCLEMOTION (Sala et al., 2018). After the 
neuronal stimulation, the samples were collected for immunocytochemical 
staining and RT-qPCR. 

4.5 Modelling ischemia and reperfusion 

4.5.1 Seeding cardiomyocytes on 1-wells on glass and microelectrode array 

In studies III and IV, MACS-sorted hiPSC-CMs were seeded on PDMS 1-
wells attached on glass or microelectrode arrays (60MEA200/30iR-Ti, 8×8) 
(Multichannel Systems MCS GmbH, Reutlingen, Germany). In study III, the 
glass and MEA substrates were coated with 0.1% gelatine for 1.5 hours at RT, 
whereas in study IV the substrates were coated with 2% Geltrex (Geltrex stock 
solution mixed to KnockOut DMEM to form 2% solution). Approximately 
95 000 cells/cm2 were seeded in 20% EB medium on the 1-wells on glass and 
MEA to form hiPSC-CM sheets. The cells were cultured for 7–9 days before 
starting the hypoxia and reoxygenation experiments, and half of the of 20% 
EB medium was exchanged to fresh three times a week. On the day before the 
experiments, the whole medium was exchanged to serum- and glucose free 
medium (glucose-free DMEM (Gibco) supplemented with 1% MEM NEAA, 
1% GlutaMAX and 0.5% Penicillin/streptomycin) for all samples. Glucose-
free medium was used as it is known that glucose improves CM survival under 
hypoxia (Jovanović et al., 2006; Laubriet et al., 2001). 
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4.5.2 OxyGenie and 1-well assembly for control of oxygen partial pressure 

OxyGenie (The Baker Company, Sanford, ME, USA) was used to induce 
hypoxia and reoxygenation for 1-well assemblies on glass (Figure 9A) 
(Kreutzer et al., 2016, 2017; Metsälä et al., 2018). OxyGenie allows the 
induction of hypoxia or reoxygenation for six parallel samples simultaneously. 
1-well assembly consists of the 1-well on glass or MEA, Cover and Cover 
lock, as well as Lid and Lid lock (Figure 9B). This airtight chamber allows the 
precise control of oxygen partial pressure in the cell culture, as well as 
collection of the samples one by one, thus minimizing the time the samples 
are exposed to ambient air during sample collection. In study III, solid glass-
made lid (Figure 9C) was used for modelling chronic IR, whereas in study IV, 
hollow Acute lid covered with gas permeable polyethylene membrane (Figure 
9D) was used for modelling acute IR as it allows rapid change in the oxygen 
partial pressure due to the proximity of the membrane and the cells (500 µm). 

 

 
Figure 9.  OxyGenie and 1-well assembly with different Lid options. A) OxyGenie was used to 

induce hypoxia and reoxygenation to 1-well assemblies on glass and enables simultaneous 
exposure of six parallel samples. B) 1-well assembly consists of 1-well on glass or MEA, 
Cover, Cover lock, Lid and Lid lock. The assembly is airtight allowing precise control over 
the oxygen partial pressure in the cell culture. C) Solid glass-made lid was used in the 
modelling of chronic ischemia-reperfusion. D) Hollow Acute lid covered with gas permeable 
polyethylene membrane was used in the modelling of acute ischemia-reperfusion. 

4.5.3 Modelling chronic ischemia and reperfusion 

For modelling of chronic ischemia and reperfusion in study III, solid glass-
made lids were used with the 1-well assemblies. 1-well assemblies on glass 
were connected to OxyGenie and 0% O2 5% CO2 95% N2 (hypoxic) gas was 
used to induce hypoxia for 8 or 24 hours. After the hypoxia, samples were 
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either collected as hypoxia end point samples (8h H and 24h H) or continued 
to reoxygenation using 19% O2 5% CO2 76% N2 (normoxic) gas for 24 hours 
(8h HR and 24h HR). The control samples were kept in a standard humidified 
CO2 incubator inside Petri dishes but without the Lids and Covers for the 
duration of the hypoxia and hypoxia-reoxygenation experiments. Control 
samples for 8h and 24h hypoxia samples were collected after the hypoxia 
period (8h CH and 24h CH) and control samples for the 8h and 24h hypoxia-
reoxygenation were collected after the hypoxia-reoxygenation period (8h CHR 
and 24h CHR). After the experiments, the samples were collected one by one 
for immunocytochemical staining, western blotting or RT-qPCR. 

After changing the serum- and glucose-free medium, the 1-well assemblies 
on MEA were connected to the recording system and normoxic gas for 
overnight baseline recording of the hiPSC-CM field potentials. On the next 
day, hypoxia was induced for 24 hours using the hypoxic gas, after which 
reoxygenation was induced for another 24 hours using the normoxic gas. 

4.5.4 Modelling acute ischemia and reperfusion 

For modelling of acute ischemia and reperfusion in study IV, Acute lids were 
used with the 1-well assemblies. 1-well assemblies on glass were connected 
to OxyGenie and hypoxic gas was used to induce hypoxia for three hours. 
After the hypoxia, samples were either collected as hypoxia end point samples 
(H), or reoxygenation was induced to the samples using normoxic gas for 24 
hours (HR). The control samples were kept in a standard humidified CO2 
incubator inside Petri dishes but without the Lids and Covers for the duration 
of the experiments. Hypoxia control (CH) samples were collected after the 3-
hour hypoxia, whereas hypoxia-reoxygenation control (CHR) samples were 
collected after 3-hour hypoxia and 24-hour reoxygenation. After the 
experiments, the samples were collected one by one for immunocytochemical 
staining, western blotting or RT-qPCR. 

Similar to chronic hypoxia-reoxygenation, the 1-well assemblies on MEA 
were connected to the recording system and normoxic gas for overnight 
baseline recording immediately after changing the serum- and glucose-free 
medium. On the next day, hypoxia was induced for three hours using the 
hypoxic gas, after which reoxygenation was induced for 24 hours using the 
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normoxic gas. Figure 10 presents the timeline for the experiments for both 
chronic and acute hypoxia-reoxygenation. 

 

 

Figure 10.  Timeline for chronic and acute hypoxia-reoxygenation experiments. The samples were 
connected to OxyGenie and hypoxia was induced for 8 or 24 hours in chronic experiments, 
or 3 hours in acute experiments. After hypoxia, the samples were either collected (H) or 
continued to reoxygenation (HR) for 24 hours. Control samples were kept in normoxic 
conditions in a standard incubator for the duration of the hypoxia (CH) or hypoxia-
reoxygenation (CHR). 

4.5.5 Measurement of oxygen partial pressure 

Oxygen partial pressure was measured to evaluate the oxygen dynamics in the 
samples as well as to compare the electrophysiological response of the hiPSC-
CMs to the changing pO2 during hypoxia and reoxygenation. pO2 was 
measured with a luminescence-based sensor with a biocompatible sensing 
material (Rajan et al., 2018; Välimäki et al., 2017, 2020) attached to the MEA 
disk close to the middle electrode area where the cells were cultured, allowing 
the pO2 measurement directly from the cell culture. In study III, pO2 was 
measured once every minute, which was sufficient to monitor the slower 
oxygen dynamics of the glass Lid. In study IV, pO2 was measured every 15 
seconds to monitor the rapid changes in the oxygen partial pressure allowed 
by the Acute lid. After the cell experiments, the measurements were calibrated 
using the same MEA after detaching the cells. 
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4.6 Microelectrode array 

4.6.1 Field potential recording 

The microelectrode arrays used in studies III and IV were 60MEA200/30iR-
Ti, 8×8 (Multichannel Systems MCS GmbH). Multichannel Experimenter 
(Multichannel Systems MCS GmbH) was used to record hiPSC-CM field 
potentials during baseline, hypoxia and reoxygenation. The 1-well assemblies 
on MEAs were placed on MEA2100 System (sampling frequency 25 kHz) or 
on MEA2100 Lite System (pO2 samples, sampling frequency 20 kHz) and 
connected to normoxic gas for overnight baseline recording. On the following 
day, hypoxia was induced using the hypoxic gas for 24 hours in study III and 
for three hours in study IV. After hypoxia, reoxygenation was induced for 24 
hours in both studies. 

In study III, baseline was recorded for one minute every hour, whereas 
during hypoxia and reoxygenation, the recording was done for one minute 
every 30 minutes. In study IV, baseline was recorded for one minute every 
hour, except for the last hour before initiating the hypoxia, when one minute 
every five minutes was recorded. For the first 30 minutes of the hypoxia, one 
minute every other minute was recorded, after which, one minute every five 
minutes was recorded until one hour of hypoxia. For the last two hours of 
hypoxia, one minute every ten minutes was recorded. The first three hours of 
reoxygenation were recorded as the three hours of hypoxia, after which one 
minute every 30 minutes was recorded. For the pO2 samples in study IV, the 
recording protocol was slightly different. The baseline was recorded similarly 
as with the other MEA samples, but the hypoxia and first three hours of 
reoxygenation were recorded for one minute every five minutes. After this, 
the rest of the reoxygenation period was recorded one minute every 30 
minutes. 

4.6.2 Field potential analysis 

The analysis of the recorded MEA data was done using inhouse developed 
scripts. Beating frequency, field potential duration, depolarization time and 
depolarization amplitude were analysed using MATLAB (MathWorks, Inc., 
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Natick, MA, USA), whereas field potential propagation was analysed using R 
(R Foundation for Statistical Computing, Vienna, Austria). 

For the MATLAB analysis, the recorded files were converted from MSRD 
to HDF5 using Multichannel DataManager (Multichannel Systems MCS 
GmbH) and five electrodes with strong baseline signal were chosen from each 
MEA sample for the analysis. Beating frequency was normalized to mean 
beating frequency of the three baseline values recorded just before initiating 
hypoxia, to be able to better compare the results despite the variation of the 
baseline beating frequency between different samples. The depolarization 
time (tdep) was determined as the time from 10% deviation from the baseline 
to the maximum value of the depolarization peak and the depolarization 
amplitude (Adep) was defined as the maximum value of the depolarization 
peak. Field potential duration (FPD) was defined as the time from the 10% 
deviation from the baseline to the depolarization peak to the return from 
repolarization wave to 10% of the baseline (Figure 11). FPD was beat rate 
corrected (corrected FPD, cFPD) using Izumi-Nakaseko formula (Izumi-
Nakaseko et al., 2017) in study IV. 

For the field potential propagation (FPP) analysis with R, timestamps for 
the field potentials on each electrode were detected and converted to text-files 
using Multichannel Analyzer (Multichannel Systems MCS GmbH). The text-
files were further analysed for FPP using inhouse developed scripts in R (R 
Foundation for Statistical Computing, Vienna, Austria). Based on the field 
potential timestamps, propagation of the field potential between adjacent 
electrodes throughout the hiPSC-CM sheet on the MEA electrode grid was 
calculated. The data from study III was reanalysed compared to the original 
publication, as the analysis was further developed for study IV, so that the 
results from studies III and IV could be better compared to each other, thus 
the FPP time values differ from the original publication. However, the end 
result remains. 
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Figure 11.  Field potential parameters extracted from the field potential signals with MATLAB. 

Square indicates the 10% deviation from the baseline compared to the maximum 
depolarization amplitude marked by circle. Depolarization time was the time from the square 
to the circle. Field potential duration was calculated from the square to the pentagon, which 
marks 10% deviation from the baseline compared to the maximum repolarization amplitude 
indicated by the star. 

4.7 Protein and gene expression 

4.7.1 Immunocytochemistry 

Immunocytochemistry (ICC) was performed in all studies to evaluate hiPSC-
CM structure, morphology, and protein expression, as well as for evaluating 
hiPSC-CM and hiPSC-neuron physical connections. In study I, ICC was 
performed after culturing hiPSC-CMs on the PET textiles for 11 days. In study 
II, ICC was performed after the neuronal stimulation with high-K+ solution at 
2 or 4 weeks of coculture. In studies III and IV, ICC was performed 
immediately after hypoxia for H and CH samples, or after hypoxia-
reoxygenation for HR and CHR samples. In study I, basic double fluorescence 
protocol (Ojala et al., 2012) was used for ICC, whereas the protocol was 
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slightly modified for studies II–IV. In study II, fixing of the 3D3C samples 
was done for 45 minutes by replacing half of the culture medium with the 
fixing solution and all washing steps after primary antibody incubation were 
increased to 30 minutes. Furthermore, the secondary antibody incubation was 
increased to 1.5 hours. These modifications ensured proper washing, fixing 
and staining of the microtunnels. Furthermore, after secondary antibody 
incubation, the samples were washed with DAPI diluted in PBS (1:5000). In 
studies III and IV, the initial washing steps were reduced to approximately 10 
seconds, to ensure that hypoxia inducible factor 1 alpha (HIF1-α) did not 
degrade before fixing. 

The samples were fixed with 4% and blocked with 10% normal donkey 
serum (Biowest, Nuaille, France), and labelled against goat anti-Cardiac 
Troponin T (cTnT) (1:1000 (studies I and IV) and 1:750 (study II), ab64623, 
Abcam, Cambridge, UK), mouse anti-MyBPC3 (cMyBP-C) (1:500, sc-
166081, Santa Cruz Biotechnology, Dallas, TX, USA) (studies I, III and IV), 
rabbit anti-HIF1α (1:1000, 700505, Invitrogen, Waltham, MA, USA) (studies 
III and IV), mouse anti-neurofilament NF-H 200 (1:500, N5389, Sigma-
Aldrich) (study II), mouse anti-β-tubulin III (1:500, T8660, Sigma-Aldrich) 
(study II) and rabbit anti-synapsin I (1:500, 574777, Merck-Millipore) (study 
II). In each study, primary antibody incubation was done at 4 °C for overnight. 
As secondary antibodies, donkey anti-goat Alexa Fluor 568 (studies I and IV), 
donkey anti-mouse Alexa Fluor 488 (study I), donkey anti-rabbit Alexa Fluor 
488 (studies III and IV), donkey anti-mouse 647 (study IV) were used (all 
secondary antibodies were diluted 1:800 and ordered from Invitrogen). In 
study II, the secondary antibodies donkey anti-rabbit Alexa Fluor 488 and 
donkey anti-goat 568 (Invitrogen) were diluted 1:400 for 48-well plate 
controls and 1:200 for 3D3C chip cocultures.  Donkey anti-mouse Alexa Fluor 
647 (Invitrogen) was diluted 1:200 for 48-well plate controls and 1:125 for 
3D3C chip cocultures. Secondary antibody incubation was done for one hour 
at RT, except in study II for 1.5 hours. Cell nuclei were visualized using 
Vectashield Mounting Medium with DAPI (Vector Laboratories, Burlingen, 
CA, USA). 

The fluorescence was visualized using different methods in different 
studies. In study I, Nikon A1R+ Laser Scanning Confocal Microscope (Nikon, 
Tokyo, Japan) using Apo 60× 1.40NA oil objective (Nikon), as well as Axio 
Imager.M2 (Zeiss, Oberkochen, Germany) with ApoTome.2 (Zeiss) and 
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AxioCamHRm3 camera (Zeiss) using EC Plan-Neofluar 40× 1.30NA oil 
objective (Zeiss) were used for fluorescence visualization. In studies II and 
IV, IX51 Inverted Fluorescence Microscope (Olympus, Tokio, Japan) using 
either LUCPlan FL N 40×/0.60, WD 3.0−4.2 mm (Air) objective (Olympus), 
Olympus LUCPlan FL N 20×/0.45, WD 6.6−7.8 mm (Air) objective 
(Olympus) or CPlanFL N 10×/0.30, WD 9.5 mm (Air) objective (Olympus) 
with Orca Flash4.0LT+ sCMOS camera (Hamamatsu Photonics, Hamamatsu, 
Japan) was used for fluorescence visualization. In addition, in study II, LSM 
780 Laser Scanning Confocal Microscope (Zeiss) using Plan Apo 40×/1.40, 
WD 0.24 mm (Oil) objective (Zeiss) with 32-channel QUASAR GaAsP PMT 
array detector was used. The confocal images in study II were deconvoluted 
with Hyugens and processed with Imaris (Oxford Instruments, Abingdon, 
UK). In studies III and IV, LSM 800 Laser Scanning Confocal Microscope 
(Zeiss) with EC Plan-Neofluar 40×/0.75, WD 0.71 mm (Air) objective (Zeiss) 
and 2 channel spectral detection with high-sensitivity PMT detector was used 
for visualizing the fluorescence. 

4.7.2 Western blot 

In studies III and IV, hiPSC-CM expression of sarcomeric proteins (study III) 
and HIF1-α (studies III and IV) was evaluated using western blot. Immediately 
after the hypoxia or hypoxia-reoxygenation and minimizing the exposure to 
ambient air, the protein samples were collected in 150 µl of 2×Laemmli 
Sample Buffer (Bio-Rad, Hercules, CA, USA) containing 5% β-
mercaptoethanol (Sigma-Aldrich) and heated at 95 °C for 5 minutes. 4–20% 
Mini PROTEAN TGX Precast Protein Gel with 10 50 µl wells (Bio-Rad) was 
used for SDS-PAGE, and 20 µl of protein samples were pipetted into the gel 
wells. Trans-Blot Turbo RTA Mini PVDF Transfer Kit (Bio-Rad) was used 
with Trans-Blot Turbo Transfer System (Bio-Rad) to blot the samples from 
the gels to the PVDF membranes. The membranes were blocked for three 
hours at RT in 3% bovine serum albumin (BSA) in 0.1% Tween20 (Sigma-
Aldrich) in tris-buffered saline (TBS) (0.1% TBS-Tween). 

After the blocking, the membranes were incubated in primary antibody 
solution for overnight at 4 °C. Mouse anti-β-actin (1:1000, sc-47778, Santa 
Cruz Biotechnology) and rabbit anti-HIF1α (1:1000) were used as primary 
antibodies in both studies III and IV, whereas mouse anti-Cardiac Troponin T 



 

75 

(1:1000, ab33589, Abcam) and mouse anti-MyBPC3 (1:500) were used only 
in study III. Secondary antibody incubation was done at RT for one hour using 
horseradish peroxidase-conjugated recombinant anti-mouse IgG (1:3000, sc-
516102, Santa Cruz Biotechnology) and swine anti-rabbit IgG (1:2000, 
P0217, Dako, Agilent, Santa Clara, CA, USA) as secondary antibodies. Both 
primary and secondary antibodies were diluted in 3% BSA in 0.1% TBS-
Tween and after each antibody incubation, the membranes were washed in 
0.5%, 0.1% and 0.05% TBS-Tween. The detection of the protein-antibody 
complexes was done with Amersham ECL Prime Western Blot Detection 
Reagent (Cytiva, Marlborough, MA, USA) and ChemiDoc MP Imaging 
System (Bio-Rad). The antibodies were stripped at 56 °C for 30 minutes in a 
buffer containing 0.705% β-mercaptoethanol, 2% SDS (Sigma-Aldrich) and 
0.03125 M Tris (VWR, Radnor, PA, USA in Milli-Q water. The membranes 
were washed in TBS before starting new blocking. 

4.7.3 Reverse transcription quantitative polymerase chain reaction 

Reverse transcription quantitative polymerase chain reaction (RT-qPCR) was 
performed to evaluate the gene expression of the hiPSC-CMs regarding 
maturation (study I), the expression of genes showing cardiac and neuronal 
identity as well as genes encoding proteins required for functional CM-neuron 
interaction (study II), as well as the response to hypoxia and reoxygenation 
(studies III and IV). The evaluated genes and their TaqMan 20× Assay IDs are 
presented in Table 3. In studies III and IV, samples were collected after 
hypoxia or hypoxia-reoxygenation one by one minimizing the exposure of the 
samples to ambient air. 
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Table 4.  The 20× TaqMan Assays used in RT-qPCR in each study. In study I, the focus was 
on genes indicating cardiac maturation and in study II, on genes indicating cardiac or neuronal 
identity as well as genes responsible for functional interaction between the cell types. In studies III 
and IV, the focus was on genes, whose expression is known to change during ischemia and 
reperfusion. 

Gene Function Assay ID Study 

MYL2 Sarcomeric gene Hs00166405_m1 I 
MYL7 Sarcomeric gene Hs01085598_g1 I 
MYL9 Sarcomeric gene Hs00697086_m1 I 
MYH6 Sarcomeric gene Hs01101425_m1 I 
MYH7 Sarcomeric gene Hs01110632_m1 I, IV 
TNNC1 Sarcomeric gene Hs00896999_g1 I 
ACTN2 Sarcomeric gene Hs00153809_m1 I 
TTN Sarcomeric gene Hs00399225_m1 I 
TPM1 Sarcomeric gene Hs00165966_m1 I 
MYBPC3 Sarcomeric gene Hs00165232_m1 I–III 
TNNT2 Sarcomeric gene Hs00165960_m1 I–III 
SCN5A Sodium channel Hs00165693_m1 I 
KCNH2 Potassium channel Hs04234270_g1 I 
KCNH6 Potassium channel Hs00229215_m1 I 
KCNA10 Potassium channel Hs01563550_s1 I 
KCND3 Potassium channel Hs00542597_m1 I 
KCNQ1 Potassium channel Hs00923522_m1 I 
HCN4 Potassium channel Hs00975492_m1 I 
CACNA1C Calcium channel Hs00167681_m1 I 
PLN Calcium handling Hs01848144_s1 I 
CHRM2 Acetyhcholine (ACh) receptor Hs00265208_s1 II 
ADRB2 Adrenergic receptor Hs00240532_s1 II 
ADRB3 Adrenergic receptor Hs00609046_m1 II 
CHAT ACh synthesis Hs00758143_m1 II 
DBH Dopamine to noradrenaline Hs01089840_m1 II 
TH Tyrosine to dopamine Hs00165941_m1 II 
TUBB3 Neuronal microtubular protein Hs00801390_s1 II 
ATP2A2 Calcium handling Hs00544877_m1 I, III 
SLC8A1 Calcium handling Hs01062258_m1 I, III 
RYR2 Calcium handling Hs00892883_m1 III 
HIF1A Hypoxia marker Hs00153153_m1 III 
MAP4K4 Hypoxia marker Hs00377415_m1 III 
CASP3 Apoptotic (pro) Hs00234387_m1 III 
BAX Apoptotic (pro) Hs00180269_m1 IV 
BCL2 Apoptotic (anti) Hs00608023_m1 IV 
ACADM Fatty acid metabolism Hs00936584_m1 III 
ACAA1 Fatty acid metabolism Hs01576070_m1 III 
PFKM Glycolysis Hs01576070_m1 III 
SLC2A1 Glycolysis Hs00892681_m1 III, IV 
PKM isoform 1 Glycolysis Custom IV 
PKM isoform 2 Glycolysis Custom IV 
HSP1A1 Cellular stress response Hs00359163_s1 IV 
VEGFA Angiogenesis Hs00900055_m1 IV 
GUSB Housekeeping Hs00939627_m1 II 
GAPDH Housekeeping Hs02758991_g1 I–IV 
EEF1A1;EE+ Housekeeping Hs00265885_g1 I–IV 
TBP Housekeeping Hs00427620_m1 I, III, IV 
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In study I, samples were collected on days 1 and 11. CellsDirect One-Step 
qRT-PCR Kit (Invitrogen) was used for lysing and RT-qPCR according to kit 
instructions. qPCR was performed using 48.48 Dynamic Array IFC for Gene 
Expression (Fluidigm Corporation, South San Francisco, Ca, USA). In study 
II, the samples were lysed in Buffer RA1 containing 1% β-mercaptoethanol 
(Sigma-Aldrich) and NucleoSpin RNA kit (Macherey-Nagel, Düren, 
Germany) was used for RNA extraction according to kit instructions. In study 
III, samples were collected in QIAzol Lysis Reagent (Qiagen, Hilden, 
Germany) and RNA was extracted using miRNeasy Mini Kit (Qiagen) 
according to kit instructions. In study IV, RNA extraction was performed with 
Monarch Total RNA Miniprep Kit (New England BioLabs, Ipswich, MA, 
USA) following the kit instructions. 

In studies II–IV, reverse transcription was performed using High-Capacity 
cDNA Reverse Transcription Kit (Applied Biosystems, Waltham, MA, USA) 
according to kit instructions. In studies II and IV, pre-amplification of the 
inspected genes was performed using TaqMan Pre-Amp Master Mix (Applied 
Biosystems) according to kit instructions and TaqMan Fast Advanced Master 
Mix (Applied Biosystems) was used according to kit instructions for qPCR. 
In study III, qPCR was performed using TaqMan Gene Expression Master 
Mix (Applied Biosystems) according to kit instructions without the pre-
amplification step. The 2-ΔΔCt method (Livak & Schmittgen, 2001) was used 
to calculate the relative expressions of the genes in all studies. GAPDH, 
EEF1A1;EE+ and TBP were used in studies I, III and IV, whereas GAPDH, 
EEF1A1;EE+ and GUSB were used in study II as endogenous controls. 

4.8 Quantitative analysis of the fluorescent images 

4.8.1 Cell and sarcomere alignment 

In study I, the morphological and structural properties of the hiPSC-CMs were 
evaluated from the fluorescent images taken from hiPSC-CMs cultured on 
PET textiles or coverslips using CytoSpectre (Kartasalo et al., 2015). Cardiac 
troponin T (cTnT) channel was used for masking to determine individual cells 
with ImageJ and cardiac myosin binding protein C (cMyBP-C) channel was 
used for determining the sarcomere properties of the individual cells. 
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Analysed properties included sarcomere orientation and length, as well as the 
aspect ratio (ratio of length to width) of the cells. Sarcomere orientation is 
described by circular variance with values ranging from zero to one, zero 
describing perfect sarcomere alignment into one direction, and one describing 
equal orientation into all directions. Wavelength of the detailed spectral 
component was used for determining the modal sarcomere length. In addition, 
the software calculates the minor and major axes of the individual cells from 
the masks defined from the cTNT channel, which can be used for calculation 
the aspect ratio of the hiPSC-CMs. 

4.8.2 Sarcomere coverage and size of nuclei 

In study III, sarcomere coverage and size of the nuclei were analysed from the 
fluorescent images. Sarcomere coverage was determined as the ratio of the 
area presenting clear sarcomere structures to the total area of the cells. ImageJ 
(Schindelin et al., 2012) was used to calculate the areas from the fluorescent 
images. Nuclei size from the DAPI channel of the fluorescent images was 
determined using CellProfiler (McQuin et al., 2018). IdentifyPrimaryObjects 
was used to identify the nuclei in the images, with the object size limit set to 
50–250. Objects outside the size limit as well as objects touching the image 
borders were excluded. Global was set as the threshold strategy and two class 
Otsu was used as the method for thresholding. The method for distinguishing 
clumped objects was set as shape and the nuclei area was determined using 
MeasureObjectShape from the objects that were identified from the images as 
primary objects. 

4.9 Statistical analysis 

Statistical analysis of the data was performed using rstatix package 
(Kassambra, 2021) for R. Kruskal-Wallis test with Dunn’s post hoc test with 
Holm correction was used for all individual data acquired from RT-qPCR, 
analysis of the fluorescent images of the immunocytochemical staining, 
western blot and for field potential propagation. The paired electro-
physiological and functional data was tested statistically using paired 
Wilcoxon Signed Rank Test with Bonferroni correction.  
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5 RESULTS 

5.1 Maturation of hiPSC-CMs cultured on PET textiles 

In study I, hiPSC-CMs were cultured on 0.1% gelatine-coated polyethylene 
terephthalate textiles for 11 days to induce cell alignment along the textile 
fibres, as hiPSC-CMs typically exhibit small and round morphology with 
disoriented sarcomere alignment. After the 11-day culture on PET textiles, 
hiPSC-CMs cultured on the textiles and control cells cultured on glass 
coverslips were fixed for ICC or lysed for RT-qPCR, to evaluate the structural 
properties and cardiac-specific gene expression, respectively. For qPCR, also 
1-day coverslip samples were collected and used for normalization of the data. 

5.1.1  Morphology and sarcomere orientation 

Significant improvement was observed in the morphology and sarcomere 
alignment of the hiPSC-CMs after the culture of PET textiles (n = 98) 
compared to control (n = 174) (Figure 12). CytoSpectre software was used to 
analyse the fluorescent images of the ICC staining for hiPSC-CM 
morphological properties including aspect ratio, sarcomere orientation and 
sarcomere length. hiPSC-CMs cultured on PET textiles showed significantly 
improved sarcomere orientation described by circular variance, which was 
0.61 ± 0.16 for hiPSC-CMs cultured on PET textiles and 0.88 ± 0.07 for 
hiPSC-CMs cultured on coverslips (p < 0.0001). Moreover, the aspect ratio of 
the hiPSC-CMs cultured on PET textiles was 4.91 ± 2.26 and significantly 
higher compared to hiPSC-CMs cultured on coverslips, for which it was 1.57 
± 0.46 (p < 0.0001). However, there was no improvement in the sarcomere 
length between the groups (1.74 ± 0.19 for PET and 1.75 ± 0.12 for coverslip). 

5.1.2 Expression of cardiac specific genes 

The expression of the cardiac specific genes was not observed to improve 
significantly between PET (n = 6) and coverslip (n = 6) samples after 11 days 
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of culture, however, the gene expression improved overall in both groups 
compared to the coverslip samples cultured for one day (n = 4). Furthermore, 
an increasing trend was observed in the expression of several sarcomeric 
genes, including TNNT2 encoding cardiac troponin T (1.07 ± 0.43 for day 1 
coverslip, 4.21 ± 3.39 for day 11 coverslip and 9.22 ± 6.58 for PET), ACTN2 
encoding cardiac alpha actinin (1.48 ± 1.46 for day 1 coverslip, 14.95 ± 18.53 
for day 11 coverslip and 20.05 ± 21.40 for PET) and MYBPC3 encoding 
cardiac myosin binding protein C (1.10 ± 0.58 for day 1 coverslip, 7.24 ± 5.73 
for day 11 coverslip and 14.82 ± 12.89 for PET). 

 

 
Figure 12.  Structural properties of the hiPSC-CMs were observed to improve significantly when 

cultured on PET textiles compared to coverslips. A) Examples of ICC staining of hiPSC-
CMs cultured on PET textiles and coverslips. hiPSC-CMs exhibited more elongated 
morphology and increased sarcomere orientation when cultured on PET textiles (scale bar 
25 µm). B) Aspect ratio (the ratio of major to minor axis) improved in hiPSC-CMs cultured 
on PET textiles compared to control. Furthermore, circular variance was lower in hiPSC-
CMs cultured on PET textiles, indicating improved sarcomere orientation. However, 
culturing hiPSC-CMs on PET textiles did not improve their sarcomere length. **** p < 0.0001 
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5.2 Coculture of hiPSC-CMs and hiPSC-neurons on 3D3C chip 

In study II, hiPSC-CMs and hiPSC-neurons were cocultured on a 
compartmentalized microfluidic 3D3C chip designed for neuronal soma 
isolation (Ristola et al., 2019, 2021). hiPSC-neurons were cultured in one side 
compartment and hiPSC-CMs in the middle compartment. The neuronal axons 
traversed from the neuronal to the cardiac compartment via connecting 
microtunnels, allowing only axon-mediated interaction between the cell types. 
The cocultures were characterized at 2 and 4 weeks timepoints via ICC and 
fluorescence imaging, RT-qPCR, and video recording of the hiPSC-CMs 
during neuronal stimulation with high-K+ solution. 

5.2.1 Coculture and viability 

The 3D3C chip restricts neuronal somas into one compartment allowing only 
the axons growing from the one compartment to the next via microtunnels 
connecting the compartments (Figure 13A). This allows modelling the axon-
mediated neuron-cardiomyocyte interaction as it occurs in vivo, where the 
neuronal axons of cANS innervate the heart. hiPSC-neurons were cultured on 
the side compartment for one week before seeding hiPSC-CMs into the middle 
compartment, which allowed the axons to grow to the cardiac compartment 
beforehand. The separate medium chambers for each cell culture compartment 
allow the culture of each cell type in their corresponding medium without the 
need to compromise the specific medium needs of neither cell type.  

The viability of the hiPSC-CMs and hiPSC-neurons during coculture on 
the 3D3C chips was observed from the phase-contrast images of the cocultures 
and video recordings of the hiPSC-CMs. Both cell types were viable and the 
hiPSC-CMs exhibited normal beating characteristics also in contact with the 
neuronal axons for the whole duration of the coculture (2 and 4 weeks, with a 
few being followed up to 8 weeks). Fluorescent images of the ICC staining 
showed that both cell types expressed their typical proteins. hiPSC-CMs 
expressed cardiac troponin T (cTnT) and hiPSC-neurons expressed synapsin 
I (SynI), neurofilament NF-H 200 (NF-H) and β-tubulin III (βIII-Tub). 
Furthermore, the axons and hiPSC-CMs were in close contact with each other 
making the functional interaction possible on the physical level (Figure 13B). 
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Figure 13.  Coculture of hiPSC-CMs and hiPSC-neurons in a compartmentalized microfluidic 

3D3C chip. A) Schematic illustration of the 3D3C chip. hiPSC-CMs and hiPSC-neurons 
were cultured in their own compartments connected via microtunnels that allow growth of 
the neuronal axons from one compartment to another. Separate medium chambers allow 
culture of the cells in their respective media. B) ICC staining of the cocultures in the 3D3C 
chip (scale bar 200 µm). hiPSC-CMs (red, cTnT) were viable in the cocultures among the 
axons (green, SynI, NF-H and βIII-Tub). The axons grew from the neuronal compartment to 
the cardiac compartment via microtunnels. Cell nuclei were counterstained with DAPI (blue). 
C) RT-qPCR results showed that the samples from cardiac and neuronal compartments can 
be extracted without the samples mixing. Cardiac-specific TNNT2 and MYBPC3 were 
expressed only in cardiac samples, whereas neuron-specific TUBB3 was expressed only in 
neuronal samples, although low expression of TUBB3 was observed in 4-week cardiac 
coculture samples. This could be due to increased axonal density in 4-week cocultures as 
well as increased axonal expression of TUBB3. D) Neuronal stimulation was observed to 
affect hiPSC-CM functionality. Compared to baseline (BL), a slight increase in beating 
frequency and decrease in contraction duration, contraction and relaxation times were 
observed during (K+) and after (F/U) neuronal stimulation with high-K+ solution. Medium 
change (MC) was used as control for the effects of liquid change alone. 
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5.2.2 3D3C chip application for RT-qPCR and functionality studies 

The 3D3C chip allowed the collection of cell lysis for RNA extraction from 
each cell culture compartment separately without mixing of the neuronal and 
cardiac samples, which was shown from the RT-qPCR results. The neuronal 
samples were observed to express only the neuron-specific TUBB3, whereas 
the cardiac samples expressed only cardiac-specific TNNT2 (Figure 13C). The 
slight increase in TUBB3 expression in the cardiac samples at 4 weeks of 
coculture could be explained by increased axonal density and increased 
expression of TUBB3 in the axons. Furthermore, qPCR results showed that 
each cell type expressed the genes required for the formation of the functional 
interaction between the cell types. hiPSC-neurons were observed to express 
CHAT related to cholinergic signalling, as well as TH and DBH related to 
adrenergic signalling. On the other hand, hiPSC-CMs were shown to express 
CHRM2 related to cholinergic signalling and ADRB2 and ADRB3 related to 
adrenergic signalling. 

The functionality of the interaction between hiPSC-CMs and hiPSC-
neurons was evaluated from video microscopy videos of hiPSC-CMs during 
stimulation of hiPSC-neurons with high-K+ solution using MUSCLE-
MOTION. As the medium change to the hiPSC-neurons was observed to 
affect the hiPSC-CM contractile properties, the medium change was 
considered as the baseline response to which the immediate effect of neuronal 
high-K+ stimulation as well as the follow-up were compared to. Neuronal 
stimulation was observed to have an excitatory effect on the hiPSC-CM 
functionality, including slight increase in the peak-to-peak time describing 
hiPSC-CM beating frequency, and slight decreases in the contraction duration, 
time-to-peak (contraction) and relaxation time (Figure 13D). 

5.3 Modelling ischemia and reperfusion with hiPSC-CMs 

In studies III and IV, hiPSC-CMs were utilized in modelling chronic and acute 
cardiac ischemia-reperfusion, respectively. Ischemia and reperfusion were 
induced using OxyGenie platform for controlling the oxygen level in the 
hiPSC-CM cultures. The MACS-sorted hiPSC-CMs were seeded as cell sheets 
on 0.1% gelatine- or 2% Geltrex-coated 1-wells on glass or microelectrode 
arrays without any maturation step. After one week of culture, serum- and 
glucose-free medium was exchanged to all samples, and on the following day, 
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Covers and Lids were assembled on the 1-wells and hypoxia and 
reoxygenation were induced using 0% O2 5% CO2 95% N2 gas (hypoxic gas) 
or 19% O2 5% CO2 76% N2 gas (normoxic gas), respectively. With chronic 
hypoxia, the 1-well assembly was used with a solid glass-made lid, whereas 
with acute hypoxia, the hollow Acute lid covered with gas permeable 
polyethylene membrane was used. 

For chronic ischemia modelling in study III, hypoxia was induced for 8 or 
24 hours, whereas for acute ischemia modelling in study IV, hypoxia was 
induced for three hours. Reoxygenation was induced for 24 hours in both 
studies. After hypoxia or hypoxia-reoxygenation, the samples were collected 
one by one minimizing the exposure to ambient air for ICC, western blot, and 
RT-qPCR. hiPSC-CM electrophysiological response to hypoxia and 
reoxygenation was recorded with MEA. Baseline was recorded after medium 
change in normoxic gas for approximately 20 hours (overnight), after which 
hypoxia was induced for 24 or 3 hours for chronic and acute models 
respectively, and reoxygenation was induced for 24 hours. Oxygen partial 
pressure was measured from MEA samples in chronic and acute hypoxia-
reoxygenation to evaluate the oxygen dynamics of the hiPSC-CM cultures. 

5.3.1 Oxygen dynamics in the 1-well assemblies 

Oxygen partial pressure was measured from the hiPSC-CM cultures using a 
highly biocompatible sensing material and a luminescence-based sensor 
(Välimäki et al., 2017). In study III, pO2 was measured from one sample to 
verify that the oxygen dynamics were as expected, whereas in study IV, the 
Acute lid was more thoroughly characterized both without (n = 6) and with (n 
= 5) hiPSC-CMs as it was not previously published. With the glass lid in study 
III, the fall time (from 90% to 10%) in step response measurement from 19% 
kPa to 0% kPa pO2 was 2.18 hours (131 min) with the hiPSC-CMs. On the 
other hand, with the Acute lid used in study IV, the fall time in the same step 
response measurement was 6.28 ± 2.28 min without the hiPSC-CMs and 18.97 
± 15.86 min with the hiPSC-CMs (Figure 14A). Thus, the hypoxia and 
reoxygenation were induced to the cells significantly faster with the Acute lid 
compared to the glass lid (Figure 14A, B), although there was some variation 
in the oxygen dynamics when Acute lid was used (Figure 14C). Rise time 
(from 10% to 90%) in the step response measurement from 0% kPa to 19% 
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kPa pO2 was 2.53 hours (152 min) with the glass lid in study III, and 12.61 ± 
1.94 min with the Acute lid with the hiPSC-CMs in study IV. 

 

 

Figure 14.  Oxygen dynamics in the 1-well assemblies using the solid glass-made lid and the 
hollow Acute lid. A) Representative measurements of the oxygen partial pressure (pO2) 
from experiments where 1-well assembly was used with glass lid in the experiment with 
hiPSC-CMs and Acute lid was used in the experiment without and with hiPSC-CMs. Oxygen 
dynamics are significantly faster with the Acute lid compared to the glass lid. B) Oxygen 
dynamics from representative measurements using glass and Acute lid from experiments 
with hiPSC-CMs. In study III, hypoxia was induced for 24 hours using the glass lid for chronic 
ischemia modelling, whereas in study IV, hypoxia was induced for three hours using the 
Acute lid for acute ischemia modelling. Reoxygenation was for 24 hours in both studies. C) 
Oxygen dynamics had some variation in the experiments with the hiPSC-CMs and the Acute 
lid. However, the dynamics are still significantly faster compared to the glass lid, and 
especially immediate drop in the pO2 after the initiation of the hypoxia. 

5.3.2 hiPSC-CM morphology and protein expression 

In studies III and IV, hiPSC-CM morphology and sarcomere structure were 
evaluated from fluorescent images taken from ICC staining of the samples 
after hypoxia and hypoxia-reoxygenation. Significant differences were 
observed in hypoxia and hypoxia-reoxygenation samples compared to the 
control samples. Both the overall morphology of the hiPSC-CMs and the 
sarcomere structure were deteriorated in the fluorescent images (Figure 15A). 
In addition, decrease in the size of the cell nuclei were observed. The observed 
changes were predominant in study III 24 h hypoxia samples and were not 
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observed to improve during reoxygenation. In study IV the changes were 
lesser, but still notable especially in hypoxia-reoxygenation samples. 

Sarcomere coverage and nuclei size 

In study III, the morphological changes were quantitated by calculating 
sarcomere coverage based on the ratio of cellular area exhibiting distinct 
sarcomere structure to the total area of the cells. The mean sarcomere coverage 
was 69.4 ± 24% in control samples (nimages = 124), whereas after 8- and 24-
hour hypoxia, the coverage was 30.1 ± 36.0% (nimages = 47, p < 0.0001 vs 
control) and 16.1 ± 24.8% (nimages = 50, p < 0.0001 vs control), respectively. 
The mean nuclei size of the hiPSC-CMs was 35.7 ± 16.4 µm2 for control 
(nnuclei = 3632), and was observed to decrease in hypoxia samples, being 27.2 
± 15.2 µm2 for 8-hour H samples (nnuclei = 685, p < 0.0001 vs control) and 22.3 
± 13.5 µm2 24-hour H samples (nnuclei = 833, p < 0.0001 vs control). 
Furthermore, the mean nuclei size for the hypoxia-reoxygenation samples was 
19.8 ± 11.1 µm2 for 8-hour HR samples (nnuclei = 392, p < 0.0001 vs control) 
and 25.4 ± 14.6 µm2 for 24-hour HR samples (nnuclei = 782, p < 0.0001 vs 
control). In study IV, similar observations were made from the fluorescence 
images, however, the differences were not quantified. 

Expression of sarcomeric proteins 

The changes in the morphology observed from the ICC fluorescent images 
were further supported in study III by the western blot analysis of the 
sarcomeric proteins cTNT and cMyBP-C, as their expression was observed to 
decrease statistically significantly after hypoxia and reoxygenation (Figure 
15B). The mean cTNT expression in the control samples (n = 26) was 0.96 ± 
0.55, whereas it was 0.47 ± 0.14 for 8-hour hypoxia (n = 6, p < 0.01 vs control) 
and 0.32 ± 0.27 for 24-hour hypoxia (n = 6, p < 0.01 vs control). In the 8- and 
24-hour hypoxia-reoxygenation samples, the mean expressions were 0.37 ± 
0.26 (n = 4, p < 0.05 vs control) and 0 (n = 4, p < 0.001 vs control), 
respectively. The mean cMyBP-C expression in the control samples was 1.11 
± 0.76, whereas it was 0.53 ± 0.18 and 0.28 ± 0.32 for 8- (p < 0.01 vs control) 
and 24-hour (p < 0.0001 vs control) hypoxia samples. For the 8- and 24-hour 
hypoxia-reoxygenation samples, the mean expressions were 0.52 ± 0.22 (p < 
0.05 vs control) and 0.11 ± 0.02 (p < 0.001 vs control), respectively. 
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Figure 15.  The hiPSC-CM morphology and protein expression changed as a response to hypoxia 

and reoxygenation. A) Representative examples of the fluorescent images taken from the 
hiPSC-CMs after ICC from control and hypoxia samples (scale bar 50 µm). The observed 
changes included decrease in nuclei (blue, DAPI) size and deterioration of the sarcomere 
structure (red, cMyBP-C) after hypoxia and hypoxia-reoxygenation compared to control. The 
changes were most predominant in study III 24-hour hypoxia and reoxygenation samples, 
but notable also after 8-hour hypoxia as well as acute hypoxia in study IV. On the other 
hand, differences in the HIF1-α (green) expression were not observed from the fluorescent 
images. B) cMyBP-C and cTnT expressions were observed to decrease from western blot 
analysis in study III. C) HIF1-α expression was not observed to increase as a response to 
hypoxia, but rather decrease. * p < 0.05, ** p < 0.01, *** p < 0.001 
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Expression of HIF1-α 

In both studies III and IV, HIF1-α expression was also evaluated via western 
blot. However, no increase in its expression was observed after chronic or 
acute hypoxia and reoxygenation. On the contrary, the expression was 
observed to decrease (Figure 15C). In study III, the mean HIF1-α expression 
in the control samples was 1.39 ± 0.68, and after 8- and 24-hour hypoxia it 
was 1.05 ± 0.20 (ns vs control) and 0.80 ± 0.39 (p < 0.01 vs control), 
respectively. After 8- and 24-hour hypoxia-reoxygenation, the mean 
expression of HIF1-α was 0.77 ± 0.08 (p < 0.01 vs control) and 0.84 ± 0.23 (p 
< 0.05 vs control), respectively. In study IV, the mean HIF1-α expression in 
hypoxia control samples (n = 16) was 0.89 ± 0.21 and hypoxia-reoxygenation 
control samples (n = 14) 0.78 ± 0.58. In hypoxia (n = 16) and hypoxia-
reoxygenation (n = 14) samples, the mean expressions were 0.55 ± 0.25 (p < 
0.001 vs hypoxia control) and 0.78 ± 0.58 (p < 0.0001 vs hypoxia control). 

5.3.3 Expression of hypoxia related genes 

In both studies III and IV, RT-qPCR was used to evaluate the relative 
expression of several genes known to be differentially expressed in ischemia 
and reperfusion (Table 4). Gene expression of the hiPSC-CMs after hypoxia 
and hypoxia-reoxygenation were evaluated in study III regarding fatty acid 
(ACAA1, ACADM) and glycolytic metabolism (SLC2A1, PFKM), general 
hypoxia markers (HIF1A, MAP4K4), sarcomere genes (TNNT2, MYBPC3), 
calcium handling genes (RYR2, ATP2A2, SLC8A1) and apoptosis related gene 
(CASP3). In study IV, the focus was on glycolysis related genes (SLC2A1, 
PKM isoforms 1 and 2), general cellular stress markers (HSPA1A, MYH7) and 
apoptosis related genes (BAX, BCL2). 

In study III, the relative expression of the evaluated genes did not change 
statistically significantly during hypoxia, except for increased mean 
expression of SLC2A1 encoding glucose transporter 1 in both 8- (n = 6) and 
24-hour (n = 5) hypoxia samples (28.32 ± 24.13 and 48.22 ± 42.47, 
respectively) compared to their respective controls (8h CH: 1.70 ± 1.65, n = 5, 
p < 0.05 vs 8 h hypoxia and 24h CH: 1.88 ± 1.33, n = 6, p < 0.01 vs 24 h 
hypoxia). Furthermore, the expressions of several genes were observed to 
decrease after 24-hour hypoxia-reoxygenation (n = 4) compared to its 
respective control (24h CHR, n = 4), including ACADM, PFKM, TNNT2, 
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MYBPC3, MAP4K4, RYR2, SLC8A1 and ATP2A2. However, the expression 
of SLC2A1 was still upregulated compared to the control, its mean expressions 
being 3.76 ± 0.88 for 24h HR and 1.77 ± 0.68 for 24h CHR (p < 0.05) On the 
other hand, in study IV, the expression of any of the evaluated genes did not 
change statistically significantly. 

5.3.4 Electrophysiological response of hiPSC-CMs to hypoxia and 
reoxygenation 

hiPSC-CM electrophysiology was evaluated using MEA technology in studies 
III and IV modelling chronic and acute ischemia-reperfusion, respectively. 
MEA was recorded overnight for baseline, during hypoxia and reoxygenation 
in both studies and significant changes in the hiPSC-CM electrophysiology 
were observed, including beating frequency, depolarization time and 
amplitude and field potential propagation time. On the other hand, beat rate 
corrected field potential duration (Izumi-Nakaseko formula (Izumi-Nakaseko 
et al., 2017)) was not observed to change during hypoxia or reoxygenation 
compared to baseline in study IV, however, the raw values were shortened 
FPD in both studies. 

Beating frequency 

hiPSC-CM beating frequency was observed to decrease during hypoxia and 
increase during reoxygenation in both studies III and IV (Figure 16). In study 
III, hypoxia was divided into two periods based on the oxygen dynamics and 
the hiPSC-CM behaviour during hypoxia. Normalized beating frequency was 
determined from 7–15 hours of hypoxia and from 15–24 hours of hypoxia, as 
after 7 hours, the pO2 had already stabilized and the hiPSC-CM beating 
frequency was lowest during the period of 7–15 hours. On the other hand, the 
hiPSC-CM beating was observed to improve during 15–24 hours of hypoxia 
already before the start of the reoxygenation. Reoxygenation was divided into 
two groups as well, including 0–6 hours of reoxygenation to evaluate the 
response of the hiPSC-CMs at the start of the reoxygenation, and 6–24 hours 
when the hiPSC-CM beating had had time to stabilize. The mean normalized 
beating frequency (nelectrodes = 41, 4–6 electrodes from 3 parallel samples from 
3 differentiation batches) during baseline was 1.08 ± 0.17, whereas it 
decreased to 0.36 ± 0.34 during 7–15 hours of hypoxia (p < 0.0001 vs 
baseline). During 15–24 hours of hypoxia, the mean beating frequency 
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increased 0.66 ± 0.40 (p < 0.0001 vs baseline, p < 0.0001 vs 7–15 h hypoxia). 
During the first six hours of reoxygenation, the mean beating frequency 
further increased to 1.27 ± 0.40 (p < 0.0001 vs 15–24 h hypoxia) and returned 
close to the baseline level during 6–24 hours of reoxygenation to 0.98 ± 0.33 
(p < 0.0001 vs 0–6 h reoxygenation). 

 

 
Figure 16.  hiPSC-CM beating frequency changed during hypoxia and reoxygenation. A) During 

chronic ischemia and reperfusion in study III, lowest beating frequency was observed 
between 7–15 hours of hypoxia, after which an increase was observed during the rest of the 
hypoxia. Reoxygenation increased the beating frequency, and initially (0–6 hours of 
reoxygenation) the hiPSC-CM beating frequency surpassed the baseline level, however, it 
stabilized close to the baseline level during 6–24 hours of reoxygenation. B) Similarly, during 
acute ischemia and reperfusion in study IV, the beating frequency was observed to decrease 
during hypoxia and increase during reoxygenation, however, the beating frequency did not 
increase at the end of the hypoxia period. ****p < 0.0001 

 

Similar observations on the beating frequency were done in study IV with 
acute ischemia model (nelectrodes = 110, 5 electrodes from 22 MEA samples 
from 3 cell lines: 3–4 parallel samples per experiment). There, hypoxia was 
divided into 0–30 minutes and 30–180 minutes, again based on the pO2 
dynamics and behaviour of the hiPSC-CMs during hypoxia. Similarly, 
reoxygenation was divided into 0–30 minutes, 30–180 minutes and 3–24 
hours. During baseline, the mean normalized beating frequency was 0.94 ± 
0.16 and decreased to 0.85 ± 0.17 during the first 30 minutes of hypoxia (p < 
0.0001 vs baseline), and further to 0.35 ± 0.23 during 30–180 minutes of 
hypoxia (p < 0.0001 vs baseline and 0–30 min hypoxia). During the first 30 
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minutes of reoxygenation, the mean normalized beating frequency increased 
to 0.70 ± 0.30 (p < 0.0001 vs 30–180 min hypoxia), and further to 0.89 ± 0.32 
during 30–180 minutes of reoxygenation (p < 0.0001 vs 0–30 min 
reoxygenation). During the 3–24 hours of reoxygenation, the mean 
normalized beating frequency was 1.04 ± 0.27 (p < 0.0001 vs 30–180 min 
reoxygenation). 

Depolarization time and amplitude 

Depolarization time was observed to increase during hypoxia and recover 
during reoxygenation (Figure 17A) in both studies, however, in study III, it 
was calculated using different criteria and only from three MEA samples, from 
one electrode per sample. Thus, the results are only indicative. On the other 
hand, in study IV, 110 electrodes from 22 individual MEA samples were 
analysed. The mean tdep during baseline was 3.11 ± 2.62 msec and did not 
change significantly during the first 30 minutes of hypoxia (3.12 ± 2.76 msec). 
During 30–180 min hypoxia, the mean tdep was 5.87 ± 4.37 msec (p < 0.0001 
vs baseline) and remained increased for the first 30 min of reoxygenation (5.63 
± 5.51 msec). However, during 30–180 min reoxygenation, the mean tdep 
decreased to 3.73 ± 3.00 ms (p < 0.0001 vs 30–180 min hypoxia) and remained 
slightly higher compared to baseline during the rest of the reoxygenation (3.83 
± 2.51 msec, p < 0.0001 vs baseline). 

In study IV, depolarization amplitude was observed to decrease during 
hypoxia and recover during reoxygenation (Figure 17B). The mean baseline 
Adep was -0.26 ± 0.23 mV and -0.25 ± 0.21 mV during the first 30 min of 
hypoxia. During 30-180 min hypoxia, the mean Adep decreased to -0.13 ± 0.09 
mV (p < 0.0001 vs baseline) and remained low for the first 30 min of 
reoxygenation (-0.12 ± 0.07 mV). Slight increase in the mean Adep was 
observed during 30–180 min reoxygenation (-0.17 ± 0.11 mV, p < 0.0001 vs 
0–30 min reoxygenation), and further improvement during 3–24 hours of 
reoxygenation (-0.21 ± 0.14 mV, p < 0.05 vs 30–180 min reoxygenation). 
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Figure 17.  Depolarization time and amplitude, as well as beat rate corrected and raw field 

potential duration of the hiPSC-CMs during baseline (BL), acute hypoxia and 
reoxygenation in study IV. A) Depolarization time increased during hypoxia and recovered 
partially during reoxygenation. B) Depolarization amplitude decreased during hypoxia and 
recovered during reoxygenation. C) There was no difference in beat rate corrected field 
potential duration (cFPD, Izumi-Nakaseko formula (Izumi-Nakaseko et al., 2017)) during 
hypoxia or reoxygenation compared to baseline. D) Raw field potential duration was 
observed to decrease during hypoxia and recover during reoxygenation. *p < 0.05, **p < 
0.01, ***p < 0.001, ****p < 0.0001 

 

Field potential duration 

In study III, similar to tdep, FPD was analysed from only three MEA samples, 
from one electrode per sample. Furthermore, the FPD was not beat rate 
corrected. There was indication of decrease in the FPD during hypoxia, and 
recovery of the FPD during reoxygenation, however, the results were again 
only indicative. In study IV, beat rate corrected field potential duration did not 
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change statistically significantly during hypoxia or reoxygenation compared 
to baseline (Figure 17C). The mean cFPD was 0.66 ± 0.20 sec during baseline, 
0.69 ± 0.22 sec during first 30 min of hypoxia, 0.72 ± 0.28 sec during 30–180 
min hypoxia, 0.66 ± 0.19 sec during the first 30 min of reoxygenation, 0.67 ± 
0.19 sec during 30–180 min reoxygenation and 0.67 ± 0.17 sec for 3–24 hours 
of reoxygenation. However, similar results as in study III were observed in 
study IV with the raw FPD values (Figure 17D). During baseline, the mean 
raw FPD was observed to be 0.54 ± 0.15 sec and 0.55 ± 0.16 sec during the 
first 30 min of hypoxia. From there it decreased to 0.50 ± 0.16 sec during 30–
180 min of hypoxia (p < 0.001 vs baseline) and gradually increased during 
reoxygenation, being 0.52 ± 0.15 sec for 0–30 min reoxygenation (p < 0.05 vs 
baseline), 0.54 ± 0.15 sec for 30–180 min reoxygenation (p < 0.001 vs 30–180 
min hypoxia) and 0.56 ± 0.14 for 3–24 hours of reoxygenation. 

Field potential propagation 

Field potential propagation was observed to slow down during hypoxia and 
recover during reoxygenation in both studies III and IV (Figure 18). In study 
III, the mean field potential propagation time (tFPP) was calculated for 2 
individual MEA samples at two baseline timepoints and at 8 and 24 hours of 
hypoxia as well as at 6 and 24 hours of reoxygenation. The data was 
reanalysed using the method further developed for study IV to be better able 
to compare the results between the two studies, thus the tFPP values differ 
compared to the original publication. The mean tFPP during baseline was 
observed to be 3.32 ± 0.48 msec (nbeats = 77), and it increased to 5.95 ± 1.61 
msec for 8 hours of hypoxia (nbeats = 14, p < 0.0001 vs baseline). At 24 hours 
of hypoxia, the mean tFPP was 5.23 ± 0.90 msec (nbeats = 25, p < 0.0001 vs 
baseline) and had not significantly improved at 6 hours of reoxygenation, for 
which the mean tFPP was 5.18 ± 0.81 msec (nbeats = 39, p < 0.0001 vs baseline). 
At 24 hours of reoxygenation the mean tFPP had improved to 3.86 ± 0.94 msec 
(nbeats = 29, p < 0.0001 vs 6 h reoxygenation). 
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Figure 18.  Field potential propagation of the hiPSC-CMs slowed during hypoxia and partially 
recovered during reoxygenation. A) Field potential propagation time (tFPP) slowed during 
chronic hypoxia and recovered at 24 hours of reoxygenation in study III. B) Field potential 
propagation time slowed during acute hypoxia in study IV, however, the recovery after acute 
hypoxia was not as pronounced as after the chronic hypoxia, although the duration of the 
hypoxia was much shorter. C) Example of field potential propagation through the MEA 
electrode grid in chronic hypoxia and reoxygenation from study III. D) Example of field 
potential propagation through the electrode grid in acute hypoxia and reoxygenation in study 
IV. ****p < 0.0001 
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In study IV, tFPP was calculated from four individual MEA samples for 
baseline for one hour before hypoxia, for the duration of the hypoxia and 3 
hours of reoxygenation as well as at the end of the reoxygenation period. The 
mean tFPP during baseline was 3.41 ± 1.05 msec (nbeats = 1609) and did not 
change significantly during the first 30 min of hypoxia (3.35 ± 1.03 msec, 
nbeats = 603), whereas the increase during 30–180 min of hypoxia was 
significant (5.17 ± 2.74 msec, nbeats = 553, p < 0.0001 vs baseline). The mean 
tFPP remained elevated during the first 30 min of reoxygenation (5.13 ± 1.94 
msec, nbeats = 487, p < 0.0001 vs baseline) and did not fully recover during 
30–180 min reoxygenation (4.73 ± 1.43 msec, nbeats = 830, p < 0.0001 vs 
baseline) or at the end of the reoxygenation (5.87 ± 2.23 msec, nbeats = 283, p 
< 0.0001 vs baseline). 
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6 DISCUSSION 

Human based models for cardiac ischemia-reperfusion are required for 
studying the disease mechanisms and new treatment options, as animal and 
primary animal cell models do not fully recapitulate the human disease 
mechanisms due to partially different physiology (T. Chen & Vunjak-
Novakovic, 2019). hiPSC-CMs provide an unlimited source for human 
cardiomyocytes although they do not fully resemble adult CMs, which hinders 
their utilization in different applications (Karakikes et al., 2015). Thus, in 
study I of this thesis, the hiPSC-CMs were cultured on PET textiles to improve 
the maturation of the cells, which was observed to affect especially the 
structural properties of the hiPSC-CMs. In study II, a cardiac innervation 
model was established for future studies in cardiac ischemia modelling. In 
studies III and IV of this thesis, hiPSC-CMs were used for modelling cardiac 
ischemia-reperfusion in chronic and acute setting with the focus on the hiPSC-
CM electrophysiological responses. The hiPSC-CMs were shown to 
reproduce several electrophysiological changes known to occur in adult CMs 
during ischemia and reperfusion. 

6.1 Improved structural maturation of hiPSC-CMs 

The immaturity of the hiPSC-CMs is considered one major drawback for their 
utilization in different applications (Yoshida & Yamanaka, 2017). The 
immature electrophysiological, structural and metabolic properties of the 
hiPSC-CMs affect their utilization for example in disease modelling of 
inherited and acquired cardiovascular diseases and hinders their application as 
a therapeutic treatment of injured cardiac tissues as recently reviewed (Ahmed 
et al., 2020; Liao et al., 2021). Several methods have been developed to induce 
the maturation state of the hiPSC-CMs, however, none has been able to induce 
fully adult-like CMs. Often the maturation methods affect a specific aspect of 
the immature phenotype, such as morphology and sarcomere orientation 
(Parrag et al., 2012; Rao et al., 2013), or metabolic maturation (Feyen et al., 
2020; Hidalgo et al., 2018), with possibly less effect on the other properties of 
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the hiPSC-CMs. However, this can be utilized in producing hiPSC-CMs that 
are more mature on the most relative way for each application. For example, 
metabolic maturation is known to be important in ischemia modelling (T. 
Chen & Vunjak-Novakovic, 2018), whereas structural maturation can be more 
advantageous in modelling diseases related to CM sarcomere mutations, such 
as hypertrophic cardiomyopathy (Chou & Chin, 2021). 

In study I, hiPSC-CM maturation improved upon culturing them on PET 
textiles. Significant improvements were observed in the structural properties 
of the hiPSC-CMs cultured on PET textiles compared to control hiPSC-CMs 
cultured on coverslips, including increased elongation and sarcomere 
orientation. However, effects on gene expression were much less pronounced 
and no improvement in the sarcomere length was observed. Similar results 
have been observed in several studies, where hiPSC-CM maturation and 
growth has been guided with topographical cues. Rao and co-workers as well 
as Han and co-workers reported improved sarcomere orientation and cellular 
alignment in hiPSC-CMs, when they were cultured on microgrooved 
substrates (Rao et al., 2013) and aligned electrospun fibres (J. Han et al., 
2016). On the other hand, the effects of topographical cues on sarcomere 
length have been controversial, as it has been observed to improve in some 
studies (M. Khan et al., 2015; Wanjare et al., 2017) but not in others (J. Han 
et al., 2016). 

Adult CMs are exhibit high structural orientation with highly organized 
myofibrils and aspect ratio of 5–9 (Denning et al., 2016). hiPSC-CMs cultured 
on PET textiles had mean aspect ratio of approximately 4.9, which is already 
close to that of the adult CMs and significantly better compared to the hiPSC-
CMs cultured on coverslips. On the other hand, the sarcomere length of adult 
CM is on average 2.2 µm (Sarantitis et al., 2012), which is higher compared 
to the modal sarcomere length of approximately 1.75 µm observed in the 
hiPSC-CMs despite the culture substrate in study I. The cellular and sarcomere 
orientation are important aspects of CMs, as they allow maximum length 
contraction into one direction, which is crucial for efficient and coordinated 
contraction of cardiac muscle tissue. Thus, although still not in therapeutic use 
in clinics, cellular and sarcomere orientation are especially important in 
applications aiming for transplantation of hiPSC-CMs into injured 
myocardium after for example ischemic heart disease, as disorganized tissue 
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structure along with immature electrophysiology and poor integration to host 
tissue can lead to inefficient contraction and arrhythmias (Silver et al., 2021). 

Furthermore, cellular and sarcomere orientation can be beneficial and bring 
more insights into the disease phenotype and mechanisms in modelling 
diseases related to CM sarcomere structure and mutations, such as 
hypertrophic cardiomyopathy (Chou & Chin, 2021; Knight et al., 2021), 
although immature hiPSC-CMs have been shown to express the disease 
phenotype including cellular enlargement, abnormal calcium handling and 
increased arrhythmogenicity (Ojala et al., 2016; Prajapati et al., 2018). On the 
other hand, modelling other diseases not related to the sarcomeric structure or 
cell-to-cell connections may not require improved structural properties. For 
example, hiPSC-CMs have been successfully utilized in modelling 
catecholaminergic polymorphic ventricular tachycardia, where calcium 
handling of the CMs is impaired due to mutations in genes encoding calcium 
handling proteins, such as RYR2, CALM1, CASQ2 and TRDN, but mainly due 
to mutations in RYR2. The hiPSC-CMs with mutations in RYR2 have been 
shown to reproduce calcium related arrhythmias similar to the clinical 
phenotype (Pölönen et al., 2018). 

In modelling of ischemic heart disease and ischemia-reperfusion injury, 
perhaps the most important aspect of hiPSC-CM maturation is the metabolic 
maturation, as foetal CMs as well as hiPSC-CMs are known to be resistant to 
ischemic injury due to their metabolism relying more on glycolysis than fatty 
acid oxidation (Hidalgo et al., 2018). To induce severe ischemic insult to the 
hiPSC-CMs, hypoxia has often been induced for a prolonged period (T. Chen 
& Vunjak-Novakovic, 2019; Lu et al., 2018; Veldhuizen et al., 2022), whereas 
adult CM viability decreases quickly when oxygen is deprived (van der Weg 
et al., 2019). However, regarding different aspects of the disease mechanism, 
structural maturation of the CMs used for modelling the disease can be 
advantageous. For example, ischemia-reperfusion has been shown to decrease 
conduction velocity in cardiac tissue, which is known to be an anisotropic, 
orientation dependent property (Kotadia et al., 2021). Thus, adult-like 
structural properties, especially the cellular and sarcomere alignment can be 
beneficial in the modelling of ischemic heart disease as well. 
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6.2 Cardiac innervation model on 3D3C chip 

Cardiac autonomic nervous system innervates the cardiac tissue and affects 
greatly the functioning of the heart with respect to heart rate, contractility, and 
conduction velocity. As the two systems are functionally involved, 
dysfunction of one also affects the other (Hadaya & Ardell, 2020). Thus, 
human based cardiac innervation models can be valuable tools for disease 
modelling as well as drug and toxicology testing. However, culturing neurons 
with CMs without any restrictions does not correspond to the in vivo situation, 
where only the neuronal axons innervate the cardiac tissue (Végh et al., 2016). 
Thus, in study II, 3D3C chip restricting neuronal somas into one compartment 
and allowing only the axons growing from the neuronal to the cardiac 
compartment was used for coculturing hiPSC-CMs and hiPSC-neurons and 
for modelling cardiac innervation. 

The 3D3C chip enabled long-term cocultures of hiPSC-CMs and hiPSC-
neurons up to eight weeks, and based on video microscopy, phase-contrast 
images, and fluorescent images of the ICC staining, both cell types remained 
viable for the duration of the cultures. Furthermore, each cell type expressed 
their specific markers, which was observed via RT-qPCR and gene expression 
evaluation, as well as by immunolabelling neuron and cardiac specific 
proteins. RT-qPCR results showed that the samples from each compartment 
can be lysed, and the RNA can be extracted without the samples mixing. The 
3D3C chip allowed evaluation of the cell functionality and properties via 
versatile methods, including phase-contrast imaging, ICC and fluorescent 
imaging, cell type specific gene expression and video microscopy. Although 
not used in study II, as the cells could be lysed for RT-qPCR, they could most 
likely be lysed for protein expression studies via western blotting. Thus, the 
3D3C chip permits thorough characterization of the coculture and its 
functionality. 

Previously, cardiac innervation has been modelled by coculturing neurons 
and cardiomyocytes in free cocultures without restricting the cellular contacts 
(Oh et al., 2016; Takayama et al., 2020; Winbo et al., 2020), as well as in 
similar PDMS chips as used in study II, where the interaction is only allowed 
via axons (Oiwa et al., 2016; Sakai et al., 2017; Takayama & Kida, 2016; 
Takeuchi et al., 2011). In several of these studies, it has been shown that 
cardiomyocytes and neurons can form functional axon-mediated connections 
in restricted cocultures in vitro, however, only in studies where either or both 
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cell types were harvested from an animal source (Oiwa et al., 2016; Sakai et 
al., 2017; Takeuchi et al., 2011). Furthermore, hiPSC-derived neurons and 
CMs have been shown to form functional connections in vitro in free 
cocultures, where the neurons and CMs were seeded into the same culture dish 
(Takayama et al., 2020; Winbo et al., 2020), but that does not resemble the in 
vivo situation, where the neurons and CMs interact only via neuronal axons 
(Végh et al., 2016). On the other hand, the results from study II indicate, that 
the hiPSC-derived neuron and CMs can also form axon-mediated functional 
connections under restricted coculture in vitro. 

The hiPSC-neurons used in study II were derived using a protocol guiding 
their differentiation towards central nervous system cortical neurons 
(Hyvärinen et al., 2019), whereas the neurons in cANS consist of sympathetic 
and parasympathetic peripheral neurons (Végh et al., 2016). There are 
protocols for differentiation of sympathetic- and parasympathetic-like 
peripheral neurons (Oh et al., 2016; Takayama et al., 2020), which could be 
better suitable for cANS and cardiac innervation modelling. These could be 
incorporated into the model described in study II for better mimicking the 
neuron-CM interactions in cANS. Furthermore, incorporation of MEA and the 
possibility for electrical stimulation of the neurons and CMs could further 
improve the experimental setup for evaluating the interaction between the two 
cell types without inducing any disturbances to the cells, as the introduction 
of the chemical stimulation itself could induce a response from the neurons or 
the CMs, as they also respond to mechanical stimulation caused by the liquid 
change as showed in the study II. 

The cardiac innervation on a chip could be utilized in several applications, 
including disease modelling, developmental biology, drug screening and 
toxicology testing. For example, ischemic heart disease is known to affect the 
functioning of the axons and induce arrhythmias in the cardiac tissue (Kolettis 
et al., 2015). If this could be reproduced in vitro, also alleviating drugs could 
be screened and tested as treatment. Furthermore, coculture of several cell 
types of native cardiac tissue is known to improve hiPSC-CM maturation 
(Vuorenpää et al., 2017), and neurons and CMs are known to undergo 
comaturation during embryonic development of the heart and cANS 
(Habecker et al., 2016), which indicates that the coculture of the hiPSC-CMs 
and hiPSC-neurons could also improve the maturation state of each cell type, 
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and thus allow more mature disease models for cardiac and cANS related 
diseases and their treatments. 

6.3 Modelling cardiac ischemia and reperfusion with hiPSC-CMs 

Lately, several cardiac ischemia-reperfusion models utilizing hiPSC-CMs 
have emerged (Canfield et al., 2016; T. Chen & Vunjak-Novakovic, 2019; 
Fernández-Morales et al., 2019; Fiedler et al., 2019; Hidalgo et al., 2018; 
Kirby et al., 2018; Lu et al., 2018; Robertson-Gray et al., 2019; Sebastião et 
al., 2019, 2020; Shah et al., 2019; Välimäki et al., 2017; Veldhuizen et al., 
2022; Ward & Gilad, 2019; H. Wei et al., 2019; W. Wei et al., 2017; Zhao et 
al., 2018). However, most studies have focused on molecular markers, cell 
viability and structural markers of injury and stress to evaluate their models, 
with few evaluating the functionality, mostly concerning the contractile 
properties via video microscopy. Electrophysiology is an important aspect of 
the cardiomyocyte function (Eisner et al., 2017), but it has been less studied 
in hiPSC-CM based models of ischemia-reperfusion. 

In studies III and IV, chronic and acute ischemia and reperfusion were 
modelled respectively by inducing hypoxia and reoxygenation for hiPSC-CM. 
The advanced platform utilized for the ischemia modelling allowed exposure 
of individual samples to hypoxic conditions, as well as utilization of several 
methods for evaluating the hiPSC-CM response to hypoxia including 
immunocytochemistry, RT-qPCR, western blot and MEA. The individual gas-
tight chambers allowed collection of the samples one by one, minimizing the 
exposure to ambient air, which can be crucial for some hypoxia markers, such 
as HIF1-α that has half-life of 5 minutes under normoxia (Yin et al., 2016). 
Furthermore, the incorporation of the oxygen partial pressure measurement 
allowed real time monitoring of the oxygen level directly from the cell culture 
as well as comparison of the hiPSC-CM electrophysiological changes to the 
oxygen dynamics in the culture. In study III, hypoxia and reoxygenation were 
induced slowly over the course of hours, whereas in study IV, hypoxia and 
reoxygenation were achieved within 20 minutes. This allowed modelling of 
chronic and acute ischemia, respectively. 

Chronic myocardial ischemia develops slowly when the narrowing the 
coronary artery occurs due to build-up of plaque in the artery over time. As 
the blood supply to the myocardium decreases slowly over the course of years, 
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the cells of the myocardium may have time to initiate adaptive responses to 
the decreased oxygen and nutrient levels (Libby & Theroux, 2005), such as 
are observed in ischemic preconditioning when several transient ischemic 
episodes protect against ischemic injury (Ytrehus, 2006). Alternatively, acute 
myocardial ischemia occurs suddenly when a blood clot due to a rupture in the 
plaque immediately blocks the artery (Libby & Theroux, 2005). During 
chronic ischemia and reduced coronary perfusion, cardiac hibernation 
meaning reversible reduction in the CM contractile function occurs to reduce 
oxygen demand of the CMs (Ytrehus, 2006). Furthermore, myocardial 
stunning can occur up to several days after reperfusion, when CMs present 
contractile dysfunctions after re-establishing the coronary blood flow (Richard 
Conti, 1991). 

When blood flow is blocked to the myocardium, the aerobic metabolism 
ceases within 10 seconds, and within 20 seconds, anaerobic glycolysis 
becomes the primary pathway to produce high energy ATP. However, within 
90 seconds, glycolysis starts to slow due to lowered pH and sarcoplasmic 
NADH2/NAD ratio and most of the available ATP is used, at which point also 
myocardial contraction ceases. Within 15 minutes, intracellular pH has 
lowered below 6 and intracellular sodium slightly decreases due to NKA 
activity. After 20–40 minutes, irreversible injury starts when glycogen has 
been depleted, the mitochondria swell and intracellular Ca2+ and Na+ rise 
further (van der Weg et al., 2019). In addition, reperfusion is also typically an 
acute event, as the blood flow is restored to the myocardium by surgery (Bagai 
et al., 2014). The different disease mechanisms thus require different 
experimental modelling setups. 

6.3.1 Deterioration of hiPSC-CM sarcomere structure and expression of 
sarcomeric genes 

The morphological and structural changes observed in the hiPSC-CMs after 
hypoxia and reoxygenation included decrease of distinct sarcomere structures 
as well as decreased size of the nuclei. This was observed in both study III 
with the chronic IR model and study IV with the acute IR model, although the 
changes were most pronounced in study III samples that underwent chronic 
24-hour hypoxia-reoxygenation. However, similar observations were made in 
study IV acute hypoxia and hypoxia-reoxygenation samples, with more 
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notable changes in the hypoxia-reoxygenation samples. Similar observations 
regarding sarcomere deterioration have been made in other studies modelling 
IRI with hiPSC-CMs in vitro (T. Chen & Vunjak-Novakovic, 2019; Sebastião 
et al., 2020). 

Together the deterioration of the cellular structure and the observed 
decrease in the nuclei area are indications of cellular damage and apoptotic 
cell death (Fink & Cookson, 2005; Kwon et al., 2015). However, the 
morphological changes could also be indications of necrotic cell death, which 
is a known mechanism of cell death in IR (Wu et al., 2018), as no significant 
changes in the apoptotic genes were observed in neither study III nor IV. In 
study III, the morphological changes were further supported by western blot 
analysis of the sarcomeric proteins cTnT and cMyBP-C, which were 
expressed less especially in hypoxia-reoxygenation samples compared to 
control samples. Although it was not measured, the decreased expression in 
cTnT could be the result of its release from the hiPSC-CMs to the medium, as 
cTnT release is a marker of MI used in clinics (Mair et al., 2018). 

Studies III and IV differed from each other regarding the speed and 
duration of the hypoxia. In study III chronic model, 8- and 24-hour hypoxia 
periods were used, and the induction of hypoxia was slow, occurring over 
several hours, whereas in study IV acute model, hypoxia lasted only for three 
hours and could be induced within 20 minutes. The length of the hypoxia was 
observed to affect the morphological changes. The samples in study IV 
underwent acute 3-hour hypoxia period and presented better cellular 
morphology compared to the chronic 8-hour hypoxia samples in study III, 
which in turn presented better morphology compared to chronic 24-hour 
hypoxia samples. Also, reoxygenation was observed to induce morphological 
changes, which was clearer in study IV, where the acute 3-hour hypoxia 
induced relatively mild morphological changes, whereas the morphology and 
sarcomere deterioration were more visible after reoxygenation. This indicates, 
that the reoxygenation further induced cellular damage in the hiPSC-CMs, 
however, this was not as distinctive in study III chronic model, likely because 
the longer hypoxia periods already alone caused more severe hypoxia induced 
morphological changes. Although there were differences in the 8-hour 
hypoxia and hypoxia-reoxygenation samples, they were not as distinct as in 
study IV. 
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HIF1-α expression was not observed to increase in any hypoxia or hypoxia-
reoxygenation samples in study III or IV. On the contrary, its expression rather 
decreased. Furthermore, the fluorescence images of the ICC staining did not 
show HIF1-α translocation into the cell nucleus. It is possible that the HIF1-α 
expression peaked at some other timepoint not evaluated in these studies. On 
the other hand, there was variation in the expression of HIF1-α already in the 
control samples, so it is possible that a subtle increase of the protein could be 
masked by the inter-sample variation at the early hypoxia timepoints. 
Moreover, in the later hypoxia timepoints, HIF1-α could have been degraded 
via oxygen independent pathways (Iommarini et al., 2017). In study III, also 
the gene expression of HIF1A was evaluated, but there were no significant 
differences in its expression in hypoxia, hypoxia-reoxygenation and control 
samples. However, the regulation of HIF1-α is known to occur more on the 
protein level than on the gene expression level (J. W. Lee et al., 2019). 

6.3.2 Increased glycolysis-related gene expression 

The relative gene expression of the hiPSC-CMs after hypoxia and hypoxia-
reoxygenation was evaluated in studies III and IV regarding metabolism, 
hypoxia markers, cellular stress markers, sarcomeric genes, calcium handling 
genes and apoptotic genes. In study III, the relative expression of the evaluated 
genes was not observed to change statistically significantly after hypoxia, 
except for SLC2A1, which had higher mean expression in both 8- and 24-hour 
hypoxia samples compared to control samples. Furthermore, 24-hour hypoxia 
samples had higher mean expression of SLC2A1 compared to 8-hour hypoxia, 
and its mean expression was still elevated after 24-hour hypoxia-
reoxygenation, whereas no difference was observed between control and 8-
hour hypoxia-reoxygenation. On the other hand, no significant differences in 
the relative expressions of the glycolysis related genes SLC2A1 or PKM 
isoform 1 and 2 were observed in study IV after hypoxia or hypoxia-
reoxygenation. 

SLC2A1 encodes glucose transporter 1 protein, which is a transmembrane 
protein responsible for glucose uptake to the cell. As anaerobic glycolysis is 
relatively inefficient regarding ATP production, more glucose is required to 
produce enough energy for the cell to function leading to increase of glucose 
transporters on the cell membrane (Rosano et al., 2008). Thus, the elevation 
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in its expression in study III after hypoxia is expected, and similar increase 
has been observed in other studies modelling ischemia in vitro (Choi et al., 
2021; J. Wei et al., 2015). SLC2A1 expression was observed to increase 
temporally during hypoxia, as no increase in its expression was observed in 
study IV after the acute 3-hour hypoxia, whereas in study III, the SLC2A1 
expression was elevated after 8-hour hypoxia and further increased in during 
24-hour hypoxia. The increase in the SLC2A1 expression did not stem from 
the glucose-free medium, as also the control hiPSC-CMs were cultured in the 
same medium. 

In study IV, the expression of two isoforms of PKM gene encoding muscle 
type pyruvate kinase M1/2 related to glycolysis was also evaluated, as 
ischemia is known to induce switch in the PKM isoform expression, so that 
the isoform 1 is the dominant in normal conditions, but during ischemia, the 
expression the isoform 2 increases (Williams et al., 2018). However, there 
were no significant changes in their expression after hypoxia or hypoxia-
reoxygenation. In study III, also the expression of ACAA1 or ACADM related 
to FA metabolism was inspected, but no significant decrease was observed 
during hypoxia. Shift from FA to glycolytic metabolism is a known 
consequence of ischemia, and also been shown to occur in vitro with primary 
neonatal rat CMs (J. Wei et al., 2015).  Thus, it is likely that the hiPSC-CMs 
used in these studies are not utilizing FA as a primary energy source, which is 
typical to immature hiPSC-CMs (Hidalgo et al., 2018). However, the increase 
in SLC2A1 expression during hypoxia in study III indicates that the hiPSC-
CMs are enhancing their glycolytic metabolism by increasing the expression 
of the respective glucose transporter and thus trying to increase the glucose 
uptake to the cell. 

6.3.3 hiPSC-CM electrophysiological properties changed during hypoxia 

Significant differences in the hiPSC-CM electrophysiology were observed 
during hypoxia compared to baseline regarding beating frequency, 
depolarization time and amplitude, as well as field potential propagation. On 
the other hand, beating rate corrected field potential duration was not observed 
to change significantly, whereas the raw values of the field potential duration 
showed decrease during hypoxia. The parameters mostly recovered to baseline 
level during reoxygenation, although for example depolarization time and 
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field potential propagation remained elevated even at the end of the 
reoxygenation period, indicating of the ability of the hiPSC-CMs to reproduce 
both ischemic hibernation type of injury during hypoxia as well as reperfusion 
related stunning type of injury after reoxygenation (Richard Conti, 1991; 
Ytrehus, 2006). The observed changes correlated well with the changes known 
to occur in adult CMs during ischemia (Klabunde, 2017) and reperfusion 
(Manning & Hearse, 1984). 

Hypoxia decreased hiPSC-CM beating frequency 

Beating frequency was observed to decrease as a response to hypoxia and 
recover during reoxygenation in both studies III and IV. In the chronic 
ischemia model in study III, the decrease in the beating frequency occurred 
gradually and started five hours after the initiation of the hypoxia, whereas 
with the acute ischemia model in study IV, the response was much quicker, 
and the decrease started within 15–30 minutes of hypoxia. This was expected, 
as the decrease in the pO2 occurred much more rapidly in the acute compared 
to the chronic model. Furthermore, the hiPSC-CMs in the chronic model were 
observed to adapt to the hypoxic conditions during the late phases of hypoxia, 
as the beating frequency was observed to increase already before the start of 
the reoxygenation. On the other hand, no similar adaptation of the hiPSC-CMs 
to the hypoxic conditions was observed in the acute ischemia model, but the 
beating frequency recovered only after the reoxygenation started. This could 
be due to the shorter hypoxia period, during which the hiPSC-CMs did not 
have time to adapt, as in the chronic model, the recovery only started between 
10–15 hours of hypoxia. 

Hypoxia has been shown to decrease cardiomyocyte beating frequency and 
reoxygenation has been shown to recover it in several studies (Durot et al., 
1997; Laubriet et al., 2001; Liu et al., 2020; Shah et al., 2019; Välimäki et al., 
2017, 2020; Wenzel et al., 2002). This is expected, as cardiomyocyte 
excitation-contraction coupling is an energy-consuming phenomenon, and the 
lack of oxygen during hypoxia and ischemia prevents the CMs from producing 
sufficient amount of energy for the contraction (Martínez et al., 2017). 
Furthermore, the restoration of oxygen allows the recovery of the energy 
production, which in turn enables the contraction to continue (Hausenloy & 
Yellon, 2013). However, interestingly the hiPSC-CM beating was observed to 
recover in study III already at late phases of hypoxia when oxygen was still 
not present in the culture. 
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This adaptation of the hiPSC-CMs to the hypoxia in study III chronic model 
is likely due to balancing of energy supply and demand (Stecyk et al., 2008), 
however, the mechanisms behind the balancing can only be speculated. Most 
likely the hiPSC-CM immature phenotype is at least partially responsible for 
the adaptation, as they are known to be more resistant to hypoxia due to their 
better ability to increase glycolytic flux and utilize anaerobic glycolysis for 
energy production (J. Patterson & Zhang, 2010; Neary et al., 2014). This 
hypothesis is supported by the increase in the SLC2A1 expression, indicating 
that the cells are enhancing their glucose uptake and glycolysis. Although the 
medium used in the experiments was glucose-free and it was exchanged to the 
cells on the day before inducing hypoxia, it is possible that the hiPSC-CMs 
have had some residual glucose left, which has been utilized for energy 
production at late phases of hypoxia. However, it is possible that other 
mechanisms might be behind the adaptation as well. Furthermore, the 
adaptation shows that the pH in the cultures did not decrease during hypoxia, 
as lowered pH is known cause troponin C insensitivity to Ca2+, which inhibits 
CM contraction (Sanada et al., 2011). This is probably due to the large volume 
of the medium compared to the number of cells in the culture. 

Depolarization time and amplitude 

During hypoxia, hiPSC-CM field potential depolarization time was observed 
to increase at the same time as the FP depolarization amplitude was observed 
to decrease. Both were observed to recover during reoxygenation, although 
the depolarization time did not fully recover to baseline level. These changes 
were observed in both chronic ischemia model in study III and acute ischemia 
model in study IV, although the results from study III are only indicative due 
to low number of analysed samples. Similar decrease in the FP depolarization 
time was observed by Liu and co-workers in their HL-1 cell model of ischemia 
(Liu et al., 2020), however, otherwise the detailed electrophysiological 
properties of CMs have not been extensively evaluated, especially from 
hiPSC-CM models of ischemia-reperfusion. 

FP depolarization is thought to correlate to the upstroke (phase 0) of action 
potential (Tertoolen et al., 2018), although the FP in studies III and IV is a 
combined extracellular signal of the group of hiPSC-CMs above the recording 
electrode, whereas AP is a property of a single CM. The upstroke is known to 
have lower peak-to-peak amplitude in ischemia due to partial depolarization 
of the CMs. Furthermore, the upstroke phase is known to be slower during 
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ischemia (Klabunde, 2017). Thus, the changes observed in the hiPSC-CM tdep 
and Adep in studies III and IV correlate well with the changes known to occur 
in cardiomyocyte action potential during ischemia. Furthermore, these 
changes recovered close to baseline during reoxygenation, which is known to 
occur in reperfusion when the blood flow is restored to the ischemic area 
(Manning & Hearse, 1984). These results indicate that the models reproduce 
relevant electrophysiological changes when exposed to hypoxia and 
reoxygenation, thus suggesting their usefulness in modelling ischemia-
reperfusion. 

Field potential duration 

Beat rate corrected field potential duration was not observed to change when 
hiPSC-CMs were exposed to acute hypoxia and reoxygenation in study IV. 
However, although it is known that beating rate affects the field potential 
duration, correction formulas designed for physiological range of beating rate, 
such as Bazett’s or Fridericia’s formulas, may not work as that well for 
extremely low or high beating frequencies (Funck-Brentano & Jaillon, 1993). 
In study IV, the hiPSC-CM mean baseline beating frequency was generally 
relatively low, only 27.18 ± 11.94 beats per minute, and even lower during 
hypoxia (9.21 ± 6.84 beats per minute during 30–180 min hypoxia). Thus, also 
the raw FPD was evaluated, which showed a decrease in FPD during hypoxia 
and recovery of the FPD during reoxygenation. 

Liu and co-workers observed a decrease in the duration of AP-like signals 
they recorded from the HL-1 cell model during hypoxia using electroporation 
and intracellular electronics. In their system, they also had incorporated 
extracellular electronics recording field potentials, however, they did not 
analyse the FPD for comparison with the AP-like signal duration (Liu et al., 
2020). Overall, the decrease in the raw FPD values during hypoxia observed 
in study IV would be in line with the decreased AP duration known to occur 
during ischemia (Klabunde, 2017), however, the reliability of the results can 
be argued due to the lack of correction with regard to the beating rate. Pacing 
of the hiPSC-CMs would have been optimal to eliminate the effect of 
variability in the beating rate and for evaluating the effect of hypoxia and 
reoxygenation on FPD in both studies. However, pacing was not available in 
the used experimental setup. In the future, this could bring further insights into 
the described ischemia models and would be a valuable addition to the system. 
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Field potential propagation 

Field potential propagation through the hiPSC-CM sheet over the MEA 
electrode grid was observed to decrease during hypoxia and recover during 
reoxygenation in both studies III and IV, however, it did not fully recover to 
the baseline level during reoxygenation in neither study. Similar results were 
reported by Liu and co-workers in their HL-1 cell model of ischemia (Liu et 
al., 2020), and the slowing of the cardiac conduction velocity is known to 
occur during ischemia and reperfusion due to several reasons. Generally, the 
cardiac conduction velocity is affected by upstroke velocity, cell-to-cell 
coupling (De Boer et al., 2008; B. Han et al., 2021) as well as size and shape 
of the cardiomyocytes. Furthermore, during the healing of the infarcted area 
after ischemia-reperfusion, formation of non-specific scar tissue reduces 
conduction velocity in the cardiac tissue (B. Han et al., 2021). 

In the presented chronic and acute ischemia-reperfusion models, the 
reduction of the FP propagation time most likely stems from the reduced 
depolarization time and cell-to-cell uncoupling. Furthermore, morphological 
changes observed in the hiPSC-CMs could be partially responsible for the 
slowing the FP propagation, as these changes were not observed to recover 
during reoxygenation, which could explain why the FP propagation did not 
fully recover either. On the other hand, as the models consisted of purified 
hiPSC-CM samples and there were no fibroblasts present in the cultures, 
fibroblast proliferation related to scar formation and reduced conduction in the 
heart after ischemia-reperfusion is not likely cause for the slowing of the 
conduction in the presented models. However, the observed changes indicate 
that the hiPSC-CMs successfully reproduced yet another electrophysiological 
change characteristic to ischemic heart disease, supporting their usefulness in 
modelling the disease. 

6.4 Limitations of the study 

One major limitation in utilizing hiPSC-CMs in different application is their 
immature phenotype compared to adult CMs (Ahmed et al., 2020; Liao et al., 
2021). This becomes a disadvantage especially regarding the modelling of the 
cardiac ischemia-reperfusion as was done in studies III and IV, as the hiPSC-
CMs are known to rely more on glycolysis than fatty acid oxidation for energy 
production (Hidalgo et al., 2018), whereas many of the ischemic responses in 
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cardiomyocytes stem from the switch from FA oxidation to anaerobic 
glycolysis when oxygen is deprived of the cardiac tissue (Martínez et al., 
2017). Moreover, ischemia is known to be accompanied by decrease of pH 
(Hausenloy & Yellon, 2013) and known to affect the ischemic response of the 
CMs. Lowered pH inhibits the cardiac contraction during ischemia, as it 
causes troponin C to become insensitive to Ca2+, which prevents the revelation 
of myosin binding sites in the actin filaments (Sanada et al., 2011). However, 
acidic medium was not used in studies III or IV as it has been used in some in 
vitro models of cardiac ischemia where hiPSC-CMs have been used 
(Fernández-Morales et al., 2019; Hidalgo et al., 2018). In study IV, pH was 
measured after hypoxia and hypoxia-reoxygenation, but it was not observed 
to change most likely due to the large volume of the cell culture medium 
compared to the number of the cells per sample. 

The heart comprises of several other cell types, such as fibroblasts and 
endothelial cells, in addition to cardiomyocytes, which also contribute to the 
cardiac response to ischemia and reperfusion and the disease pathophysiology 
(Flores-Vergara et al., 2021). The ischemia-reperfusion models presented in 
studies III and IV lacked the other cell types, which can affect the utility and 
application of these models. However, several key electrophysiological 
changes were observed in the hiPSC-CM models of chronic and acute 
ischemia-reperfusion, indicating that they could be useful for example for 
drug screening and studying electrophysiology-related mechanisms of the 
disease and its treatments. 

Maturation of the hiPSC-CMs in study I was induced by culturing them on 
PET textiles. However, this method was not used for maturation of the hiPSC-
CMs in later studies II–IV. This was thought not feasible, as the textiles would 
not have allowed the use of such extensive set of analysis methods, including 
MEA and video microscopy. In a study by Han and co-workers, hiPSC-CMs 
were replated on flat surface after maturation period on fibrous scaffolds (J. 
Han et al., 2016), which could have been considered in study I. Yet, detaching 
and reseeding the cells could revert the achieved structural maturation and 
thus, the method was not used in subsequent studies for hiPSC-CM 
maturation. Also, the PET textiles do not resemble the cardiac tissue regarding 
softness and elasticity and although structural maturation was observed after 
culturing hiPSC-CMs on the textiles, it can be argued that softer and more 
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elastic material allowing the hiPSC-CMs to really shorten during contraction 
would be more optimal for culturing and maturing them. 

In studies I–III, one limitation was the number of hiPSC lines used in the 
experiments, as only one hiPSC line was used for cardiac differentiation, while 
cell line variability is a well-known concern. However, in study IV, three 
individual control hiPSC lines were used for cardiac differentiation, and the 
electrophysiological responses of the hiPSC-CMs to hypoxia and 
reoxygenation were similar. On the other hand, results from studies I and II 
could be beneficial to repeat with additional cell lines. Furthermore, in study 
II, the neuronal differentiation was originally developed to induce cortical 
neurons (Hyvärinen et al., 2019), whereas cANS consists of sympathetic and 
parasympathetic peripheral neurons (Végh et al., 2016). There are several 
protocols for differentiation of specific types of neurons (Oh et al., 2016; 
Takayama et al., 2020), which could be utilized in the cardiac innervation 
model in the future experiments. 

6.5 Future perspectives 

Although the immaturity of the hiPSC-CMs hiders their application in disease 
modelling and drug screening, they are a desirable source of human 
cardiomyocytes, which are otherwise difficult to harvest and culture 
(Karakikes et al., 2015). The basic pathophysiology of the ischemic heart 
disease and cardiac ischemia-reperfusion injury are relatively well 
characterized (Hausenloy & Yellon, 2013). However, there is still a lot to be 
revealed on the detailed disease mechanisms, and currently there are no 
effective treatments to reduce the infarct size (T. Chen & Vunjak-Novakovic, 
2018). To better understand the ischemia-reperfusion injury and to develop 
relevant treatments, also relevant models are required. Animal models are 
imperative for translating in vitro results into humans, however, due to ethical 
considerations and translational difficulties due to species differences, their 
usage should be minimized. Here, hiPSC-CM based in vitro models give the 
opportunity to rigorously evaluate pathways important in IRI as well as initial 
testing of therapeutic options in human cell models with the possibility for 
better control and manipulation of the experimental conditions compared to 
animal models (T. Chen & Vunjak-Novakovic, 2018). 
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There are already several studies where hiPSC-CMs have been utilized in 
modelling of myocardial IRI (Canfield et al., 2016; T. Chen & Vunjak-
Novakovic, 2019; Fernández-Morales et al., 2019; Fiedler et al., 2019; 
Hidalgo et al., 2018; Sebastião et al., 2020; Shah et al., 2019; Veldhuizen et 
al., 2022; H. Wei et al., 2019; W. Wei et al., 2017) and many any aspects of 
the IRI have been successfully reproduced with hiPSC-CMs. The immaturity 
of the hiPSC-CMs has been considered in a few studies for example by 
inducing metabolic maturation (Hidalgo et al., 2018) and low pH and nutrient 
deprivation, which are known to accompany hypoxia and contribute to the 
ischemic injury, have been incorporated in several studies as well (T. Chen & 
Vunjak-Novakovic, 2019; Hidalgo et al., 2018; Sebastião et al., 2020). 
However, few of the models have incorporated any functional evaluation of 
the cells, but the focus in in vitro models has generally been in cell viability 
and molecular markers of ischemia. 

Contractility is an important aspect of CMs and tightly coupled with the 
electrophysiology of the cells (Eisner et al., 2017) but only a few studies where 
ischemia has been modelled with hPSC-CMs have incorporated functional 
evaluation, and mostly just beating frequency (Choi et al., 2021; Shah et al., 
2019; Välimäki et al., 2017, 2020; Veldhuizen et al., 2022), although calcium 
kinetics have also been evaluated (Fernández-Morales et al., 2019; W. Wei et 
al., 2017). In this thesis, the focus was on the detailed electrophysiological 
responses of the hiPSC-CMs to hypoxia and reoxygenation acquired with 
MEA. The electrophysiological data, including beating frequency, FP 
depolarization time and amplitude, FP duration and FP propagation time could 
be combined with real time pO2 measurement directly from the cell cultures, 
which allowed comparison of the occurred changes to the oxygen level of the 
cultures. Taken together, the accumulating knowledge of hiPSC-CMs 
responses to hypoxia and reoxygenation will likely enhance their utilization 
as a human based in vitro model of ischemia-reperfusion in the future and 
contribute to revealing disease mechanisms and drug development for 
alleviating the IR injury. 

The ischemia-reperfusion models presented in studies III and IV can be 
further combined with the knowledge acquired from studies I and II regarding 
the maturation and the cardiac innervation modelling. Coculture with other 
cell types present in cardiac tissue, including fibroblasts and endothelial cells 
is known to improve hiPSC-CM maturation (Vuorenpää et al., 2017), and 
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could also be important regarding ischemia modelling, as the other cell types 
are also known to participate in the tissue response to IRI (Flores-Vergara et 
al., 2021). Furthermore, IRI is known to affect the innervating axons of the 
neurons of cANS, and known to result in cardiac arrhythmias (Kolettis et al., 
2015). By combining a cardiovascular construct consisting of hiPSC-CMs, 
endothelial cells and fibroblasts to the compartmentalized microfluidic 3D3C 
chip for coculture with sympathetic or parasympathetic peripheral hiPSC-
neurons could provide a relevant human based model for studying the 
mechanisms and pathophysiology of cardiac ischemia-reperfusion as well as 
for screening therapeutics and treatments for reducing the injury to the cells.  
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7 CONCLUSION 

This thesis focused on modelling cardiac ischemia and reperfusion utilizing 
hiPSC-CMs. The knowledge acquired from studies I–IV is aimed for further 
development of human based in vitro disease models, especially for ischemic 
heart disease and ischemia-reperfusion injury. Based on these studies, 
following conclusions can be drawn: 

1. The platform for inducing chronic and acute hypoxia and 
reoxygenation to hiPSC-CMs allows the easy use of several methods 
for characterization of the culture conditions and the cellular responses 
to the oxidative stress, including measurement of oxygen partial 
pressure, recording hiPSC-CM field potentials, evaluating cellular 
morphology as well as protein and gene expression. 

2. hiPSC-CMs reproduce several electrophysiological changes 
characteristic to ischemia and reperfusion when subjected to both 
chronic and acute hypoxia and reoxygenation. These include decrease 
in beating frequency, depolarization amplitude, as well as increase in 
depolarization time and field potential propagation time. 

3. Hypoxia and reoxygenation induce morphological changes in hiPSC-
CMs, including deterioration of the sarcomeres as well as decreased 
nuclei size both in chronic and acute model. In the acute model, the 
changes were more pronounced in hiPSC-CMs after hypoxia-
reoxygenation compared to hypoxia alone indicating that 
reoxygenation further injures the hiPSC-CMs, and that the models are 
capable of mimicking also reperfusion injury. 

4. The structural maturation of hiPSC-CMs improves upon culturing 
them on PET textiles, which is indicated by improved cellular 
alignment and sarcomere orientation. However, effects on other 
aspects of maturation, including the expression of cardiac genes or 
sarcomere length were not significant. Furthermore, application of 
these textiles in other experiments proved to be difficult. 
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5. Coculture of hiPSC-CMs and hiPSC-neurons in compartmentalized 
microfluidic chip allows modelling cardiac innervation via axon-
mediated interaction between cardiomyocytes and neurons. Further 
development with incorporation of peripheral sympathetic or 
parasympathetic neurons, microelectrode array technology and 
combining the coculture with the hypoxia and reoxygenation 
equipment could create a powerful tool for modelling cardiac ischemia 
in a cardiac innervation model. 

In conclusion, these studies show that hiPSC-CMs can reproduce several 
key changes characteristic to ischemia and ischemia-reperfusion in a platform 
allowing the utilization of extensive set of methods for evaluating the hiPSC-
CM responses. The advantage of the presented model is its simplicity, and the 
possibility to incorporate several methods for thorough characterization of the 
hiPSC-CM response to hypoxia and reoxygenation. Furthermore, 
incorporation of continuous pO2 measurement further improves the 
understanding of the cellular responses to hypoxia and reoxygenation and 
allows the validation of specific oxygen conditions experienced by the cells. 
In the future, combining the ischemia modelling platform with the 
compartmentalized coculture chip for modelling ischemia-reperfusion in 
cardiac innervation model could be the next step for in vitro ischemia 
modelling.  
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Abstract: Human-induced pluripotent stem cell-derived cardiomyocytes (hiPSC-CMs) have the
potential to serve as a model for human cardiomyocytes. However, hiPSC-CMs are still considered
immature. CMs differentiated from hiPSCs more resemble fetal than adult cardiomyocytes.
Putative factors enhancing maturation include in vitro culture duration, culture surface topography,
and mechanical, chemical, and electrical stimulation. Stem cell-derived cardiomyocytes are
traditionally cultured on glass surfaces coated with extracellular matrix derivatives such as gelatin.
hiPSC-CMs are flat and round and their sarcomeres are randomly distributed and unorganized.
Morphology can be enhanced by culturing cells on surfaces providing topographical cues to the
cells. In this study, a textile based-culturing method used to enhance the maturation status of
hiPSC-CMs is presented. Gelatin-coated polyethylene terephthalate (PET)-based textiles were used
as the culturing surface for hiPSC-CMs and the effects of the textiles on the maturation status of
the hiPSC-CMs were assessed. The hiPSC-CMs were characterized by analyzing their morphology,
sarcomere organization, expression of cardiac specific genes, and calcium handling. We show that the
topographical cues improve the structure of the hiPSC-CMs in vitro. Human iPSC-CMs grown on
PET textiles demonstrated improved structural properties such as rod-shape structure and increased
sarcomere orientation.

Keywords: textile; PET; biomaterials; iPS-cells; cardiomyocytes; maturation; gene expression

1. Introduction

Cardiovascular diseases are the leading cause of death worldwide [1]. Cardiotoxicity is one of
the main causes of withdrawal of drugs from the market [2]. Traditionally, new cardiac drugs and
the cardiotoxicity of cardiac and non-cardiac drugs have been tested with rodent cardiomyocytes
as well as with transfected non-cardiac cells [3–5]. However, the results of these experiments are
not always applicable to humans. Therefore, more accurate human cardiomyocyte models are
needed for preclinical analysis of drugs as well as for basic research and disease modeling of human
cardiac diseases [6]. Human-induced pluripotent stem (hiPS) cells can be reprogrammed from any
somatic cell by introducing the pluripotency factors [7] and these cells can be differentiated into
functional cardiomyocytes with multiple methods, as recently reviewed [8]. However, these cells
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have been criticized as being immature and more resembling fetal than adult cardiomyocytes
(CMs) [9]. Compared to adult human CMs, hiPSC-CMs are small in size, round or multi-angular,
and typically single-nucleated, whereas adult CMs are rod-like and large, with 25%–57% of the
cells multi-nucleated [10,11]. The aspect ratio can be used as an indicator of the cell shape. Due to
the round shape, hiPSC-CMs have an aspect ratio of (2–3): 1, whereas adult CMs are clearly
longitudinally-oriented with an aspect ratio of (5–9):1. Sarcomeres of the hiPSC-CMs are disorganized
and short (<2 µm), the sarcoplasmic reticulum is poorly developed, and the sarcolemma exhibits
no transverse tubules [10,12]. The electrophysiological properties and the gene expression of the
hiPSC-CMs differ from adult CMs [12].

The contractile ability of CMs is enabled by multiple sarcomere units that are integrated in the
cytoskeleton of the cell [13]. The efficiency of the CM contraction relies on the proper orientation
and length of the sarcomeres and on the rod-like shape of the cell [14]. Thus, the structural
maturation of the cells has been the focus when studying maturation methods for hiPSC-CMs.
Multiple methods and strategies have been suggested to improve the maturation of hiPSC-CMs
in vitro, including topographical cues, substrate stiffness, medium additives, mechanical and electrical
stimulation, genetic manipulation, and co-culture with other cell types [10,15]. However, a deeper
understanding of the maturation process of hiPSC-CMs is still required to develop platforms to promote
the maturation of the cells and producing hiPSC-CMs more resembling adult CMs.

Various scaffolds have been studied to orient hiPS-CMs, such as electrospun-aligned fiber
textiles [16,17] and micro-grooved culture substrates [18]. Most of the cell cultures in vitro are coated
on flat surfaces, which provide a two-dimensional (2D) environment for the cells. 2D culture forces
cell polarization by providing cell-extra cellular matrix (ECM) connections on only one side of the
cells [19,20]. Cells in 2D are usually flat because they try to spread out on the surface. By providing
a three-dimensional (3D) environment with proper topographical cues and an extracellular matrix,
cells can create more cell–ECM connections, which potentially affect cell proliferation and even
differentiation and maturation [20]. Stiffness of a flat, 2D culture substrate affects cell properties,
proliferation, and differentiation [21]. To increase the cardiac functionality and maturity, hiPS-CMs
have been cultured with, for example, endothelial cells, and this has shown to enhance cardiomyocyte
proliferation and functionality [22]. Co-culture of hiPS-CMs with cardiac fibroblasts has improved the
structural and functional properties of the cells [23,24]. A similar maturation-enhancing effect was
observed when cardiomyocytes were cultured on top of the vascular-like network produced from
endothelial cells and fibroblasts [25,26]. Stem-cell-derived cardiomyocytes aligned according to the
vascular structures of the network and their sarcomere structures were more oriented.

Textiles create a 3D culture environment and provide topographical support for different types of
cells. Having a highly interconnective porous structure, textiles enable access of media and nutrients
to the cells inside the material. Weaving is a conventional and basic textile technique that can also
be used to fabricate tissue engineering scaffolds. Weaving enables the formation of textile structures
with controllable properties, such as porosity, orientation, morphology, and mechanical properties.
These parameters can be modified, for example, by changing the number of filaments, filament diameter,
and weaving patterns. Biostable polyethylene terephthalate (PET) is one of the most used polyesters,
and has many applications including in biomedical applications, for example as hernia meshes. It has
also been used in many cell culture studies. The raw material of fibers can be changed too, and in the
future, biodegradable textiles could be used as a vehicle for implantation of cardiomyocyte sheets for
myocardial ischemia or scar repair applications [27–29].

In this study, PET textiles were used as culture substrates for hiPSC-CMs. The aligned textile
fibers were hypothesized to provide sufficient topographical cues to improve the maturation state of
hiPSC-CMs. The PET textiles had different weaving patterns, including a plain weave and a plain
weave derivative, which altered their topography and other properties. They were coated with
different biological compounds: GeltrexTM (Thermo Fisher Scientific) and gelatin were used. The CMs
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were characterized by cell morphology, sarcomere organization, expression of cardiac specific genes,
and calcium handling properties.

2. Materials and Methods

2.1. l Polyethylene Terephthalate Textile

Five different PET textiles were used (PET 1–5, Figure 1). They differed in color, texture of the
fibers used as warp and weft, single filament (fiber) thickness, textile density, and pattern of the
textile according to the details listed in Table 1. The average single filament thickness (measured from
immunostaining images using autofluorescence of the fibers and ImageJ software used in the textiles
varied between 20.4 and 24.4 µm without significant differences. All the textiles were of narrow fabric
type, i.e., they were woven by a narrow-weaving loom having aligned fibers in their structure as warps.
Perpendicular to the warps, the interweaving wefts formed the structure for the textile according to the
pattern followed. The textile pattern of PET 1–4 was the same, plain weave, but other parameters varied.
PET 5 was an in-house-designed plain weave derivative (pattern drawings in Figure 1). The textiles
were woven narrow fabrics and the width of the textiles was 9 mm. The textiles were cut to pieces
of 7–8 mm before final sterilization and cell seeding. Textiles were washed with ethanol (3–4 times
washing with excess amounts of alcohol), followed by thorough drying before heat treatment. All the
textiles were heat treated to stabilize the textile structure for the cell culture experiments.

Figure 1. Structures of the polyethylene terephthalate (PET)-based textiles types 1–5 used in the present
study, imaged with a Zeiss Axio Vert.A1 microscope (bright field) and AxioCam MRc5 camera using 5×
objective. PET types 1–3 (A–C, respectively) were commercial textiles produced by Inka Oy, Killinkoski,
Finland. PET types 4 and 5 (D,E, respectively) were produced at Tampere University, Tampere, Finland.
Warp beams were provided by Finn-Nauha Oy, Haapamäki, Finland (yarn from Sinterama, Biella,
Italy). The weaving type of the type 4 and 5 PET textiles were plain weave and plain weave derivative,
respectively, as shown in lower left corner of the images.
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Table 1. Details, manufacturers, and warp and weft type and diameter of a single filament (mean + SD)
of the different PET textiles. Types 1, 2, and 3 were commercial textiles produced by Inka Oy, Killinkoski,
Finland. Types 4 and 5 were produced at Tampere University, Tampere, Finland. Warp beams were
provided by Finn-Nauha Oy, Haapamäki, Finland (yarn from Sinterama, Biella, Italy).

Textile Type and Details Figure Manufacturer Warp/Weft Single Filament ø (µm)

PET 1
Colorless, heat treated 1A Inka Oy, Killinkoski, Finland Textured/textured 24.4 ± 1.82

PET 2
Colorless, heat treated 1B Inka Oy, Killinkoski, Finland Straight/textured 23.2 ± 1.43

PET 3
Colorless, heat treated 1C Inka Oy, Killinkoski, Finland Textured/textured 22.9 ± 1.91

PET 4
Blue, heat treated 1D Yarn: Finn-Nauha Oy, Haapamäki, Finland

Textile: Tampere University of Technology Straight/straight 20.4 ± 1.53

PET 5
Blue, heat treated 1E Yarn: Finn-Nauha Oy, Haapamäki, Finland

Textile: Tampere University of Technology Straight/straight 22.0 ± 1.4

2.2. Textile Coating

The PET textiles were coated to create a thin layer on the textile to increase attachment without
compromising textile topography. Five different surface coatings were tested in the optimization phase
of the present study: GeltrexTM, Gelatin, dopamine-bound gelatin coating, plasma-treatment of the
textile without any coating, and plasma-treatment and gelatin-coating. Two replicates of each coating
were used in each experiment. The glass coverslips were used as the control surface for hiPS-CMs.
During the optimization phase of the experiment, all five PET types were used, and all different coating
methods were tested for each PET type. In the experiment phase, only the gelatin coating was used for
PET type 5.

To improve the attachment of the coating, as well as the attachment of the cells, PET textile was
plasma-treated prior to gelatin coating. The plasma treatment was performed with plasma system
Pico, Model 2, standard system controlled via PC and Windows CE operating system (control type
C: PCCE control) and with reactive ion etching electrode. The electrode was type E (stainless steel),
the generator was type D (13.56 MHz, 0-100W) (Diener electronic GmbH, Ebhausen, Germany) and the
vacuum pump was Leybold 19 SC5D (Leybold Vacuum GmbH, Cologne, Germany). The gas used in
the plasma treatment was O2 and PET textiles were treated for 2 min in 0.4 mbar pressure with 50 W.

Prior to coating, the textiles and the coverslips were disinfected by washing with 70% ethanol
(Altia, Rajamäki, Finland) and left to dry properly (1–2 h) before coating in the laminar hood.

GeltrexTM and gelatin were used as coating materials. GeltrexTM (Thermo Fisher Scientific,
Waltham, Massachusetts, USA) was thawed and diluted 1:100 in KnockOut Dulbecco’s Modified Eagle
Medium (DMEM) (Thermo Fisher Scientific, Waltham, Massachusetts, USA). We pipetted 500 µL and
150 µL of diluted GeltrexTM on PET textiles and coverslips, respectively, which were incubated at 37 ◦C
for 1 hour. Excess coating was aspirated just prior to the cell plating in all cases.

Gelatin coating was performed in three different ways. In the first method, Type A porcine gelatin
(Sigma-Aldrich, Saint Louis, Missouri, USA) was dissolved in phosphate buffered saline (PBS) to form
0.1% solution. We pipetted 500 µL and 150 µL of 0.1% gelatin solution on PET textiles and coverslips,
respectively, which were incubated in room temperature for an hour. The second method involved
using plasma treatment before gelatin coating. The third method was used to improve the attachment
of gelatin to a polymer [27]. Dopamine hydrochloride (Sigma-Aldrich, Saint Louis, Missouri, USA) was
used to crosslink gelatin with the PET fibers. The PET fibers were incubated in 2 g/L dopamine solution
for 24 h on a shaking bed at room temperature. After washing with distilled water, the samples were
incubated in 5% (w/v) Gelatin type A (Sigma-Aldrich, Saint Louis, Missouri, USA) solution for 24 h at
37 ◦C. After incubation in gelatin, the samples were washed overnight in distilled water at 37 ◦C to
remove non-chemically bound gelatin.

2.3. Cell Culture and Differentiation of hiPSC-CMs

The hiPSC line UTA.04602, produced from dermal fibroblasts of a healthy individual and cultured
as previously described [30], was used in the study. The ethical committee of Pirkanmaa Hospital
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District (Tampere, Finland) approved collection of biopsies for generating patient-specific hiPSC lines
and written informed consent was obtained from all the donors (Aalto-Setälä R08070). The hiPSCs
were cultured in mTeSR1 medium (STEMCELL Technologies, Vancouver, Canada) on a GeltrexTM

(Thermo Fisher Scientific, Waltham, Massachusetts, USA)-coated surface. The culture medium was
changed three times a week for the cells and they were passaged for a one-week culture using Versene
(Thermo Fisher Scientific, Cibco, Billings, Montana, USA).

Small molecule differentiation was achieved as previously described [31] with small exceptions.
In short, the differentiation was initiated when the hiPSC-culture was 100% confluent (day 0) by
changing the mTeSR1 medium to insulin-free RPMI/B27 (Thermo Fisher Scientific, Cibco, Billings,
Montana, USA) medium containing 8 µM CHIR99021 (Tebubio, BPS Bioscience, San Diego, California,
USA) and 0.5% penicillin/streptomycin. After 24 hours, the medium was changed to fresh insulin-free
RPMI/B27 medium. On day three, half the medium was collected from the wells and mixed with fresh
insulin-free RPMI/B27 medium. IWP-4 (Tocris, Bristol, England) was mixed with the medium so that
the final concentration was 5 µM. The rest of the old medium was exchanged to IWP-4-containing
medium. On days five and seven, the medium was changed to fresh insulin-free RPMI/B27 medium,
and from day 10 forward, half the medium was changed three times a week to fresh RPMI/B27 medium
with insulin (Thermo Fisher Scientific, Cibco, Billings, Montana, USA).

2.4. hiPS-CM Dissociation and Magnetic-Activated Cell Sorting

hiPSC-CMs were dissociated using two methods. For the PET coating optimization phase,
the hiPS-CMs were dissociated using Collagenase A and suspended into a suspension medium
containing KnockOut DMEM with 10% fetal bovine serum (Biosera, Nuaille, France), 1% non-essential
amino acids (NEAA), 1% GlutaMAX-I (100×) (all from Thermo Fisher Scientific, Cibco, Billings,
Montana, USA), and 0.5% penicillin/streptomycin (Lonza, Basel, Switzerland) [32].

To improve the purity of the hiPSC-CM population in the following experiments with PET 5,
the cardiomyocytes were dissociated and separated from other cell types using magnetic-activated
cell sorting (MACS) on day 21–27 of the differentiation. The cells were dissociated using a Multi
Tissue Dissection Kit 3 (Miltenyi Biotec, Bergisch Gladbach, Germany) following the manufacturer’s
instructions. MACS sorting was performed using PSC-Derived Cardiomyocyte Isolation Kit,
human (Miltenyi Biotec, Bergisch Gladbach, Germany). After cell sorting, the cells were resuspended
in the suspension medium described above and the cells were plated on the gelatin-coated PET 5
textiles and gelatin-coated glass coverslips, which were used as controls.

2.5. Calcium Imaging

Calcium imaging was performed on day 12 after plating the cells to the PET 5 textiles.
Ten independent PET 5 samples and two control samples were analyzed. Imaging was performed
as previously described [33]. Shortly, the cells were loaded with 4 µM Fluo 4 AM (Thermo Fisher
Scientific, Waltham, Massachusetts, USA) for 30 minutes at 37 ◦C. The sample was placed into an
imaging chamber (RC-25, Warner Instruments, Hamden, Connecticut, USA) and the chamber was
placed onto an Olympus XI71 microscope (Olympus, Tokyo, Japan) and connected to a perfusion
system. Cells were perfused with 37 ◦C pre-heated perfusate solution consisting of 137 mM NaCl,
5 mM KCl, 1.2 mM MgCl2, 0.44 mM KH2PO4, 4.2 mM NaHCO3, 2 mM CaCl2, 1 mM Na pyruvate,
5 mM D-glucose, and 20 mM HEPES dissolved in distilled water (pH adjusted to 7.4 with NaOH).

The adrenaline response of CMs on PET 5 was evaluated with 1 µM adrenaline (Sigma Aldrich,
Saint Louis, Missouri, USA) from six independent samples. Baseline was recorded and hiPSC-CMs
were treated with adrenaline for one minute and their response was recorded. Before a new
baseline measurement, the adrenaline was washed off for at least two minutes. The recordings
were performed with an Olympus XI71 microscope (Olympus, Tokyo, Japan) using ANDOR iXon+

camera and an Olympus UApo 20× 0.75 NA air objective and Live Acquisition software (TILL Photonics,
Munich, Germany).
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For calcium imaging analysis, single-beating hiPSC-CMs were selected as regions of interest
and the analysis of fluorescence (∆F/F0) videos were recorded using TILL Photonics Offline Analysis.
The clampfit data analysis module of Axon pClamp 10 Electrophysiology Data Acquisition & Analysis
software was used for peak detection (Molecular Devices, San Jose, California, USA). The studied
peak parameters included peak duration, rise time from 10% to 90%, decay time from 90% to 10%,
and peak frequency.

2.6. Immunocytochemistry

Immunocytochemistry was performed on day 10–11 after plating the cells on the PET 5 textile
samples. The samples were fixed with 4% paraformaldehyde, blocked with 10% normal donkey serum
(Biowest, Nuaille, France) solution, and stained with goat anti-cardiac troponin T (1:1,000, Abcam)
and mouse anti-MyBPC3 (1:400, Santa Cruz Biotechnology, Dallas, Texas, USA) at 4 ◦C overnight.
Donkey anti-goat Alexa Fluor 568 and donkey anti-mouse Alexa Fluor 488 (1:800, Thermo Fisher
Scientific, Waltham, Massachusetts, USA) were used as secondary antibodies. The cell nuclei were
stained using Vectashield mounting medium with DAPI (Vector Laboratories, Burlingame, California,
USA). Fluorescence was visualized with a Nikon A1R+ Laser Scanning Confocal Microscope (Nikon,
Tokyo, Japan) using a Nikon Apo 60× 1.40NA oil objective and with Zeiss Axio Imager.M2 with
ApoTome.2 and AxioCamHRm3 camera using a Zeiss EC Plan-Neofluar 40× 1.30NA oil objective.

2.7. Analysis of Cell Alignment and Sarcomere Orientation

The orientation and sarcomere length of the hiPSC-CMs cultured on the PET textiles were
analyzed from microscopy images using a spectral analysis tool, CytoSpectre [34]. CytoSpectre allows
quantification of orientation and size distribution of cellular structures by using Fourier transform.
In this study, the circular variance and wavelength of the detailed spectral component were used
to determine the sarcomere orientation and modal sarcomere length of the hiPSC-CMs, respectively.
Circular variance ranges from zero to one, with zero describing perfect anisotropy and one describing
perfect isotropy. CytoSpectre determines the axes of the cell, which can be used to determine the aspect
ratio. Prior to the analysis, the images were processed with ImageJ for masking.

2.8. Quantitative Reverse Transcription-Polymerase Chain Reaction (qRT-PCR)

hiPSC-CMs were prepared for qRT-PCR on day 1 and day 11 after plating the cells as previously
described [35] to study the expression of several cardiac related genes. PET 5 and control samples
(cells from glass coverslips) were collected from six independent experiments (n = 6). Two replicate
samples from each independent experiment were collected. The cells were lysed with lysis solution
of a CellsDirect One-Step qRT-PCR Kit (Invitrogen, Carlsbad, California, USA) following the
manufacturer’s protocol. The lysis was stored at −80 ◦C until genomic DNA degradation with
DNase I and reverse transcription-specific target amplification (RT-STA) using the CellsDirect One-Step
qRT-PCR Kit. Biomark HD (Fluidigm Corporation, San Francisco, California, USA) was used to
perform the real-time qPCR according to the manufacturer’s protocol. All samples were run as
duplicates in Fluidigm Dynamic array-plates and the 2-∆∆CT [36] method was used to calculate
relative expression. TATA-box binding protein (TBP), eukaryotic translation elongation factor 1 alpha
1 (EEF1A1), and glyceraldehyde-3-phosphate dehydrogenase (GAPDH) were used as endogenous
control genes for data normalization. In assessment of the relative expression, day one samples were
used as a calibrator for the data. These samples were similar to the controls samples, the cells were
plated to glass coverslips, but cells were lysed one day after plating. Cells were collected from four
coverslips (n = 4). The TaqMan assays used are listed in Table 2.
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Table 2. TaqMan assays used in the Quantitative Reverse Transcription-Polymerase Chain
Reaction (qRT-PCR).

Gene Description Function TaqMan Assay ID

MYL2 Myosin regulatory light chain 2 Sarcomeric gene Hs00166405_m1
MYL7 Myosin regulatory light chain 7 Sarcomeric gene Hs01085598_g1
MYL9 Myosin regulatory light chain 9 Sarcomeric gene Hs00697086_m1
MYH6 Myosin heavy chain 6 Sarcomeric gene Hs01101425_m1
MYH7 Myosin heavy chain 7 Sarcomeric gene Hs01110632_m1
TNNC1 Slow skeletal and cardiac type troponin C1 Sarcomeric gene Hs00896999_g1
TNNT2 Cardiac type troponin T2 Sarcomeric gene Hs00165960_m1
ACTN2 α-actinin 2 Sarcomeric gene Hs00153809_m1
TTN Titin Sarcomeric gene Hs00399225_m1
MYBPC3 Myosin binding protein C, cardiac Sarcomeric gene Hs00165232_m1
TPM1 α-tropomyosin Sarcomeric gene Hs00165966_m1

KCNH2 Potassium voltage-gated channel subfamily H
member 2 Potassium channel Hs04234270_g1

KCNH6 Potassium voltage-gated channel subfamily H
member 6 Potassium channel Hs00229215_m1

KCNA10 Potassium voltage-gated channel subfamily A
member 10 Potassium channel Hs1563550_s1

KCND3 Potassium voltage-gated channel subfamily D
member 3 Potassium channel Hs00542597_m1

KCNQ1 Potassium voltage-gated channel subfamily Q
member 1 Potassium channel Hs00923522_m1

HCN4 Hyperpolarization activated cyclic nucleotide-gated
potassium channel 4 Potassium channel Hs00975492_m1

SCN5A Voltage-gated sodium channel, V type, alpha subunit Sodium channel Hs00165693_m1

CACNA1C Voltage-dependent calcium channel, L type, alpha 1C
subunit/CaCNA1.2 Calcium channel Hs00167681_m1

SLC8A1 Solute carrier family 8, member 1/NCX1 Sodium-calcium
exchanger Hs01062258_m1

PLN Phospholamban Protein kinase substrate Hs01848144_s1

ATP2A2 ATPase, calcium transporting, cardiac muscle, slow
twitch 2/ SERCA2a Calcium ATPase Hs00544877_m1

EEF1A1; EE+ Eukaryotic translation elongation factor 1 alpha 1 Housekeeping gene Hs00265885_g1
GAPDH Glyceraldehyde-3-phosphate dehydrogenase Housekeeping gene Hs02758991_g1
TBP TATA-box binding protein Housekeeping gene Hs00427620_m1

2.9. Statistical Analysis

The statistical significance of the differences in circular variance, sarcomere length, and height to
width ratio of the hiPSC-CMs was assessed by Mann–Whitney U test where p < 0.05 was considered
statistically significant. Assessing the statistical significance of differences in gene expression levels
was performed using the Kruskal–Wallis test with Bonferroni correction. When comparing the
calcium baseline measurements to adrenaline measurements, related samples’ Wilcoxon Signed
Rank Test was used. p < 0.05 was considered statistically significant. The data are presented as
mean ± standard deviation.

3. Results

3.1. Attachment of the hiPSC-CMs to the PET Textiles

Five PET textiles (Figure 1) were tested as a scaffold for the hiPS-CMs. None of the fiber-related
parameters (thickness range of the fibers and straight vs. textured quality of the fibers) or the weave
pattern changed the behavior of the cells, but all the studied PETs (1–5) supported the growth of
the hiPS-CMs in a similar manner (data not shown). PET 5, with a plain weave derivative pattern,
was chosen for the following experiments. A combination of plain weave derivative pattern and
the reed density used produced the most variating topography for the studied PET textile samples
(Figure 1). PET 5 was also blue and had slight autofluorescence, which made the fibers visible with
fluorescent imaging.

Gelatin has been used as a basic coating material for hiPS-CMs culturing in our laboratory;
therefore, it was used also in the above-mentioned PET textile screening study. However, the number
of the attached hiPS-CMs remained relatively low. To improve the cell attachment on the PET
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textile, coating with commercial basement membrane matrix GeltrexTM was also tested. In addition,
plasma treatment prior to gelatin coating and dopamine-bound gelatin were tested. There were no
clear differences in the cell attachment (Figure S1) or structural maturation state of the hiPS-CMs
(Table S1) with the coating material or plasma treatment. Thus, after testing multiple PET textile types
and coatings, PET 5 with normal gelatin coating was chosen for further experiments.

3.2. hiPSC-CM Morphology, Sarcomere Orientation, and Sarcomere Length

hiPSC-CMs cultured on PET 5 and glass coverslips were immunolabeled with Troponin T and
Myocin binding protein C3 (MyBPC3) antibodies. Qualitative analysis revealed that the cells aligned
according to the PET 5 textile fibers and exhibited clearly elongated structures and increased sarcomere
orientation, as shown in Figure 2. The orientation of the CM sarcomeres was significantly higher on
PET 5 (n = 98) compared to controls (n = 174), which was indicated by the lower circular variance
(0.611 ± 0.162 and 0.882 ± 0.069, respectively; p < 0.05). Table 3 shows examples of the distribution of
the sarcomeres in hiPSC-CM cultured on PET 5 and coverslip. Sarcomeres in CMs grown on PET 5
were more oriented than those in the controls. The difference in sarcomere length (Table 3) between
PET 5 and control samples was not significant and was 1.736 ± 0.187 µm and 1.749 ± 0.122 µm on
average, respectively. The shape of CMs was determined using the aspect ratio, and CMs grown on
PET 5 had significantly higher aspect ratios than controls (4.915 ± 2.263 and 1.567 ± 0.455, respectively;
p < 0.05), indicating that the cells exhibited a more rod-like structure essential for efficient contraction
(Figure 2). However, confocal imaging revealed that the hiPS-CMs are still flat and wrap around single
PET fibers (Figure 3).

Figure 2. Two representative examples of the structure of human-induced pluripotent stem cell- derived
cardiomyocytes (hiPSC-CMs) cultured on gelatin-coated polyethylene terephthalate (PET)-based textiles
(PET) textiles and coverslips (controls). The hiPS-CMs were immunostained with myosin binding
protein C (MyBPC3) (green) and Troponin T (red). The nuclei of the cells were stained with DAPI
(blue). Scale bar is 25 µm. On PET 5, the cells and their sarcomeres clearly aligned according to the
fibers of the textile, whereas the control cells exhibited no longitudinal axis or sarcomere orientation to
one direction. Orientations of the sarcomeres were analyzed with CytoSpectre. The analysis results
of sarcomere orientation and length of sarcomeres confirmed that the orientation of the sarcomeres
improved when the cells were cultured on PET 5 textiles, but the sarcomere length distribution in the
cells did not differ significantly.
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Table 3. The data of the CytoSpectre analysis of cells grown on PET 5 and glass coverslips (control).
The orientation of the CM sarcomeres was significantly higher on PET 5 compared to control (p < 0.05)
as indicated by the average circular variance. The difference in sarcomere length between PET 5 and
control samples was not significant. However, the shape of CMs was determined using the aspect ratio
and CMs grown on PET 5 had a significantly higher ratio than the control (p < 0.05).

Sample Average Circular
Variance (0–1)

Average Modal
Sarcomere Length (µm)

Average Aspect Ratio
(Length to Width)

Number of Cells
Analyzed

PET 5 0.611 ± 0.162 1.736 ± 0.187 4.915 ± 2.263 98
Control 0.882 ± 0.069 1.749 ± 0.122 1.567 ± 0.455 174

Figure 3. (a–c) Confocal images from single human induced pluripotent stem cell-derived
cardiomyocytes (hiPSC-CMs) on the polyethylene terephthalate PET type 5 textiles, with Troponin T
(red), myosin binding protein C, MYBPC (green), nuclear stain DAPI (blue) from different projections.
Images reveal that the hiPS-CMs were aligned with the PET fibers. However, the cells wrapped around
the single PET 5 fibers and exhibited a relatively flat structure. The sarcomeres of the cells were clearly
oriented along the fibers. Scale bar is 25 µm.

3.3. Calcium Handling

Differences in the calcium handling properties between hiPSC-CMs cultured on PET 5 textiles and
coverslips were analyzed after 12 days of culture (the age of the cells was 33–39 days after initiation of
differentiation). Cells exhibiting normal calcium transients were distinguished from those exhibiting
arrhythmias and analyzed separately. The structure of the PET 5 did not hinder the Ca2+ imaging.
There was no significant difference in the Ca2+ peak duration between CMs cultured on PET 5 (n = 160)
or the control (n = 40) plates (582± 229 ms and 590± 202 ms, respectively; Table 4). However, there were
statistically significant differences in rise and decay times, which were 112 ± 49 ms and 295 ± 131 for
PET 5 samples and 90± 41 ms and 324± 96 ms for control samples (p < 0.05), respectively. This indicates
that the release of calcium was slower while the uptake of calcium was faster for CMs grown on PET
5 compared to the control. Additionally, the amplitude of the peaks was significantly lower in CMs
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grown on PET 5 compared to controls (0.048 ± 0.037 ∆F/F0 and 0.067 ± 0.030 ∆F/F0 for PET and control
samples, respectively; p < 0.05), indicating that control cells released more calcium during contraction
cycles. The beating frequency was significantly higher in CMs grown on PET 5 compared to controls
(0.93 ± 0.52 Hz and 0.75 ± 0.34 Hz, respectively; p < 0.05).

Table 4. Functionality of the hiPS-CMs cultured on PET 5 analyzed using Ca2+ imaging. The structure
of the PET 5 textile did not hinder the Ca2+ imaging and the calcium handling properties were assessable
from the hiPSC-CMs cultured on PET 5 textiles. Culturing on the PET 5 textiles slightly altered the
calcium handling properties of the hiPSC-CMs; however, no significant changes were observed.

Sample Peak Duration
(ms)

Peak
Amplitude

(∆F/F0)

Rise Time
from 10% to

90% (ms)

Decay Time
from 90% to

10% (ms)

Peak
Frequency

(Hz)

Cell
Number

PET 5 582 ± 229 0.048 ± 0.037 112 ± 49 295 ± 131 0.93 ± 0.52 160
Control 590 ± 202 0.067 ± 0.030 90 ± 41 324 ± 96 0.75 ± 0.34 40

The response of hiPS-CMs cultured on PET 5 to adrenaline and its effect on calcium handling
properties was studied (n = 43) (Table 5 and Figure 4). There were statistically significant differences in
the peak parameters between baseline and adrenaline measurements (p < 0.05). The peak duration
decreased by 4.8% (648 ± 101 ms at baseline vs. 614 ± 87 after adrenaline). The peak amplitude
decreased by 61.4% (0.0360 ± 0.0183 ∆F/F0 at baseline vs. 0.0310 ± 0.0139 ∆F/F0 after adrenaline).
The rise time increased by 6.1% (115 ± 31 ms at baseline vs. 122 ± 34 ms after adrenaline). The decay
time decreased by 7.6% (328± 73 ms at baseline vs. 303± 63 ms after adrenaline). The beating frequency
increased by 21.2% (0.709 ± 0.254 Hz at baseline vs. 0.859 ± 0.242 Hz after adrenaline) as expected.

Table 5. Adrenaline significantly increased beating frequency and decreased peak duration in CMs
grown on PET 5 textiles.

Sample Peak Duration
(ms)

Peak
Amplitude

(∆F/F0)

Rise Time
from 10% to

90% (ms)

Decay Time
from 90% to

10% (ms)

Peak
Frequency

(Hz)

Baseline 648 ± 101 0.0360 ± 0.0183 115 ± 31 328 ± 73 0.709 ± 0.254
Adrenaline 614 ± 87 0.0310 ± 0.0139 122 ± 34 303 ± 63 0.859 ± 0.242

Figure 4. Adrenaline significantly increased beating frequency and decreased peak duration (a) when
compared to the baseline (b) in hiPS-CMs grown on PET 5 textiles.
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3.4. Expression of Cardiac-Specific Genes

The expression of cardiac specific genes was analyzed using qRT-PCR. Data from PET 5
(n = 6) and control coverslip (n = 6) samples collected at day 11 (the age of the cells was
32–38 days after differentiation initiation) were calibrated with the day 1 (n = 4) samples.
Two biological replicates were analyzed from each sample, and all the samples were run as
triplicates. TATA-box binding protein (TBP), eukaryotic translation elongation factor 1 alpha 1
(EEF1A1), and glyceraldehyde-3-phosphate dehydrogenase (GAPDH) were used as endogenous
control genes for normalization. Overall, high variation was observed between the experiments.
The expression levels of the genes coding for the contractile proteins, such as Troponin T (TNNT2),
myosin binding protein C (MYBPC), and cardiac alpha actinin (ACTN2) had an increasing trend after
the 11 days of culturing on both the PET 5 and control hiPS-CMs. However, only expression of TNNT2
was significantly higher in the hiPSC-CMs cultured on PET 5 compared to controls on glass coverslips
(p < 0.05, Figure 5). The expression levels of the genes coding for cardiac ion channels were similar for
the CMs cultured on glass coverslips and PET 5 (Figure S2).

Figure 5. Expression levels of genes coding for the cardiac specific structural proteins: (a) α-actinin
2 (ACTN2), (b) myosin heavy chain 6 (MYH6), (c) myosin regulatory light chain 2 (MYL2), (d) slow
skeletal and cardiac type troponin C1 (TNNC1), (e) myosin binding protein C, cardiac (MYBPC3),
(f) myosin heavy chain 7 (MYH7), (g) myosin regulatory light chain 7 (MYL7), (h) cardiac type troponin
T2 (TNNT2), (i) titin (TTN), (j) tropomyosin (TPM1), and (k) myosin regulatory light chain 9 (MYL9).
Only the expression level of (h) TNNT2 was significantly higher in hiPSC-CMs cultured on gelatin
coated PET 5 textiles compared to the control sample (p < 0.05), marked with *.

4. Discussion

Several studies have reported the positive effects of a structured substrate on the maturation
of hiPSC-CMs [16–18,37–39]. These findings have suggested that topographical cues can align the
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hiPSC-CMs and improve their morphology. In this study, we assessed the possibilities of textile
structures being used as a culturing scaffold for hiPSC-CMs. The differentiated hiPSC-CMs were
cultured on textile constructs, and their structure, sarcomere orientation, cardiac function, as well as
expression of cardiac specific genes were analyzed. Based on our results, culturing hiPSC-CMs on PET
textiles improved their structural properties, such as elongation and sarcomere orientation, as well as
improved the expression of sarcomeric genes such as TNNT2.

Textiles as scaffolds have beneficial properties for cell culture experiments. First, they provide
topographical cues for the cells and enable the transportation of nutrients through the porous material.
Secondly, textiles provide support to form tissue-like three-dimensional structures by superimposing
multiple textile layers with one or multiple types of cells. In the present study, PET-based textiles
were chosen as the scaffold for hiPSC-derived CMs, since PET is one of the most used polyesters in
biomedical applications [40].

The hiPSC-CMs cultured on the PET textile were clearly elongated along the fibers of the textile and
the sarcomeres were more aligned than in CMs cultured on the standard gelatin coated glass coverslips.
A similar alignment of stem cell-derived CMs and their sarcomeric structures was reported when
cultured on micro-grooved substrates [18]. Compared to the micro-grooved cultures, PET culturing
had a similar effect on the hiPS-CMs even though the cells were wrapped around the fibers of PET
textiles, and therefore exhibited rather flat and rounded shapes compared to the more 3D structure of
the CMs cultured in the microgrooves [18]. Rao et al. suggested that the alignment of the sarcomeric
structures and the orientation of the cell along the fibers are enhanced because the focal adhesion
complexes of the cells are formed parallel to the microgrooves. Therefore, the contraction of the cell is
directed along the grooves and this orients the sarcomeres as well as the whole cell along the grooves.
Similar phenomena might cause the orientation of hiPSC-CMs on PET fibers. The hiPS-CMs focal
adhesion complexes might be formed parallel to the fibers, and due to this, the sarcomeres are oriented
toward the same direction as the fibers. In addition to the microgrooves, nanogrooves have been
reported to facilitate the alignment of cardiomyocytes [41]. Both of these studies speculated that the
edges of the grooves are especially crucial in the formation of the focal adhesion complexes. Our data
also showed that single 22.0 ± 1.4-µm-diameter fiber without any edges had a similar orienteering
effect on the hiPS-CMs.

Culturing of hiPS-CMs on PET textile did not have an effect on the sarcomere length, which was
approximately 1.7 µm and still shorter compared to the average of 2.2 µm in primary adult human
CMs [41]. The sarcomere lengths reported for stem cell-derived cardiomyocytes have ranged from
1.4–1.7 µm [42] and some studies have reported that structured culture substrates that provide
topographical cues have increased the sarcomere length. However, the sarcomere length has not
reached the length of primary CMs [16,39,43]. An elongated structure and sarcomere orientation are
important in terms of the efficiency of the CM contraction as the magnitude the CMs can contract in
one direction increases with increased elongation and sarcomere orientation [14].

As mentioned above, topographical cues have been shown to align and improve the morphology
of hiPSC-CMs toward a more mature phenotype. However, their effects on functionality and gene
expression of cardiac specific genes have been controversial. In the present study, PET culturing
enhanced the expression of the sarcomeric gene TNNT2 compared to the hiPSC-CMs cultured on a flat
surface. No statistically significant changes were observed in the expression of other cardiac-specific
structural genes or in the genes encoding cardiac ion channels. Similar results have been reported
earlier; topographical cues have oriented the cells but there has been no significant improvement at
the gene expression level [18,43]. However, culturing of iPS-CMs on electrospun fibers had positive
effects on the gene expression levels of genes coding for cardiac structural proteins as well as ion
channels when compared to culturing on cell culture plastic. Interestingly, positive effects were seen
observed regardless of the alignment of the electrospun fibers [16]. The time scale in these studies
had been similar, cells were cultured on the scaffolds for two weeks. The longer culturing time of the
hiPS-CMs on the surfaces providing topographical cues might enhance the expression level of cardiac
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cardiac-specific genes in addition to the structural maturation. Furthermore, the controversy in gene
expression studies might be due to the other cell types present in the cultures. Even though hiPS-CMs
were sorted in the present study, there are other cell types left remained in the cultures with in varying
quantities. Due to the lack of cardiac cardiac-specific markers for normalization, this phenomenon can
cause the variation in qPCR studies.

According to our previous study in which hiPSC-CMs were cultured with a vascular-like network
formed by human foreskin fibroblasts and human umbilical vein endothelial cells, the construct
improved the hiPS-CM structure toward a more rod-like shape [25]. hiPSC-CMs had more elongated
morphology and aligned with the tubular structures of the vascular-like network. Thus, our hypothesis
in this present study was whether textile fibers would have similar orientating effect on the hiPSC-CMs
as the tubular vascular structures. Our results support this hypothesis: Culturing of hiPSC-CMs on the
PET textile had a positive effect on the morphology of the cells.

Previous studies analyzing the effect of CM orientation and anisotropy on calcium handling of
hiPSC CMs have reported inconsistent results [16,18,21,38,43,44]. According to our data, CMs cultured
on PET textiles had slightly altered calcium handling properties, but no significant changes were
observed. We also studied the adrenaline response of hiPSC-CMs. Adrenaline significantly increased
beating frequency and decreased Ca2+ peak duration in CMs grown both on PET and on control
coverslips. Adrenaline decreased the calcium transient decay time, indicating improved calcium
reuptake. Therefore, the beta-adrenergic pathway is functional in the hiPS-CMs grown on PET 5 and
the cells respond to adrenaline as expected.

Throughout the study, the attachment of the dissociated hiPS-CMs to the textile structure was
poor. To improve the attachment, multiple coating materials were tested. Regardless of the coating
material, the level of attachment remained the same. A portion of the cells slid through the textile fibers
without attaching to the substrate. After PET textile removal from the cell culture well, a high number
of vital hiPS-CMs was observed (data not shown). However, regardless of the low number of cells
attached, the cells that were attached to the material remained viable for an extended period of time.

Culturing on PET textiles supports the formation of an oriented sarcomere structure as
well as alignment of the hiPSC-CMs, thus inducing the structural maturation of these cells.
However, the textile culturing had only minor effects on the expression levels of the cardiac-specific
genes. Additionally, the functionality was comparable to the culturing on gelatin-coated glass surfaces.
Notably, compared to the micro- and nano-grooved culture surfaces [18,41], one cross-sectionally
round PET fiber had similar effects on the hiPS-CMs’ structure. It was earlier speculated that the
edges of the grooves are especially important in the orientation of the cells. Here, we showed that the
cross-sectionally round fibers of the textile structure support the cells and have a similar orientation
effect on hiPS-CMs.

According to the results of the present study, for disease modeling studies as well as for
drug screening and toxicology experiments, culturing of hiPS-CMs on textile structures would be
beneficial. Compared to 2D cultures, culturing of hiPS-CMs would produce more standardized
cultures, so the hiPS-CM population is more homogeneous in terms of cell structure and orientation.
Therefore, for example, the effects of potential drug molecules on the cell structure and sarcomeres
could be more reliably studied. However, more optimization is needed for the textile material, and the
time scale for cell culturing on the scaffolds should be extended in future studies. Softer and more elastic
textile material may be more suitable for hiPS-CMS. Material optimization is left for future studies.

5. Conclusions

In the present study, cardiomyocytes differentiated from the hiPSCs were cultured on PET textiles,
and their structural properties, expression of the cardiac specific genes, and calcium handling properties
were assessed. Based on the results, culturing hiPSC-CMs on the PET textiles improved their structural
properties, such as elongation and sarcomere orientation, as well as improved the expression of the
sarcomeric genes such as TNNT2. However, no statistically significant changes in the expression of
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the genes encoding cardiac ion channels or in the calcium handling properties of the hiPS-CMs were
observed, and only minor changes were observed in their functionality as suggested by Ca2+ transients.

Supplementary Materials: The following are available online at http://www.mdpi.com/1996-1944/12/11/1805/s1,
Figure S1: Immunostaining of hiPS-CMs on different coating materials, Figure S2: The expression levels of the
genes coding cardiac ion channels, Table S1: Data describing the structural maturation state of the hiPS-CMs with
the tested coating materials.
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Abstract: The cardiac autonomic nervous system (cANS) regulates cardiac function by innervating
cardiac tissue with axons, and cardiomyocytes (CMs) and neurons undergo comaturation during the
heart innervation in embryogenesis. As cANS is essential for cardiac function, its dysfunctions might
be fatal; therefore, cardiac innervation models for studying embryogenesis, cardiac diseases, and
drug screening are needed. However, previously reported neuron-cardiomyocyte (CM) coculture
chips lack studies of functional neuron–CM interactions with completely human-based cell models.
Here, we present a novel completely human cell-based and electrophysiologically functional cardiac
innervation on a chip in which a compartmentalized microfluidic device, a 3D3C chip, was used to
coculture human induced pluripotent stem cell (hiPSC)-derived neurons and CMs. The 3D3C chip
enabled the coculture of both cell types with their respective culture media in their own compart-
ments while allowing the neuronal axons to traverse between the compartments via microtunnels
connecting the compartments. Furthermore, the 3D3C chip allowed the use of diverse analysis
methods, including immunocytochemistry, RT-qPCR and video microscopy. This system resembled
the in vivo axon-mediated neuron–CM interaction. In this study, the evaluation of the CM beating
response during chemical stimulation of neurons showed that hiPSC-neurons and hiPSC-CMs formed
electrophysiologically functional axon-mediated interactions.

Keywords: neuron; cardiomyocyte; coculture; axon-mediated; functional interaction; human-induced
pluripotent stem cell; organ-on-chip; microfluidic chip

1. Introduction

Cardiac function is modulated by the sympathetic and parasympathetic branches of
the cardiac autonomic nervous system (cANS), which can stimulate or inhibit, e.g., the heart
rate and contraction force. In vivo, neuronal axons innervate cardiac tissue [1–3], while
neuronal somas reside in either central or peripheral nervous system (CNS and PNS, re-
spectively) [1]. During embryonic cardiac innervation, neurons and cardiomyocytes (CMs)
undergo comaturation, where the growth and transmission properties of the innervating
neurons are regulated by signals from cardiac tissue and CM maturation is influenced by
neuronal signals [2]. As cANS plays a crucial role in cardiac function, the dysregulation of
this system due to pathological conditions, such as arrhythmias or ischemic heart disease,
can be fatal [4]. Furthermore, the modulation of cardiac function via drugs targeting the
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cANS can be advantageous regarding drug development for cardiovascular diseases [5].
For example, therapeutic targeting of neurons to improve cardiac outcome after heart
failure is important; however, studying this requires human cell-based models as drug
responses and disease mechanisms between animal and human cells can be different [3,6,7].
Moreover, detection of adverse effects in cardiac tissue or the cANS is important to ensure
drug safety [3]. Thus, relevant but reductionist models for human cardiac innervation are
needed, where organ on a chip models could reduce the gap between animal models and
human diseases [8,9].

Previously reported coculture devices used for neurons and CMs were compartmen-
talized polydimethylsiloxane (PDMS)-based chips that allowed the isolation of neuronal
somas from the CMs and restricted cell-to-cell interactions to axons extending through mi-
crotunnels between the compartments [10–12]. Chips were integrated with microelectrode
arrays (MEAs), allowing electrical stimulation and functional evaluation of the neurons and
CMs. Studies have shown the formation of functional connections between rat superior cer-
vical ganglion neurons and rat ventricular CMs [10], rat superior cervical ganglia neurons
as sympathetic neurons, rat intracardiac ganglia neurons as parasympathetic neurons and
rat atrial CMs [11], and rat primary sympathetic neurons and human-induced pluripotent
stem cell (hiPSC)-derived CMs [12]. Moreover, a coculture of hiPSC-derived PNS neurons
with hiPSC-CMs in a compartmentalized chip has been reported; however, only evidence
of physical neuromuscular connections was shown, without further evaluation of electro-
physiological functionality [13]. hiPSC-neurons and hiPSC-CMs have also been cocultured
without restrictions of cell-to-cell contacts, showing the formation of functional interactions
between the cell types [14,15]. Previously reported neuron–CM coculture models have
not shown functional connections between human neurons and CMs via axon-mediated
interactions alone. However, human cell-based models are desperately needed, e.g., in
drug development, where animal and animal cell models are frequently used with poor
predictive power for human response [6]. Possible differences in animal and human disease
mechanisms complicate the translation of results to humans [16].

Primary human neurons and CMs are difficult to harvest, while hiPSCs can be eas-
ily differentiated into neurons and CMs in large quantities [6]. As many diseases have
multicellular contributions, monocultures may not recapitulate the disease mechanism
faithfully [17]. This study aimed to develop an advanced, functional, and completely
human-based cardiac innervation on a chip for studying cardiac innervation and neuron–
CM interactions. The coculture of spontaneously electrically active hiPSC-neurons [18] and
hiPSC-CMs [19,20] was performed in a previously developed 3D3C chip [21,22] containing
three separate culture compartments connected via microtunnels allowing only axonal
connections between the compartments. In this study, we show that the 3D3C chip enables
long-term coculture of the neurons and CMs in their respective media, with the neurons
forming axon-mediated interactions with the cardiomyocytes, mimicking the in vivo situa-
tion. This study shows that during coculture in the 3D3C chip, neurons and CMs form both
physical and functional connections via axons, as proven by immunocytochemical staining
and gene expression analysis and by evaluating the CM beating response during chemical
stimulation of the neurons. The presented cardiac innervation on a chip is a valuable tool
for studying the neuromuscular junctions between neurons and CMs in disease modeling,
drug screening, and toxicity assays.

2. Results
2.1. Cardiac Innervation in the 3D3C Chip

The 3D3C chip consists of three serial compartments connected via microtunnels,
allowing the culture of up to three different cell or tissue types in a single chip. Here, it was
used in the coculture of hiPSC-neurons and -CMs, as the chip isolated neuronal somas in
their own compartment, allowing axonal growth to the cardiac compartment through the
microtunnels (SEM image of the microtunnels presented in Supplementary Figure S1A).
Neurons were seeded into one side compartment, and axons traversed into the middle
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compartment for one week before seeding CMs. It has been shown that dendritic processes
cannot traverse through microtunnels of 250-µm length [22], which was the length of
microtunnels utilized in the chips here. Separate medium chambers for each compartment
allowed culturing the cells in their respective media. The cocultures were evaluated at
the 2- and 4-week timepoints, with a few being followed up to 8 weeks, showing good
viability (data not shown). The 2- and 4-week timepoints in coculture were chosen based
on previous data regarding neuronal activity. In microelectrode array (MEA) embedded
cultures, neurons develop spontaneous network activity from two weeks onwards, activity
peaking in ~4 weeks [18]. Here, at 2-week timepoint, the neurons have been cultured for
1 week alone and 2 weeks in coculture, and at 4-week timepoint for 1 week alone and
4 weeks in coculture.

Phase-contrast imaging of the 3D3C chips showed that neurons were viable and
formed neuronal networks in their compartment (Figure 1A), and axons started to extend
to the middle compartment through microtunnels immediately after seeding and elongated
continuously throughout the experiments (Figure 1B, Supplementary Figure S1B). The
CMs were viable among the axons (Figure 1B), and CM beating was observed during the
whole coculture period (Supplementary Video S1). Immunocytochemical (ICC) staining
showed that the monoclonal anti-neurofilament NF-H 200 and monoclonal anti-β-tubulin
III (NF-H/βIII-Tub)-positive axons traversed through the microtunnels into the middle
compartment and grew alongside the cardiac marker Troponin T (TropT)-positive CMs
(Figures 1C and 2, Supplementary Figure S1C). The synaptic marker Synapsin I (SynI)
was expressed in the axons showing that the formation of functional connections between
neurons and CMs was possible (Figure 2B, Supplementary Figure S2). 3D projections of the
fluorescent confocal images showed that the axonal synapses grew in close contact with
the CMs (Figure 2C, Supplementary Videos S2 and S3).

2.2. Gene Expression of hiPSC-Neurons and -CMs Cocultured in the 3D3C Chip

The expressions of cardiac-specific genes TNNT2 and MYBPC3, and neuron-specific
gene TUBB3 (Figure 3A) were evaluated to confirm that the samples from neuronal and
cardiac compartments could be extracted without samples mixing. TNNT2 and MYBPC3
were expressed robustly in all cardiac samples, (2- and 4-week control samples, and 2- and
4-week coculture samples), whereas their expression in the neuronal samples was almost
undetectable, with significant differences when compared to the cardiac samples. TUBB3
was robustly expressed in neuronal samples, with significantly lower expression in cardiac
samples. However, 4-week cardiac coculture samples had higher TUBB3 expression than
other cardiac samples suggesting an increase in the axonal expression of TUBB3 in the
coculture. It was shown earlier that TUBB3 is detectable axon-specifically in neurons [23,24].
The detailed mean expressions and standard deviations, along with p-values for each gene
and sample, are presented in Supplementary Table S1, and detailed information of the
genes and TaqMan Assays used are presented in Supplementary Table S2.

The expression of the genes associated with the formation of the functional connec-
tion between neuronal axons and CMs was also evaluated. CHRM2 and CHAT enable
cholinergic signaling between neurons and CMs (Figure 3B), whereas ADRB2, ADRB3, TH,
and DBH are related to adrenergic signaling (Figure 3C) [25]. CHAT, encoding choline
O-acetyltransferase, was expressed mainly in the neuronal samples, with significant dif-
ferences compared to the cardiac samples. However, CHAT expression in the cardiac
coculture samples was higher compared to cardiac control samples, especially at the 4-week
timepoint. The CHRM2 gene, encoding muscarinic acetylcholine receptor M2, showed
higher expression in the cardiac samples than the neuronal samples.
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Figure 1. hiPSC-derived neurons and CMs in the 3D3C chip at 2- and 4-week timepoints of coculture.
(A) A phase-contrast image showed viable neuronal somas isolated in their compartment and
forming axonal networks. (B) Neuronal axons (white arrows) traversed to the middle compartment
via microtunnels and CMs were viable among the axons. (C) ICC staining showed that neuronal
axons stained against monoclonal anti-neurofilament NF-H 200 and monoclonal anti-β-tubulin III
(NF-H/βIII-Tub, white) interacted with CMs stained against cardiac marker Troponin T (TropT, red)
in the middle compartment. Evidence of synaptic interactions between CMs (TropT, red) and neurons
(Synapsin I (SynI), green) can also be observed (white arrows). The scale bar is 100 µm, and blue
indicates a nuclear marker (DAPI).
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TH and DBH encode tyrosine hydroxylase and dopamine beta-hydroxylase, respec-
tively. TH is involved in the conversion of L-tyrosine to L-dopamine, whereas DBH is
involved in the conversion of dopamine to norepinephrine, which can be further converted
into epinephrine [25]. Generally, TH and DBH were expressed more in the neuronal than
cardiac samples, with significant differences except for 4-week cardiac coculture samples,
which could be due to increased axonal expression of these genes. Two types of beta-
adrenergic receptors are present in cardiomyocytes: ADRB2 encodes a beta-2 adrenergic
receptor with affinity for epinephrine [25], and ADRB3 encodes a beta-3 adrenergic receptor
with affinity for norepinephrine [25]. Their expressions were lower in the neuronal samples
than in the cardiac samples.
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Figure 2. ICC staining of the hiPSC-derived neuron–CM coculture in the 3D3C chip at 2- and 4-week
timepoints. (A) The staining showed the extension of the neuronal axons (NF-H/βIII-Tub, white) in
the middle compartment among the CMs (TropT, red) and that both cell types were viable when in
close contact with each other at both timepoints. (B) The staining of the synaptic marker (SynI, green)
showed evidence of possible axon-mediated synaptic interactions with the CMs at both timepoints.
The channels are shown separately in the Supplementary Figure S2. (C) 3D projection of the neuron–
CM coculture showed that axonal synapses grew in close contact with CMs (NF-H/βIII-Tub, white;
SynI, green; TropT, red). The scale bar is 100 µm for (A) and (B) and 10 µm for (C). Blue indicates a
nuclear marker (DAPI).

2.3. Functional Connections Formed between hiPSC-Neurons and -CMs

Similar to 2D control samples, the hiPSC-CMs exhibited normal beating and contractile
properties when cocultured with hiPSC-neurons in the 3D3C chip, and the elongated
axons in the cardiac compartment did not disturb the video analysis (Supplementary
Videos S1 and S4).
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quartiles and minimum and maximum values. (A) A schematic illustration of the 3D3C chip com-
partments. The expression of neuron-specific TUBB3 was higher in all neuronal samples than in
cardiac samples, whereas cardiac-specific TNNT2 and MYBPC3 expression was higher in all cardiac
samples. (B) A schematic illustration of the cholinergic signaling pathway between neurons and
CMs. The expression of CHAT was higher in neuronal samples, whereas the expression of CHRM2
was higher in cardiac samples. (C) A schematic illustration of the adrenergic signaling pathway. TH
and DBH were more highly expressed in neuronal samples, whereas ADRB2 and ADRB3 were more
highly expressed in cardiac samples. The illustrations were created using BioRender.com. * p < 0.05,
** p < 0.01, *** p < 0.001.

Fluorescent ICC images showed that CMs grew in close contact with axons, which
expressed synaptic proteins when in contact with CMs (Figure 2). Furthermore, qPCR
results showed that both cell types expressed necessary genes for the formation of functional
connections (Figure 3). However, these results only implied that functional connections
were possible; therefore, the functionality of neuron–CM connections in the cocultures was
evaluated at 2- and 4-week timepoints using video microscopy recording of CM beating
during neuronal stimulation by a high-K+ solution. CM beating was recorded at baseline
(1. rec), during medium change in the neuronal compartment (2. rec), during neuronal
stimulation (3. rec) and at follow-up after approximately 2 min (4. rec) (Figure 4A). Videos
were analyzed for contraction duration (10% above baseline), time to peak, relaxation time
and peak-to-peak time using MUSCLEMOTION (Figure 4B). To observe the change in the
CM beating and contractile properties during the neuronal stimulation, the baseline values
for each evaluated parameter were subtracted from the medium change (MC), as well as
the immediate (K+) and follow-up (F/U) of neuronal stimulation. The CM response to MC
was considered as the baseline response and K+ and F/U responses were then compared to
MC response.

The contraction duration indicates the time from the contraction start to the re-
laxation end and was observed to decrease during neuronal stimulation and follow-
up at both timepoints with stronger at the 4-week timepoint (Figure 4C). The mean
change in contraction duration when compared to baseline was −28.88 ± 122.77 for MC,
−30.93 ± 102.98 for K+, and −52.63 ± 135.75 ms for F/U (p = 0.021 vs. MC) at the 2-week
timepoint and −13.66 ± 195.20 for MC, −66.27 ± 214.63 for K+, and −90.61 ± 292.92 ms
for F/U (p = 0.005 vs. MC) at the 4-week timepoint.

The time to peak and relaxation time were evaluated to determine whether neuronal
stimulation affected CM contraction or relaxation. The time to peak indicates the time from
the contraction start to the peak contraction. It decreased slightly during neuronal stimulation
and follow-up at both timepoints (Figure 4C), the mean change being −12.49 ± 54.55 for MC,
−14.76± 54.88 for K+ (p = 0.027 vs. MC), and−22.77 ± 54.40 ms for F/U (p = 0.004 vs. MC)
at the 2-week timepoint and −3.88 ± 35.82 ms for MC, −8.33 ± 47.86 ms for K+, and
−14.74 ± 60.11 ms for F/U (p = 0.031 vs. MC) at the 4-week timepoint. On the other hand,
the relaxation time indicates the time from the peak contraction back to the relaxed state.
It did not change significantly at the 2-week timepoint (Figure 4C) but decreased during
neuronal stimulation and follow-up at 4-week timepoint (Figure 4C). The mean change
was −16.24 ± 108.36 for MC, −15.95 ± 99.53 for K+, and −29.29 ± 111.30 ms for F/U at
the 2-week timepoint, whereas it was −11.02 ± 177.55 for MC, −59.00 ± 194.04 for K+, and
−77.56 ± 269.28 ms for F/U (p = 0.02 vs. MC) at the 4-week timepoint.

The peak-to-peak time, describing the CM beating rate, decreased significantly during
high K+ exposure and follow-up at the 2-week and even more strongly at the 4-week time-
point, indicating an increased beating rate (Figure 4C). The mean change observed in the
peak-to-peak time compared to baseline was−174.63± 242.31 for MC,−283.81 ± 411.11 for
K+ (p = 0.00019 vs. MC), and −299.27 ± 483.76 ms for F/U (p = 0.00019 vs. MC)
at the 2-week timepoint while it was 118.14 ± 841.95 for MC, −51.55 ± 1280.77 for
K+ (p = 0.00090 vs. MC), and −181.07 ± 1426.18 ms for F/U (p = 0.00035 vs. MC and
p = 0.004 vs. K+) at the 4-week timepoint.



Int. J. Mol. Sci. 2022, 23, 3148 8 of 18Int. J. Mol. Sci. 2022, 23, x FOR PEER REVIEW  8  of  18 
 

 

 

Figure 4. The evaluation of the functional connections between the cocultured hiPSC‐neurons and hiPSC‐

CMs was performed by video microscopy recording of CMs beating during high K+ exposure of the 

neurons. The data are presented as boxplots overlaid by individual datapoints. (A) Experimental timeline 

for the recording of CMs beating during neuronal exposure to a high‐K+ solution. (B) MUSCLEMOTION 

was used to analyze the videos for the contraction duration (1), time to peak (2), relaxation time (3), and 

peak‐to‐peak time (4). (C) The response to medium change (MC) was considered the baseline response, 

to which  the  immediate  (K+)  and  follow‐up  (F/U)  responses  to  neuronal  high  K+  exposure were 

compared. After K+  exposure,  the  contraction duration was  observed  to  decrease, mostly due  to  a 

decrease in the time to peak. Furthermore, the peak‐to‐peak time of cardiomyocyte beating was observed 

to decrease,  indicating an  increased beating  rate.  (D) Examples of  contraction  curves acquired  from 

MUSCLEMOTION analysis of the recorded videos. * p < 0.05, ** p < 0.01, *** p < 0.001. 

Figure 4. The evaluation of the functional connections between the cocultured hiPSC-neurons and
hiPSC-CMs was performed by video microscopy recording of CMs beating during high K+ exposure



Int. J. Mol. Sci. 2022, 23, 3148 9 of 18

of the neurons. The data are presented as boxplots overlaid by individual datapoints. (A) Experi-
mental timeline for the recording of CMs beating during neuronal exposure to a high-K+ solution.
(B) MUSCLEMOTION was used to analyze the videos for the contraction duration (1), time to peak
(2), relaxation time (3), and peak-to-peak time (4). (C) The response to medium change (MC) was
considered the baseline response, to which the immediate (K+) and follow-up (F/U) responses to neu-
ronal high K+ exposure were compared. After K+ exposure, the contraction duration was observed
to decrease, mostly due to a decrease in the time to peak. Furthermore, the peak-to-peak time of
cardiomyocyte beating was observed to decrease, indicating an increased beating rate. (D) Examples
of contraction curves acquired from MUSCLEMOTION analysis of the recorded videos. * p < 0.05,
** p < 0.01, *** p < 0.001.

3. Discussion

Here, we present an advanced, completely human cell-based, functional cardiac in-
nervation on a chip in which hiPSC-neurons and -CMs were cocultured long-term in a
compartmentalized 3D3C chip. Both cell types were seeded in their respective compart-
ments, allowing only axonal interaction between the cell types. The system allowed us to
study interactions between the two cell types under more in vivo-like conditions, where
the interaction between cANS and cardiac tissue is restricted to occur between axons and
CMs. Furthermore, the separate medium chambers allowed the coculture of cells in their
respective media, eliminating the need to compromise between the medium needs of each
cell type. The 3D3C chip allowed the usage of diverse cell analysis methods, including
RNA extraction for gene expression studies, ICC for evaluating protein expression and
cellular morphology, and functionality studies with video microscopy. Furthermore, the
analyses can be performed separately for each chip compartment, thus individually for
each cell type. The elegant chip design enables long-term studies, which are crucial for
functional maturation and innervation formation.

The phase-contrast and ICC images showed that both cell types remained viable in the
chip for 4 weeks and even up to 8 weeks. Furthermore, axon-specific NF-H and βIII-Tub and
cardiac-specific TropT analyses showed that axons and CMs expressed the expected axonal
and cardiac markers and their typical morphology, respectively. Axons expanded in the
cardiac compartment throughout the experiments and created a visibly denser and longer
network at the 4-week compared to the 2-week timepoint, providing more axonal connec-
tions for the CMs, and possibly enhancing the neuron–CM interaction. 3D projections of
cocultures confirmed that axons and the clustered synaptic protein SynI were located very
close to CMs, indicating that neurons and CMs can interact via axon-mediated synaptic
connections. In previous neuron–CM coculture studies, the presence of synaptic proteins
near CMs has not been evaluated except for by Takayama et al. [13], although later, they
showed that hiPSC-neurons expressed synaptic proteins in free cocultures with CMs [15].

The RT-qPCR results showed that the hiPSC-neurons and -CMs expressed their cell-
specific markers, TUBB3 for neurons and TNNT2 and MYBPC3 for CMs, indicating the
proper identity of the cells and that RNA can be extracted separately from the neuronal
and cardiac compartments without samples mixing. This enabled the evaluation of gene
expression separately for each cell type. Due to the low cell amount, RNA was pooled
from three cell-specific compartments to form one sample. Although pooling RNA samples
results in loss of information due to loss of sample variability, it is used in gene expression
studies, e.g., for budgeting reasons or insufficient RNA input [26]. Gene expression has not
been analyzed in previous publications regarding neuron–CM coculture in a chip [10–13]
but is important in characterization of the cell types and their maturity, and a commonly
used analysis method in organ and body on a chip studies [27,28].

We evaluated the expression of genes enabling cholinergic and adrenergic signal-
ing between neurons and CMs. The expression of CHAT and CHRM2 are required for
cholinergic signaling; CHAT encodes protein involved in neurotransmitter acetylcholine
conversion and CHRM2 is acetylcholine receptor in CMs [25]. CHAT was expressed ro-
bustly in neuronal samples, whereas its expression in cardiac control samples was very
low. The CHAT expression was higher in cardiac coculture samples, especially in the
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4-week coculture, implying that the axonal CHAT expression increased temporally. Protein
synthesis can occur locally in axons when mRNA translocates from the neuronal soma
to the axonal regions [23,24,29]. The increase from the 2- to 4-week timepoint suggests a
temporal increase in the growth and maturation of the axons. On the other hand, CHRM2
expression was robust in cardiac samples, but low in neuronal samples. Regarding adren-
ergic signaling, TH and DBH were robustly expressed in the neuronal samples, whereas
ADRB2 and ADRB3 showed higher expression in cardiac samples. Similar to CHAT, TH
and DBH showed higher expression in 4-week cardiac coculture samples than in cardiac
control samples, where their expression was almost absent, indicating increased axonal
expression of these genes.

Together, the RT-qPCR results indicated that both cell types are capable of signaling via
both cholinergic and adrenergic pathways, including neurons to synthesize their specific
neurotransmitters, and CMs and their specific receptors to bind the neurotransmitters. The
neurons expressed both cholinergic and adrenergic genes, suggesting that there are neurons
with both sympathetic and parasympathetic characteristics. Although there has been an
indication of the formation of functional connections between neurons and CMs when
cocultured on chips in previous studies, they have not shown whether the two cell types
express the genes or proteins necessary for the connections to form. Oiwa et al. showed
that neurons cultured on their chip expressed CHAT and DBH at the protein level, but
they did not evaluate the expression of cardiac receptors [11]. However, the earlier studies
mostly used primary cells known to express these genes in vivo, even though harvesting
the cells from their natural environment could affect the gene expression [30]. On the
other hand, hiPSC-neurons and hiPSC-CMs differ from adult neurons and CMs in some
respects, making it important to evaluate the capability of the cells to form functional
connections [31,32].

Video microscopy analysis of CMs showed that the CMs exhibited normal beating
characteristics when cocultured with the neurons in the chip. Importantly, the large video
dataset collected and analyzed from CMs during high K+ exposure to the neuronal com-
partment indicated that the axon-mediated connections between the neurons and CMs
were electrophysiologically functional already at 2-week timepoint and became stronger at
4-week timepoint. When the neurons were exposed to high-K+ solution, significant changes
in the CM beating characteristics were observed in both the 2- and 4-week timepoints,
including an increase in the beating frequency and a decrease in the contraction duration.
The chip compartments have been previously shown to be fluidically isolated [33], indi-
cating that the changes in cardiomyocyte beating is due to the neuronal stimulation and
not due to potassium leakage through the microtunnels. This observation indicated that
the activation of adrenergic signaling in neurons, as the CM response to neuronal stimuli
was excitatory. The adrenergic signaling pathway is known to increase heart rate and
strengthen the contractility of cardiomyocytes, whereas the cholinergic signaling pathway
decreases heart rate [34].

Previously, the functionality of neuron–CM interactions has been reported in models
utilizing rat primary neurons and CMs [10,11] and rat primary neurons and hiPSC-CMs [12]
with integrated MEAs. Furthermore, MEAs have been utilized in cardiac innervation
models where CMs have been seeded on top of neurons [15,35]. In these studies, neuronal
stimulation evoked a response in the CMs. Depending on whether the neurons used were
sympathetic or parasympathetic, an increase or decrease in cardiac beating frequency,
respectively, was observed [10–12,15,35]. Furthermore, Oh et al. and Winbo et al. used
video microscopy analysis for their unrestricted cocultures to evaluate the functionality of
the neuron–CM interactions; however, they reported only cardiac beating frequency [14,35].
In the present study, we observed changes in several contractile parameters, including
the contraction duration, and time to peak and relaxation time, when stimulating hiPSC-
neurons during coculture in the 3D3C chip.

The present study has aspects to be developed further in the future. Here, we used
neurons originally pruned towards cortical phenotypes [18]. However, according to the
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gene expression and functional responses, neuronal population contained characteristics of
both sympathetic and parasympathetic neurons, thus most likely they are able to adopt their
phenotype according to the contact they made with cardiomyocytes. Furthermore, as the
cardiomyocyte response to neuronal stimulation was observed, we have shown here that the
cell types used form a functional connection. There are several protocols for differentiating
specific types of neurons [15,36,37], which can be utilized in our future studies of the
neuron–CM interaction and further evaluate the CM response to specific peripheral types
of neurons. Moreover, we used neuronal high K+ exposure and video microscopy to
evaluate the functionality of the neuron–CM interactions, although previous studies [10–12]
have used MEAs to electrically stimulate neurons and record the CM response, allowing
better spatiotemporal induction of the stimulation and the measurement of the response in
both neurons and CMs. However, high K+ stimulation of hiPSC-neurons was previously
characterized [38], and video analysis of the hiPSC-CM response to neuronal stimulation
allows the evaluation of only the cardiac response, without axonal field potentials affecting
the analysis. Furthermore, video analysis allows the extraction of multiple parameters of
individual beating cardiomyocytes, which would require a single electrode per CM in chip
models, not yet available. In the future, the 3D3C model should be further developed to
include transparent MEAs [39] to facilitate both MEAs and video recording analyses of
neuron–CM interactions.

We presented an advanced, electrophysiologically functional, and completely human-
based cardiac innervation on a chip. The hiPSC-neurons and -CMs were cocultured with
their respective media in separate compartments connected via microtunnels, enabling
axonal growth from the neuronal to the cardiac compartment. The 3D3C chip enabled the
use of several analysis methods to evaluate the functionality of the axon–CM connections.
By combining immunocytochemical, gene expression and video recording analyses, we
showed the formation of physical connections between the cell types that required signaling
machinery for synaptic activation of CMs, which was further verified with a functional
response to neuronal stimulation. The chip supported long-term cocultures, and functional
innervation was detected at 2 weeks, with enhanced maturation at 4 weeks. The 3D3C
cardiac innervation on a chip is a valuable tool for screening drug adverse effects on
neurons or CMs via the functional connections between them, as well as for studying the
development of neuromuscular junctions and comaturation of the two cell types.

4. Materials and Methods
4.1. Cell Lines

hiPSC line 10212.EURCCS [40] was used for neuronal differentiation towards cortical
neurons, and the hiPSC line UTA.04602.WT [41] was used for cardiac differentiation. The
hiPSCs used were acquired from voluntary subjects who had given written and informed
consent. The institute has a supportive statement from Pirkanmaa Hospital District to
generate IPSCs from donor cells (R08070 and R12123) and to use generated cell lines in
neuronal research (R05116). The pluripotency of the lines was confirmed regularly, and all
cultures maintained normal karyotypes and were free of mycoplasma.

4.2. Neuronal Differentiation

Before neuronal differentiation, hiPSCs were transferred to feeder-free culture on
15 µg/mL of human recombinant laminin-521 (LN521, BioLamina, Sundbyberg, Swe-
den) using E8 medium (Thermo Fisher Scientific, Waltham, MA, USA) as previously
described [42]. Neuronal differentiation included neuronal induction, precursor expansion
and maturation phases and was performed as previously described [18]. On day 32 of
differentiation, cells were seeded for experiments in neural maturation medium consisting
of a 1:1 mixture of D-MEM/F12 (with GlutaMAX) and neurobasal medium, 0.5% N2,
1% B27 with retinoic acid, 0.5 mM of GlutaMAX, 0.5% NEEA, 50 µM of 2-mercaptoethanol,
0.1% penicillin/streptomycin (all from Thermo Fisher Scientific), 2.5 µg/mL of insulin
(Sigma-Aldrich, Saint Louis, MO, USA), 20 ng/mL of brain-derived neurotrophic factor
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(BDNF, R&D Systems, Minneapolis, MN, USA), 10 ng/mL of glial-derived neurotrophic
factor (GDNF, R&D Systems), 500 µM of dibutyryl-cyclic AMP (db-cAMP, Sigma-Aldrich),
and 200 µM of ascorbic acid (AA, Sigma-Aldrich). During cell detachment on day 32,
10 µM ROCK inhibitor (Sigma-Aldrich) was added to the medium to support cell survival.

4.3. Cardiac Differentiation

Before cardiac differentiation, hiPSCs were expanded on mouse embryonic fibrob-
lasts (CellSystems GmbH, Troisdorf, Germany) in KSR medium (KnockOut DMEM, Gibco,
Waltham, MA, USA) containing 10% KnockOut Serum Replacement (Gibco), 1% MEM NEAA
(Gibco), 1% GlutaMAX, 0.2% β-mercaptoethanol (Gibco), and 0.5% penicillin/streptomycin
(Lonza, Basel, Switzerland). Embryoid body (EB) differentiation was performed as recently
described [20]. On day 21 of differentiation, CMs were isolated from other cell types
using magnetic-activated cell sorting (MACS). The MultiTissue Dissociation Kit (Miltenyi
Biotec, Bergisch Gladbach, Germany) was used to dissociate the EBs, and PSC-Derived
Cardiomyocyte Isolation Kit, human (Miltenyi Biotec), was used to isolate CMs as de-
scribed previously [31]. Isolated CMs were suspended in 20% EB medium (KnockOut
DMEM containing 20% FBS (Gibco), 1% MEM NEAA, 1% GlutaMAX, and 0.5% peni-
cillin/streptomycin).

4.4. Preparation of the 3D3C Chips and Coculture
4.4.1. Chip Manufacturing

The compartmentalized PDMS-based microfluidic device, called the 3D3C chip, orig-
inally designed for axonal isolation studies [21,22], was used to obtain neuronal soma
isolation (Figure 5A). The 3D3C chip consists of two PDMS-based parts, the cell cultur-
ing part attached on glass coverslip and the medium chamber part attached on top of
the cell culturing part. The cell culturing part of the chip consists of two neuronal com-
partments on both sides (length = 3, width = 4 mm) and a coculture compartment in the
middle (length = 5, width = 4 mm). The three compartments are connected in series by
40 microtunnels (length = 250, width = 10, height = 3.5 µm) (Figure 5A,B). The medium
chamber part attached to the cell culture part consisted of three separate chambers to enable
the use of cell-specific medium for each cell type.

Both parts were produced from PDMS of 10:1 base and curing agent ratio (SYLGARD
184, Dow Corning, Midland, MI, USA) using molds fabricated with the previously described
combination of SU-8 photolithography and 3D printing [21,22]. The medium chambers
were cut from a 4 mm thick PDMS sheet with Epilog Laser Fusion 120 W (Epilog Laser,
Golden, CO, USA), 7% speed, 70% power, and 70% frequency. The larger debris was
removed with pressurized air, and the medium chambers were washed using warm (+45 ◦C)
distilled water containing dish soap and rinsed with distilled water. The medium chambers
were placed in isopropanol-filled bubble bags (BuBclean, Enschede, The Netherlands)
in a sonicator for 30 min, and isopropanol was replaced every 10 min, after which they
were rinsed with distilled water, dried with pressurized air and cleaned with an acetone
wipe. Thereafter, 5 min of sonication in isopropanol followed by distilled water rinsing
and acetone wiping was repeated at least two times to remove any remaining residue
from laser cutting. The parts were air-dried overnight. The 3D3C chips were imaged
using scanning electron microscopy (SEM). The UltraPlus Scanning Electron Microscope
(Zeiss, Oberkochen, Germany) was used for the imaging, and the 3D3C chip samples were
prepared for the imaging by sputter-coating them with 4.5-nm-thick Pt/Pd.

4.4.2. Preparation of the Coculture in the 3D3C Chip

The study design is shown in Figure 5C and the detailed number of samples for each
experiment and sample type are presented in Supplementary Table S3. The preparation
of 3D3C chips was performed as described earlier [22]. HCl-washed glass coverslips
(22 × 22 mm) were coated with 0.25-mg/mL poly-L-ornithine (PLO, Sigma-Aldrich) for
1.5 h at +37 ◦C. Thereafter, coverslips were washed three times with sterile H2O, air-dried
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and stored at +4 ◦C. Polyvinylpyrrolidone (PVP)-treated 3D3C chips were immersed in
70% ethanol for sterilization and air-dried at RT. The 3D3C chips were assembled by manu-
ally attaching them on top of PLO-coated coverslips. The side cell culture compartments
were coated with 30 µg/mL LN521, whereas the middle compartment was coated with
0.1% gelatin (Type A porcine gelatin, Sigma-Aldrich). After overnight incubation at +4 ◦C,
the chips were ready to use.
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Figure 5. The compartmentalized microfluidic device (3D3C chip) and the timeline of the experiment.
(A) A schematic illustration of the 3D3C chip containing two PDMS-based parts: the cell culturing
part (lower) and the medium chamber part (upper). The cell culturing part had three separate
compartments for the cells, and the medium chamber part had three separate chambers for each
cell culture compartment. (B) A schematic illustration of the microtunnels between two cell culture
compartments, allowing axonal growth into the adjacent compartment. Neurons and CMs can be
cultured in their own cell compartments with their respective media. The illustration was created
with BioRender.com. (C) The experimental design of the study. Neurons and CMs were cocultured
for 2- or 4-week period, after which video microscopy analysis, immunocytochemical staining and
RT-qPCR were performed.

Forty thousand neurons were seeded in one of the side compartments at day 32 of
differentiation. Neurons were cultured alone for one week using neuronal medium in all
chip compartments, after which MACS-sorted CMs were seeded in the middle compart-
ment. A total of 3000–4000 cells produced the best CM sheets without extensive growth of
unwanted cell types over the 2- or 4-week coculture. The neuronal medium was changed to
both neuronal and empty side compartments whereas EB medium was changed to middle
cardiac compartment three times a week. Very little medium diffusion occurred via the
axonal microtunnels connecting the compartments (Figure 5A,B) [33].

Plastic and MatTek 48-well plate control samples were prepared following the same
coating protocol except using 0.1 mg/mL PLO for 1 h and 15 µg/mL LN521. Wells for
neurons and neuron–CM cocultures were coated with LN521, whereas wells for CMs were
coated with gelatin. Neuron–CM cocultures were cultured in 1:1 neuronal and EB medium,
while neuronal and cardiac monocultures were cultured in their respective media.
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4.5. Analysis Methods of the Coculture in the 3D3C Chip
4.5.1. RT-qPCR

Samples were collected, and RNA was extracted with a NucleoSpin RNA kit (Macherey-
Nagel, Düren, Germany) following the manufacturer’s instructions immediately after video
microscopy recording of CMs and chemical stimulation of neurons. Samples were lysed
in buffer RA1, containing 3.5 µL of b-mercaptoethanol separately from the neuronal and
cardiac compartments, and the content of three cell-specific compartments of the 3D3C
chips were pooled to make one sample. Control samples in plastic well plates were lysed
similarly, with one well containing one sample. RNA was extracted from the cell lysate and
eluted in 20 µL of RNase-free H2O provided in the kit, after which the RNA quality and
concentration were measured using a NanoDrop (Thermo Scientific).

Reverse transcription was performed with a High-Capacity cDNA Reverse Transcrip-
tion kit (Applied Biosystem, Waltham, MA, USA) following the manufacturer’s instructions.
Briefly, 10 µL of prepared 2× RT Master Mix and 10 µL of RNA sample were mixed. In
some cases, RNA samples were diluted in nuclease-free water to even the RNA concentra-
tion in the reactions. Samples were then run in Mastercycler EP Gradient S (Eppendorf,
Hamburg, Germany) using the following protocol: 10 min at +25 ◦C, 120 min at +37 ◦C,
5 min at +85 ◦C, and +4 ◦C until storage at −20 ◦C.

cDNA preamplification was performed due to the low RNA concentration of the 3D3C
chip samples by using 2× TaqMan PreAmp Master Mix (Applied Biosystem) following the
manufacturer’s instructions. The TaqMan 20× assays used are listed in Supplementary
Table S2 and were tested with commercial Human Fetal Brain Total RNA (Takara Bio,
Kusatsu, Japan) and Total RNA Normal Human Heart (Amsbio, Cambridge, MA, USA).
Briefly, a 0.2× TaqMan Assay Pool was prepared using TaqMan 20× Assays for ADRB2,
ADRB3, CHRM2, MYBPC3, TNNT2, CHAT, TH, DBH, TUBB3, GAPDH, EEF1A1; EE+,
and GUSB. Reactions were prepared by mixing 25 µL of TaqMan PreAmp Master Mix,
12.5 µL of 0.2× TaqMan Assay Pool and 12.5 µL of the cDNA sample. Samples were run
in Mastercycler EP Gradient S using the following protocol: 10 min at +95 ◦C, 14 cycles of
15 s at +95 ◦C, and 4 min at +60 ◦C, 10 min at +99 ◦C, and at +4 ◦C until storage at −20 ◦C.

qPCR for preamplified cDNA samples was performed by using TaqMan Fast Ad-
vanced Master Mix (Applied Biosystem) following the manufacturer’s instructions. The
same TaqMan 20× assays were used as in the preamplification step. Briefly, master mixes
for each gene were prepared as instructed in the kit. Preamplified cDNA samples were
diluted to nuclease-free water 1:5 (20 µL of sample in 80 µL of water). Two µL of the diluted
sample was added to 6 µL of the master mix, and three technical replicates were used for
each sample for each gene. The plates were run in a CFX384 Touch Real-Time PCR System
(Bio-Rad, Hercules, CA, USA) with the following protocol: 2 min at +50 ◦C, 20 s at +95 ◦C,
and 40 cycles of 3 s at +95 ◦C, and 30 s at +60 ◦C. The 2−∆∆Ct method [43] was used to
calculate the relative expression of the evaluated genes. GAPDH, EEF1A1; EE+ and GUSB
were used as endogenous controls. For ADRB2, ADRB3, CHRM2, MYBPC3, and TNNT2, a
2-week cardiac control was used for normalization, whereas for CHAT, TH, DB, and TUBB3,
a 2-week neuron control was used for normalization.

4.5.2. ICC and Imaging

Immunocytochemistry (ICC) was performed at 2 and 4 weeks of coculture immediately
after video microscopy recording of cardiomyocytes and chemical stimulation of neurons.
The ICC protocol was used for 3D3C chip samples as described earlier [22], with the mod-
ification of washing samples with 4′,6-diamidino-2-phenylindole (DAPI, 1:5000) diluted
in PBS after secondary antibody incubation. The primary antibodies used included mon-
oclonal anti-neurofilament NF-H 200 (NF-H, 1:500, mouse IgG1, N5389, Sigma-Aldrich),
monoclonal anti-β-tubulin III (βIII-Tub, 1:500, mouse IgG2b, T8660, Sigma-Aldrich), anti-
synapsin I (SynI, 1:500, rabbit IgG, 574777, Merck, Darmstadt, Germany) and anti-troponin
T (TropT, 1:750, goat IgG, ab64623, Abcam, Cambridge, UK). The secondary antibodies
used included Alexa Fluor 488 (1:200, donkey anti-rabbit, A21206), Alexa Fluor 568 (1:200,
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donkey anti-goat, A11057) and Alexa Fluor 647 (1:125, donkey anti-mouse, A31571, all from
Thermo Fisher Scientific).

Forty-eight MatTek control samples were stained as previously described [18]. The
dilutions of primary antibodies were 1:1000 for NF-H, βIII-Tub and SynI and 1:1500 for
TropT. The dilutions of the secondary antibodies were 1:400 for Alexa Fluor A488 and
A568 and 1:200 for Alexa Fluor A647. All the samples were mounted with Vectashield
including DAPI (Antifade Mounting medium with DAPI, H-1200, Vector Laboratories,
Burlingame, CA, USA). The staining was visualized with an IX51 inverted fluorescence
microscope (Olympus, Tokyo, Japan) and an LSM 780 laser scanning confocal microscope
(Zeiss). Confocal images were deconvoluted with Hyugens and processed with Imaris
(Oxford Instruments, Abingdon, UK).

4.5.3. Cardiac Video Recording and Analysis

Neurons were stimulated through the addition of a high-K+ solution to the neu-
ronal compartment. The extracellular solution contained 93 mM of NaCl, 10 mM of
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES), 10 mM of D-glucose, 50 mM
of KCl, 1.25 mM of NaH2PO4, 2 mM of CaCl2, and 1 mM of MgCl2 (pH adjusted to 7.4 with
NaOH). CM activity was recorded before neuronal stimulation for baseline measurement
(1. Rec), during medium change in the neuronal compartment to evaluate the effect of the
liquid change on CM beating (2. Rec), during neuronal high K+ exposure to capture the
immediate CM response (3. Rec) and approximately 2 min after neuronal stimulation as
a follow-up (4. Rec). All videos of CM activity were recorded for 40 s at 44 fps using an
Eclipse TS100 microscope (Nikon, Tokyo, Japan) and IGV-B1620M-KC000 camera (Imperx
Incorporated, Boca Raton, FL, USA). MUSCLEMOTION (version 1.0) software [44] was
used to extract CM beating characteristics from the videos. The data were further analyzed
with R (version 4.0.2, R Foundation for Statistical Computing, Vienna, Austria) [45] using
in-house-developed scripts. As a control, the high-K+ solution was added directly to CMs,
which caused the CMs to cease beating (Supplementary Videos S5–S8).

4.5.4. Statistical Analysis

Statistical analysis was performed using R and the rstatix (version 0.7.0) package [46].
A nonparametric Kruskal–Wallis rank sum test followed by Dunn’s post hoc test with
Holm correction were used for independent samples from the qPCR analysis (6 samples
for each condition) grouped by timepoint (2- or 4-week). A nonparametric Wilcoxon
signed rank test was used for paired samples from video analysis (65 regions of interest
from 27 chips at 2-week timepoint and 53 regions of interest from 19 chips at 4-week
timepoint). A significance level of p < 0.05 was considered statistically significant. The data
are presented as the mean ± standard deviation in the text and as boxplots and boxplots
with individual data points in the figures.
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Ischemic heart disease is a major cause of death worldwide, and the only available therapy to 
salvage the tissue is reperfusion, which can initially cause further damage. Many therapeutics that 
have been promising in animal models have failed in human trials. Thus, functional human based 
cardiac ischemia models are required. In this study, a human induced pluripotent stem cell derived-
cardiomyocyte (hiPSC-CM)-based platform for modeling ischemia–reperfusion was developed 
utilizing a system enabling precise control over oxygen concentration and real-time monitoring of 
the oxygen dynamics as well as iPS-CM functionality. In addition, morphology and expression of 
hypoxia-related genes and proteins were evaluated as hiPSC-CM response to 8 or 24 h hypoxia and 
24 h reoxygenation. During hypoxia, initial decrease in hiPSC-CM beating frequency was observed, 
after which the CMs adapted to the conditions and the beating frequency gradually increased already 
before reoxygenation. During reoxygenation, the beating frequency typically first surpassed the 
baseline before settling down to the values close the baseline. Furthermore, slowing on the field 
potential propagation throughout the hiPSC-CM sheet as well as increase in depolarization time 
and decrease in overall field potential duration were observed during hypoxia. These changes were 
reversed during reoxygenation. Disorganization of sarcomere structures was observed after hypoxia 
and reoxygenation, supported by decrease in the expression of sarcomeric proteins. Furthermore, 
increase in the expression of gene encoding glucose transporter 1 was observed. These findings 
indicate, that despite their immature phenotype, hiPSC-CMs can be utilized in modeling ischemia–
reperfusion injury.

Ischemic heart disease (IHD) is the most common cardiovascular disease and a major cause of death worldwide1. 
In IHD, blood flow to myocardium is reduced or blocked leading to oxygen and nutrient deprivation, and accu-
mulation of metabolic waste in the tissue. This causes damage and death to the cells in the myocardium, including 
cardiomyocytes (CMs) that are responsible for contraction of heart2. While a lot of research resources has been 
invested to the study of the disease, reperfusion, i.e. restoring blood flow to the ischemic tissue, is currently the 
only available therapy to reduce damage to the ischemic area in addition to prevention of arrhythmias by anti-
arrhythmic medication. However, reperfusion itself causes further damage to the tissue. Animal experiments 
have provided promising results for medical interventions at the time of reperfusion, but they have failed in 
human clinical trials3. As the difference between species is considered to be one reason behind the failure4,5, it is 
important to establish functional human based models to evaluate and develop new therapies.

Human induced pluripotent stem cells (hiPSCs) can be endlessly produced and efficiently differentiated into 
cardiomyocytes (hiPSC-CMs) enabling development of human-based cell models for the research of cardiac 
diseases and therapies6. However, hiPSC-CMs are developmentally immature and structurally, functionally and 
metabolically resemble more fetal than adult CMs7. Especially, the metabolic immaturity affects the use of the 
hiPSC-CMs in ischemia modeling, as their metabolism relies on glucose making them more resistant to hypoxia 
and reperfusion. Adult CMs mainly utilize fatty acid oxidation in energy production and thus are more vulner-
able to oxidative stress than fetal CMs8–10.

Despite their drawbacks, hiPSC-CM based ischemia–reperfusion models have lately emerged8–23  and these 
models have been reported to recapitulate the typical cardiac ischemia responses in the cells, such as increased 
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cell death8–10 and disruption of the sarcomere structure9,10. Furthermore, changes in the functionality and elec-
trophysiology have been observed, including decrease in hiPSC-CM beating frequency11,12,15,16,24, contractility, 
calcium overload and arrhythmias14. In these models, hypoxic conditions have been induced to the hiPSC-CMs 
by multiple methods, such as by using hypoxic gas8–10,13–15,24,25 or causing oxidative stress via peroxide treatment16. 
In addition, cell culture media composition has been modified to better recapitulate the ischemic conditions in 
several studies. The modifications include removal of glucose23 or serum11, or both8–10,13,14,22, as well as acidosis 
to better mimic the physiological ischemic event8–10,13,22.

In this study, we present a hiPSC-CM based platform for modeling cardiac ischemia–reperfusion. The base of 
the platform is an OxyGenie mini-incubator26 combined with a microelectrode array (MEA) and a luminescence-
based oxygen sensor12,24. The system allows precise control over oxygen concentration, real-time monitoring 
of the cardiomyocyte functionality as well as the measurement of oxygen level in the cell culture area during 
hypoxia and reoxygenation without disturbing or interrupting the experiment. The main objective of the pre-
sent study was develop a platform to assess the functional, structural and molecular responses of hiPSC-CMs to 
ischemia and reperfusion. The hiPSC-CMs were combined with an extensive set of analysis methods including 
a microelectrode array and oxygen measurement. In addition, the platform is compatible with collecting and 
analyzing samples for immunocytochemistry, qPCR and western blot. As the studies on the electrophysiology 
and functionality of hiPSC-CMs under hypoxia and reoxygenation are very limited in their number, this study 
strongly contributes to the hiPSC-CM based ischemia–reperfusion modeling.

Results
hiPSC‑CM functionality during hypoxia and reoxygenation.  Functionality of the hiPSC-CMs was 
studied with MEA to evaluate changes in the beating characteristics of the hiPSC-CMs during hypoxia and 
reoxygenation. For beating frequency, signals from 41 electrodes were analyzed (4–6 electrodes from 9 samples, 
3 parallel samples from 3 differentiation batches). The luminescence-based oxygen measurement was incor-
porated to one sample to evaluate the oxygen dynamics of the platform. It was observed that after initiation 
of hypoxia or reoxygenation, the oxygen level in the culture stabilized within four hours. Clear and repeatable 
changes were observed in the beating frequency of the hiPSC-CMs during hypoxia and reoxygenation, which 
together with the observed oxygen dynamics were used to divide hypoxia and reoxygenation to periods for 
statistical analysis.

For beating frequency analysis, hypoxia was divided into two periods, 7–15 h hypoxia and 15–24 h hypoxia, 
as during 7–15 h hypoxia the oxygen level had already stabilized and the beating frequency of the hiPSC-CMs 
was lowest, while it gradually started to increase during 15–24 h of hypoxia. Reoxygenation was divided into 
two groups as well; 0–6 h reoxygenation to observe the immediate increase of the beating frequency during the 
increase of the pO2, and 6–24 h reoxygenation, during which the beating of the hiPSC-CMs stabilized. Figure 1a 
presents a representative measurement of pO2 and a normalized beating frequency from a single electrode of 
one MEA measurement, while Fig. S1 presents examples of a normalized beating rate from other experiments. 
Fig. S2 presents a representative MEA signal during different time points of hypoxia and reoxygenation and Fig. 
S3 presents the post-calibration of the oxygen measurement.

Beating frequency (beats per minute, BPM) was normalized for each electrode to a median baseline BPM 
value so that the results are comparable despite the differences in the baseline BPM. Median baseline BPM value 
was chosen for normalization instead of mean so that individual time points that deviate much from the baseline 
do not affect the normalization. The baseline was determined from measurements of 20 h before initiation of 
hypoxia and it was relatively stable throughout the time period. Mean of the normalized beating frequency of all 
the chosen electrodes at baseline was 1.081 ± 0.173 and started to decrease after hypoxia started. During 7–15 h 
hypoxia, the normalized beating frequency was 0.358 ± 0.336 (p = 2.4*10–8 compared to baseline) and during 
15–24 h hypoxia, it increased to 0.656 ± 0.402 (p = 8.8*10–7 compared to baseline and p = 2.6*10–5 compared to 
7–15 h hypoxia). During 0–6 h reoxygenation, the normalized beating frequency increased to 1.274 ± 0.396 
(p = 0.015 compared to baseline and p = 2.8*10–8 compared to 15–24 h hypoxia) and then decreased close to the 
baseline level during 6–24 h reoxygenation, to 0.981 ± 0.333 (p = 3.0*10–6 compared to 0–6 h reoxygenation). 
Figure 1b presents the mean normalized beating frequency at the baseline, 7–15 h hypoxia, 15–24 h hypoxia, 
0–6 h reoxygenation and 6–24 h reoxygenation.

Depolarization time and field potential duration (FPD) were evaluated from three samples at two timepoints 
of baseline measurement (nspikes = 19 for both time points for all three samples), as well as from one sample after 
6.5 h (nspikes = 4) and from two samples after 8 h hypoxia (nspikes = 4 for both samples), depending on whether 
beating had stopped already at 8 h. Depolarization time and FPD were also evaluated from the three samples 
after 24 h of hypoxia (nspikes = 13 for all three samples), and 6 h (nspikes = 17 for all three samples) and 24 h 
(nspikes = 14 for all three samples) of reoxygenation. Depolarization time was determined as the time from the 
first peak to the second peak, whereas FPD was determined as the time from the first peak to the flat peak as 
shown in Fig. S4. Both parameters were normalized for each sample to the mean of their own baseline values. As 
a response to hypoxia, depolarization time increased while the total FPD decreased, whereas during reoxygena-
tion, both values returned close to the baseline level again, as demonstrated in Fig. 1c,d. Compared to baseline, 
the mean depolarization time increased 1.26 ± 0.09 -fold at 6.5 h hypoxia (p = 0.0044), 1.65 ± 0.43 -fold at 8 h 
hypoxia (p = 1.3*10–5) and 1.49 ± 0.27 -fold at 24 h hypoxia (p = 8.67*10–17). At 6 h reoxygenation, the increase 
was 1.15 ± 0.24 -fold (p = 0.00033 compared to baseline, p = 2.64*10–7 compared to 24 h hypoxia) whereas at 24 h 
reoxygenation it was 1.52 ± 0.92 -fold (not significant) compared to baseline. On the other hand, compared to 
baseline, the total field potential duration decreased to 0.75 ± 0.01 at 6.5 h hypoxia (p = 0.0007), 0.87 ± 0.25 at 
8 h hypoxia (not significant), and then increased to 0.96 ± 0.15 at 24 h hypoxia (p = 0.0085), 0.92 ± 0.14 at 6 h 
reoxygenation (p = 1.0*10–5), and 0.97 ± 0.19 at 24 h reoxygenation (not significant).
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Figure 1.   (a) Representative measurement of the partial pressure of oxygen and normalized beating frequency 
from a single experiment. Black line marks the initiation of hypoxia, after which the oxygen level of the culture 
starts to decrease and reaches 0 kPa approximately within 4 h. Green line marks the initiation of reoxygenation, 
after which the oxygen level starts to increase and reaches 19 kPa approximately within 4 h of reoxygenation. 
The beating frequency of the hiPSC-CMs clearly decreases during hypoxia and increases after reoxygenation. 
(b) The mean normalized beating frequency extracted from MEA recordings for hiPSC-CMs during baseline 
measurement, 7–15 h hypoxia, 15–24 h hypoxia, 0–6 h reoxygenation and 6–24 h reoxygenation presented 
as mean + standard deviation (nelectrodes = 41). Normalization is done to each electrode separately with regard 
to median baseline value, due to the variation observed in the beating frequency between different electrodes 
during baseline measurements. The beating frequency starts to decrease after hypoxia is initiated and was 
observed to be on its lowest during 7–15 h of hypoxia. The beating frequency started to recover already before 
reoxygenation was initiated and was statistically significantly greater during 15–24 h hypoxia compared to 
7–15 h hypoxia. Furthermore, overcompensation in the beating frequency was observed during 0–6 h of 
reoxygenation, when the mean normalized beating frequency exceeded the baseline. After 6 h reoxygenation, 
the beating frequency returned close to the baseline level. (c) Normalized depolarization time of hiPSC-CMs at 
baseline, 6.5 h, 8 h and 24 h hypoxia as well as 6 h and 24 h reoxygenation. Depolarization time increased during 
hypoxia and returned close to the baseline level during reoxygenation. (d) Normalized field potential duration 
(FPD) of hiPSC-CMs at baseline, 6.5 h, 8 h and 24 h hypoxia as well as 6 h and 24 h reoxygenation. FPD 
decreased during hypoxia and returned close to the baseline level during reoxygenation *p < 0.05, **p < 0.01, 
***p < 0.001.
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Signal propagation was evaluated at two baseline timepoints, as well as after 8 h and 24 h hypoxia and 6 h 
and 24 h reoxygenation from all signals of all electrodes of two samples that were showing field potential signals. 
The conduction velocity was observed to slow down during hypoxia and increase close to the baseline level 
during reoxygenation, as shown in Fig. 2a–f. At baseline, the mean duration of field potential propagation from 
one electrode to the adjacent (in x or y direction) was observed to be 0.45 ± 0.75 ms, whereas it was 0.72 ± 1.26 
at 8 h hypoxia (p = 6.4*10–18), 0.86 ± 1.29 ms at 24 h hypoxia (p = 5.2*10–35). At 6 h reoxygenation, the time was 
observed to be 0.71 ± 1.15 ms (p = 1.1*10–40 compared to baseline) and at 24 h reoxygenation it was 0.56 ± 0.74 ms 
(p = 3.8*10–5 compared to 6 h reoxygenation).

hiPSC‑CM morphology, sarcomere structure and nucleus size.  The morphology, sarcomere struc-
ture, nucleus size and HIF1α expression of the hiPSC-CMs was studied with immunocytochemistry. After expo-
sure to hypoxia or hypoxia-reoxygenation, hiPSC-CMs were immunolabeled against MyBPC3 and HIF1α and 
cell nuclei were visualized with DAPI (Fig. 3a). 6 hypoxia and control samples (2 parallel samples from 3 dif-
ferentiation batches) from both 8 and 24 h experiments as well as 4 hypoxia-reoxygenation samples (2 parallel 
samples from 2 differentiation batches) from both 8 and 24 h experiments were stained and imaged. Qualitative 
analysis revealed changes in the cell morphology, expression of sarcomeres and the size of the nuclei, which were 
then quantitated and determined statistically significant. However, the expression of HIF1α was not found to 
increase in any of the used time points.

Quantitative analysis on sarcomere expression and nuclei size of the cells revealed statistically significant 
differences in these parameters between hypoxia or hypoxia-reoxygenation and control samples (Fig. 3b,c). 
Sarcomere coverage was analyzed from 124 images of control samples, 47 images of 8 h hypoxia samples and 
50 images of 24 h hypoxia samples. The mean coverage of clear and distinguishable sarcomeres of the total area 
of the MyBPC3 staining in control samples was 69.4 ± 24.0%, whereas for 8 and 24 h hypoxia samples it was 
30.1 ± 36.0% (p = 4.3*10–10) and 16.1 ± 24.8% (p = 6.1*10–18), respectively. Nucleus area was analyzed from the 
fluorescent microscopy images (n8h hypoxia-reox = 18, n24h hypoxia-reox = 21) using CellProfiler. The mean nucleus area 
was 35.7 ± 16.4 µm2 for control samples (nnuclei = 3632), whereas for 8 and 24 h hypoxia samples it was respec-
tively 27.2 ± 15.2 µm2 (nnuclei = 685, p = 8.9*10–43) and 22.3 ± 13.5 µm2 (nnuclei = 833, p = 1.5*10–113), and 8 and 24 h 

Figure 2.   (a–e) Field potential propagation over hiPSC-CM sheet on microelectrode array at baseline before 
hypoxia, at 8 h and 24 h hypoxia and at 6 h and 24 h reoxygenation. The heatmaps clearly indicate slowing of 
the field potential conduction during hypoxia, but the conduction velocity is restored during reoxygenation. f) 
Field potential conduction time from electrode to electrode at baseline, 8 h and 24 h hypoxia, and 6 h and 24 h 
reoxygenation (mean + standard deviation). Conduction time increased during hypoxia compared to baseline, 
whereas it was restored close to baseline level during reoxygenation. ***p < 0.001.
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hypoxia-reoxygenation samples it was respectively 19.8 ± 11.1 µm2 (nnuclei = 329, p = 5.1*10–74) and 25.4 ± 14.6 µm2 
(nnuclei = 782, p = 8.5*10–74).

Figure 3.   (a) The structure, sarcomere expression and nucleus size changes during hypoxia. Sarcomeres 
(MyBPC3, yellow) are clearly visible and the cells are spread and properly attached to the plate in control 
(nimages = 124) samples, whereas the cell structure seems to deteriorate after 8 h (nimages = 47) and 24 h (nimages = 50) 
hypoxia. Furthermore, the nucleus (DAPI, blue) size seems to decrease. On the other hand, no significant 
changes are seen in the expression of hypoxia marker HIF1α (magneta). (b) Sarcomere coverage was quantified 
from the fluorescent images and calculated as the ratio between the area of visible sarcomeres to the total cell 
area and is expressed as percentage. The data are presented as mean + standard deviation. The expression of 
clear and visible sarcomeres decreases as the length of the hypoxia increases. (c) Area of the nuclei in control 
(nnuclei = 3632), 8 h hypoxia (nnuclei = 685), 24 h hypoxia (nnuclei = 833), 8 h hypoxia-reoxygenation (nnuclei = 329) 
and 24 h hypoxia-reoxygenation (nnuclei = 782) samples presented as mean + standard deviation. The area of the 
nuclei decreases with hypoxia and reoxygenation compared to control. **p < 0.01; ***p < 0.001.
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Western blot of HIF1α, MyBPC3 and Troponin T.  Western blot was used to quantitate the expression 
of HIF1α, MyBPC3 and Troponin T after hypoxia or hypoxia-reoxygenation. After 6 h (n = 4, 1 differentiation 
batch), 8 h (n = 6, 2 parallel samples from 3 differentiation batches), 10 h (n = 3, 1 differentiation batch) and 12 h 
(n = 3, 1 differentiation batch) hypoxia, the HIF1α expression remained close to control (n = 26, 4–5 parallel sam-
ples from 6 differentiation batches), but after 24 h hypoxia as well as 8 and 24 h hypoxia-reoxygenation (n = 4 for 
both time points, 2 parallel samples from 2 differentiation batches), there was a statistically significant decrease 
in the HIF1α expression (Fig. 4a). The mean expression of HIF1α in control samples was 1.39 ± 0.68, whereas 
for 6, 8, 10, 12 and 24 h hypoxia samples it was respectively 1.29 ± 0.32, 1.05 ± 0.20, 1.06 ± 0.28, 1.34 ± 0.18 and 
0.80 ± 0.39 (p = 0.006). For 8 and 24 h hypoxia-reoxygenation samples, the expression of HIF1α was 0.77 ± 0.08 
(p = 0.001) and 0.84 ± 0.23 (p = 0.031), respectively.

There were statistically significant decreases in the expressions of MyBPC3 and Troponin T after hypoxia and 
hypoxia-reoxygenation (Fig. 4b). The mean MyBPC3 expression in the control samples was 1.11 ± 0.76, whereas 
for 8 and 24 h hypoxia samples it was 0.53 ± 0.18 (p = 0.006) and 0.28 ± 0.32 (p = 0.000009), respectively. For 8 
and 24 h hypoxia-reoxygenation samples the expression of MyBCP3 was 0.52 ± 0.22 (p = 0.023) and 0.11 ± 0.02 
(p = 0.0002), respectively. As for Troponin T, the mean expression in the control samples was 0.96 ± 0.55. For 8 
and 24 h hypoxia samples, the expression was respectively 0.47 ± 0.14 and 0.32 ± 0.27 (p = 0.007), while for 8 and 
24 h hypoxia-reoxygenation samples the expression was 0.37 ± 0.26 (p = 0.037) and 0 (p = 0.0002), respectively. In 
24 h hypoxia-reoxygenation samples, the Troponin T band did not become visible with exposure times suitable 
for control samples. Examples of the western blot bands are presented in Fig. 4c, whereas full length blots of the 
examples are presented in Supplementary Figures S5–S6.

Gene expression of hiPSC‑CMs.  Expression of several genes related to glucose and fatty acid metabolism, 
calcium handling, sarcomeric proteins, hypoxia and apoptosis was analyzed from samples from 8 h (nhypoxia = 6, 
ncontrol = 5, 1–2 parallel samples from 3 differentiation batches) and 24 h (nhypoxia = 5, ncontrol = 6, 1–2 parallel sam-
ples from 3 differentiation batches) hypoxia and 8 and 24 h hypoxia-reoxygenation experiments (nhypoxia = 4, 
ncontrol = 4 for both time points, 2 parallel samples from 2 differentiation batches) with qPCR. There were no 
statistically significant differences in the expression of most genes after 8 or 24 h hypoxia. However, after 24 h 
hypoxia-reoxygenation, there was a statistically significant decrease in several genes. A statistically significant 
increase was observed in the expression of SLC2A1 encoding glucose transporter 1 in all but 8  h hypoxia-
reoxygenation samples (Fig. 5a). For 8 h control and hypoxia samples, the mean expressions of SLC2A1 were 
1.70 ± 1.65 and 28.32 ± 24.13 (p = 0.03), respectively. For 24 h control and hypoxia samples, the expressions were 
1.88 ± 1.33 and 48.22 ± 42.47 (p = 0.004), respectively. For 8 h control and hypoxia-reoxygenation samples, the 
expressions were 1.01 ± 0.16 and 0.85 ± 0.13, respectively. For 24 h control and hypoxia-reoxygenation samples, 
the expressions were 1.77 ± 0.68 and 3.76 ± 0.77 (p = 0.029), respectively.

In 8 and 24 h hypoxia-reoxygenation samples, there was also a statistically significant decrease in the expres-
sion of SLC8A1 encoding sodium/calcium exchanger 1 related to calcium handling of cardiomyocytes (Fig. 5b). 
Slight but not statistically significant decrease was also seen in 24 h hypoxia samples. For 8 h control and hypoxia 
samples, the expressions were 1.38 ± 0.99 and 1.34 ± 0.95, while for 24 h control and hypoxia samples they were 
1.64 ± 1.06 and 1.12 ± 0.57. For 8 h control and hypoxia-reoxygenation samples, the expressions were 1.01 ± 0.16 
and 0.53 ± 0.12 (p = 0.029), respectively. For 24 h control and hypoxia-reoxygenation samples, the expressions 
were 1.06 ± 0.23 and 0.26 ± 0.12 (p = 0.029), respectively.

Figure 4.   (a) HIF1α expression in control (n = 26) samples and in 6 h (n = 4), 8 h (n = 6), 10 h (n = 3), 12 h 
(n = 3) and 24 h (n = 6) hypoxia or 8 h (n = 4) and 24 h (n = 4) hypoxia-reoxygenation time points from western 
blot analysis presented as mean + standard deviation. During the first 12 h of hypoxia, there seems to be no 
significant changes in the expression of the protein, although in 6 h and 12 h samples there is a slight increase. 
On the other hand, after 24 h of hypoxia, as well as after 8 h hypoxia-reoxygenation there is a statistically 
significant decrease in the HIF1α expression. (b) Expression of MyBPC3 and Troponin T decreases during 8 h 
(n = 6) and 24 h (n = 6) hypoxia, and 8 h (n = 4) and 24 h (n = 4) hypoxia-reoxygenation compared to control 
(n = 20) samples. The expression is especially low in 24 h hypoxia-reoxygenation samples but has decreased also 
in other hypoxia samples. (c) Examples of the western blot bands. *p < 0.05; **p < 0.01; ***p < 0.001.
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In 24 h hypoxia-reoxygenation samples, there was also statistically significant decrease in the expression 
of ACADM (c = 1.22 ± 0.13, 24 h HR = 0.60 ± 0.09, p = 0.029), PFKM (c = 1.52 ± 0.10, 24 h HR = 0.67 ± 0.13, 
p = 0.029), TNNT2 (c = 1.48 ± 0.21, 24  h HR = 0.60 ± 0.11, p = 0.029), MYBPC3 (c = 1.47 ± 0.35, 24  h 
HR = 0.38 ± 0.10, p = 0.029), MAP4K4 (c = 1.28 ± 0.10, 24 h HR = 0.59 ± 0.04, p = 0.029), RYR2 (c = 1.96 ± 0.31, 
24 h HR = 0.56 ± 0.20, = 0.029) and ATP2A2 (c = 2.01 ± 0.28, 24 h HR = 0.44 ± 0.16, p = 0.029) (Fig. 5c).

Discussion
In the present study, a human based cardiac ischemia–reperfusion model which enables precise control and real 
time monitoring of oxygen combined with simultaneous measurement of the electrophysiological parameters of 
hiPS-CMs is presented. Contrary to our previous studies, in which the similar system was used with hiPS-CM 
aggregates11,12,24, here the hiPS-CMs were sorted and re-plated as a monolayer on top of the MEA-plates provid-
ing more homogenous iPS-CM population and enabling a detailed assessment of the structural characteristics of 
the cells. The more homogenous iPS-CM population also enables more precise qPCR analysis of cardiac markers 
while the samples contain approximately similar percentage of cardiomyocytes.

According to the results, hypoxia as well as reoxygenation alters the function of hiPSC-CMs significantly. 
The lowest beating frequency in the hiPSC-CMs was observed during 7–15 h hypoxia, whereas during 15–24 h 
hypoxia, the beating frequency gradually increased, suggesting that the hiPSC-CMs adapt to the low oxygen envi-
ronment. During 0–6 h reoxygenation, the mean normalized beating frequency further increased and surpassed 
the baseline level but returned close to the baseline during 6–24 h reoxygenation. However, it is noteworthy that 
majority of the hiPSC-CMs retained their functionality after an initial drop in the beating frequency, during the 
late phase of hypoxia.

The decrease in cardiomyocyte beating frequency during ischemic stress has been earlier reported in pri-
mary CMs from rat27–29, in perfused whole mouse heart30. We and others have also reported the decrease 
with pluripotent stem cell derived-CMs 11,12,24,31, as well as the increase in the beating frequency upon 
reoxygenation11,12,24,27,29–31.

The decrease in the beating rate might occur due to decrease in the ATP content in the CMs27,29 and due 
to the conduction block affecting the propagation of the action potential from pacemaker cells to other cells31. 
Reoxygenation is thought to reverse these changes, restoring the beating frequency close to the baseline27,29,31. 
However, to our knowledge, this is the first time that an increase in the CM beating frequency already during a 
late phase of hypoxia has been reported. The reason behind the hiPSC-CM adaptation is likely balancing of the 
ATP supply and demand32, although the mechanisms for achieving the balance can only be speculated.

The immature metabolic phenotype of the hiPSC-CMs can be partially responsible for the observed adapta-
tion of the cells and increase of the beating frequency with prolonged hypoxia. hiPSC-CMs are known to be more 
resistant to hypoxia and reoxygenation because of the enhanced ability of immature CMs to increase glycolytic 
flux33,34. In the current study, increase in the expression of SLC2A1 encoding glucose transporter 1 was observed 
after 8 and 24 h hypoxia. During hypoxia, the CM metabolism relies on glycolysis, which is a relatively inefficient 
way to produce energy requiring increase in glucose uptake and expression of glucose transporters35. However, 
the expression of PFKM gene encoding muscle type ATP-dependent 6-phosphofructokinase responsible for the 

Figure 5.   (a) SLC2A1 expression in hiPSC-CMs after 8 and 24 h hypoxia in control (C, n8h = 6, n24h = 5) and 
hypoxia (H, n8h = 5, n24h = 6) samples as well as 8 and 24 h hypoxia-reoxygenation (HR) in control (C, n8h = 4, 
n24h = 4) and hypoxia (H, n8h = 4, n24h = 4) samples from qPCR analysis presented as mean + standard deviation. 
SLC2A1 encodes glucose transporter 1 and is related to glucose uptake of the cells. As can be seen, SLC2A1 
expression increases during hypoxia, and decreases during reoxygenation. However, after 24 h hypoxia-
reoxygenation, the expression levels are still higher than in control. (b) SLC8A1 expression in hiPSC-CMs after 
8 and 24 h hypoxia as well as 8 and 24 h hypoxia-reoxygenation. SLC8A1 encodes sodium/calcium exchanger 
and is related to calcium handling of hiPSC-CMs. As can be seen from the figure, the expression decreases 
after 8 and 24 h hypoxia-reoxygenation, but does not change significantly during hypoxia only. (c) Expression 
of several genes after 24 h hypoxia-reoxygenation. The expression of metabolic genes (ACADM and PFKM), 
sarcomeric genes (TNNT2 and MYBPC3), calcium handling genes (RYR2 and ATP2A2) and hypoxia marker 
MAP4K4 are all decreasing when compared to control. *p < 0.05.
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first committing step of glycolysis35 did not increase after 8 or 24 h hypoxia. Furthermore, the medium used in 
the experiment did not contain either glucose or serum since presence of glucose attenuates the adverse effects 
of hypoxia36. Thus, there must be also another mechanism for the hiPSC-CM functional adaptation.

In addition to changes in the beating frequency of the hiPSC-CMs as a response to hypoxia and reoxygenation, 
changes in depolarization time and field potential duration were investigated. Hypoxia increased the depolariza-
tion time, whereas it decreased the overall FPD. During reoxygenation, both the depolarization time and the 
FPD returned close to the baseline level. These findings are in line with other studies regarding prolongation of 
CM action potential depolarization time as well as shortening of the overall action potential duration during 
hypoxia and reoxygenation37 and indicate that the hiPSC-CMs in the model function as expected.

Changes in the conduction velocity over the hiPSC-CM sheets were also investigated. During hypoxia, the 
signal propagation speed slowed down, and it took longer for the action potential to travel across the cell sheet. 
This could be due to the conduction blocks that are known to occur in ischemic conditions38, which can prevent 
the action potential from traveling the shortest route through the cell sheet. The slowing was observed to be 
reversible, as the conduction velocity returned close the baseline level during reoxygenation. These findings are 
in agreement with King et al. (2013), where delayed signal propagation has also been observed as response to 
ischemia38.

There were no significant changes in the expression of genes related to calcium handling and contractility 
of the hiPSC-CMs after 8 or 24 h hypoxia. However, post-transcriptional changes in the proteins or changes in 
their activity due to hypoxia could in part explain the increase in the beating frequency. Electrophysiological 
alterations can include decrease in sodium and potassium currents, thus reducing the ATP demand of Na+/K+ 
ATPase. Decrease in calcium current could similarly reduce the ATP demand of Ca2+ ATPases as well as Na+/
K+ ATPases. Reduced potassium current would also lead to increased resting membrane potential making the 
CMs more excitable, although the membrane potential must remain below the activation voltage of voltage-gated 
sodium channels32. The initial decrease in the hiPSC-CM beating frequency can thus later be accompanied by 
electrophysiological changes sufficiently reducing the ATP demand for the gradual increase in beating frequency 
during the late phase of hypoxia.

A peak in the HIF1α expression was not found in this study. However, it is possible that the peak occurs 
already earlier than the chosen time points, or that the peak is subtle and thus difficult to observe. Since there 
was some variation in the expression between the samples from the same time points, it is possible that the subtle 
increase in the expression of HIF1α was masked by the variation of the individual samples. It is also possible, 
that oxygen independent HIF1α degradation pathways are activated39. Furthermore, nuclear translocation of 
HIF1α was not seen in the immunocytochemical staining, although it is known to play a crucial role in activa-
tion of hypoxia pathways40.

Differences in hiPSC-CM morphology and sarcomere structure were observed after hypoxia and hypoxia-
reoxygenation, which were supported by western blot analysis of the structural proteins. The morphological and 
structural changes in the hiPSC-CMs included partial detachment from the culture plate as well as disruption of 
the visible sarcomere structures. Furthermore, the area of the nuclei in the hiPSC-CMs decreased during hypoxia 
and hypoxia-reoxygenation. However, cell death was not observed (data not shown). The structural disintegra-
tion and the decrease in the nucleus size are associated with apoptotic cell death41,42. However, the difference in 
the nucleus area could also partially be due to detachment of the cells, because in attached cells the nucleus is 
flat against the culture plate thus increasing the area in images, while in detached cells the nucleus has a more 
3D spherical shape, which is not conveyed from 2D images. Furthermore, western blot analysis showed no band 
for cleaved caspase-3 associated with apoptosis.

The cellular damage in the hiPSC-CMs could also be indication of necrotic cell death, which is known to 
be the primary mechanism of cell death in ischemia-reperfusion41,42. The decrease in MyBPC3 and Troponin T 
protein expression further supports the structural changes seen in the hiPSC-CMs. The decrease in Troponin 
T expression could be due to the release of Troponin T from the cells to the surroundings, although it was not 
measured in this study. However, Troponin T release from injured myocardium is a clinically used marker for 
myocardial infarction43. Furthermore, necrotic cell death is associated with spillage of cellular contents into the 
extracellular space.

One limitation in this study was the immature phenotype of the hiPSC-CMs. As already mentioned, dif-
ferences in hiPSC-CM metabolism make these cells more resistant to hypoxia-reoxygenation injury. Another 
limitation is the relatively constant pH throughout the hypoxia and reoxygenation treatments. Due to the large 
volume of medium compared to the cell mass, the pH of the culture did not change significantly during the 
hypoxia or reoxygenation. However, in heart, ischemia is accompanied by acidosis, a decrease in intracellular 
pH, which is known to affect the CM response to ischemia–reperfusion in primary animal CM models28 and 
hiPSC-CMs8,10. The third limitation is the slow speed in increase and decrease of the oxygen level in the culture, 
which gives the cells time to adjust to the conditions, whereas acute ischemic events are typically sudden in the 
clinical situation. Furthermore, electrical activity was recorded only in intervals, which could cause missing of 
potentially interesting events.

In summary, we conclude that hiPS-CM model presented in this study can be used in modeling cardiac 
ischemia–reperfusion injury. With the iPS-CM based platform, we are able to monitor the temporal changes in 
cardiomyocyte function as well as electrophysiological parameters during different stages of ischemia–reperfu-
sion event. There were significant differences in the beating frequency, depolarization time and field potential 
duration as well as conduction velocity. In addition, hypoxia altered the cell morphology and caused changes in 
the expression of structural proteins. With the presented hiPS-CM based platform, cardiac ischemia–reperfu-
sion can be modeled and these parameters can be utilized when evaluating the effects of putative ischemia drugs 
and treatments in the future.
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Materials and methods
Cardiomyocyte differentiation and cell culture.  UTA.04602.WT hiPSC line44 was used in the experi-
ments. hiPSCs were cultured on mouse embryonic fibroblast feeder cells (Applied StemCells, Inc) in KSR 
medium (KnockOut DMEM (Gibco) containing 10% KnockOut Serum Replacement (Gibco), 1% MEM NEAA 
(Gibco), 1% GlutaMAX (Gibco), 0.2% β-mercaptoethanol (Gibco) and 0.5% Penicillin/streptomycin (Lonza)). 
Embryoid body differentiation modified from Karakikes and coworkers45 and Lian and coworkers46 was used to 
differentiate the hiPSCs into cardiomyocytes (full protocol in Supplementary Information).

Magnetic activated cell sorting.  Magnetic activated cell sorting (MACS) was performed on day 20 
to enrich the cardiomyocyte concentration in the culture. MultiTissue Dissociation Kit (Miltenyi Biotec) was 
used according to manufacturer’s instructions as described earlier47. PSC-Derived Cardiomyocyte Isolation Kit, 
human (Miltenyi Biotec) was used to separate the cardiomyocytes from other cell types according to manufac-
turer’s instructions47. The CMs were suspended to 20% EB medium (KnockOut DMEM containing 20% FBS 
(Gibco), 1% MEM NEAA, 1% GlutaMAX and 0.5% Penicillin/streptomycin) and seeded to 1-well chambers 
on glass or MEA coated with 0.1% gelatin as cell sheets (density ~ 93,000 cells/cm2). The cells were cultured for 
7–9 days before starting the hypoxia experiments. Half of the culture medium was exchanged three times a week.

Hypoxia and hypoxia‑reoxygenation.  Hypoxia and reoxygenation were performed using OxyGenie 
mini-incubator (Baker, USA), which is based on our previous studies26,48,49. The portable cell culture incubator 
includes a battery-operated temperature controller with a heat plate, two prefilled and replaceable gas cylinders 
and a flow divider to hold six individual 1-well chamber assemblies on a glass plate (Fig. 6a). The 1-well assembly 
on an MEA plate fits to a MultiChannel Systems signal amplifier allowing long-term recordings outside an incu-
bator. Portability of the OxyGenie and the individual 1-well chambers enable sample preparation and collection 
one at a time, minimizing the cell culture exposure to ambient air.

Day before exposing cells to hypoxia, serum- and glucose-free EB medium (glucose-free DMEM (Gibco) 
containing 1% MEM NEAA, 1% GlutaMAX and 0.5% Penicillin/streptomycin) was changed. On the following 
day, the samples were loaded into pre-warmed (37 °C) OxyGenie mini-incubator and hypoxia was initiated using 
0% O2 and 5% CO2 (hypoxic) gas. The used time periods included 6, 8, 10, 12 and 24 h. Control samples were 
cultured in serum- and glucose-free EB medium in a standard 5% CO2 incubator without the lids and covers 
for the same time periods.

Figure 6.   (a) Portable cell culture instrument include battery operated temperature controller and heat plate, 
two gas cylinders and flow divider allowing six individual 1-well assemblies. 1-well assembly includes 1-well 
chamber on plate (glass or MEA), the lid and the lid lock to seal the cell culture and to avoid evaporation, the 
cover and the cover lock to create and maintain the gas environment around gas permeable 1-well chamber. 
1-well assembly on MEA plate can be fitted also to MCS signal amplifier and thus use it for long-term recordings 
outside the incubator. (b) Hypoxia and hypoxia-reoxygenation protocol.
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Hypoxia-reoxygenation experiments were performed similarly to the hypoxia experiments, but after 8 or 24 h 
hypoxia, the gas was exchanged to 19% O2 and 5% CO2 (normoxic) gas for 24 h. The control cells were kept in 
the 1-well chambers on the glass inside the incubator for the whole experiment. Samples were collected after the 
hypoxia or hypoxia-reoxygenation one by one to minimize the exposure to ambient air. pH was measured from 
cell culture medium during sample collection using Sentron SI600 pH meter with Sentron MicroFET pH probe.

With MEA plates, hypoxia-reoxygenation was performed so that first the samples were connected to normoxic 
gas to measure a baseline overnight, after which, hypoxia was initiated using the hypoxic gas for 24 h. After the 
hypoxia, reoxygenation was performed by connecting the samples again to the normoxic gas for another 24 h. 
Hypoxia and hypoxia-reoxygenation protocols are presented in Fig. 6b.

Microelectrode array.  Microelectrode array (MEA) plates (60MEA200/30iR-Ti, 8 × 8) were ordered from 
MultiChannel Systems MCS GmbH (Reutlingen, Germany and PDMS 1-well chambers attached to the MEA 
were manufactured inhouse50. MEA measurements were performed using MultiChannel Experimenter (version 
2.14.0.19346, Multi Channel Systems, GmbH, Reutlingen, Germany). Sampling frequency was set to 25 kHz and 
the baseline was recorded for 1 min every hour for 20 h. During hypoxia and reoxygenation, MEA signals were 
recorded for 1 min every 30 min. The data were converted from MSRD into HDF5 format using MultiChannel 
DataManager (version 1.12.0.20014, Multi Channel Systems, GmbH, Reutlingen, Germany). The HDF5 files 
were analyzed with MATLAB (version R2018B, MathWorks, Inc., Natick, MA, USA) using scripts developed 
inhouse for beating frequency, depolarization time and field potential duration. Multi Channel Analyzer (ver-
sion 2.14.0.19346, Multi Channel Systems, GmbH, Reutlingen, Germany) was used to detect peaks from the 
recorded data. The analyzed data was converted into ASCII files using Multi Channel DataManager and these 
files were analyzed for field potential propagation.

Oxygen measurement.  The partial pressure of oxygen (pO2) was measured from one sample to verify that 
the oxygen dynamics in the cell culture were as expected. In the verification experiment, a luminescence-based 
sensor together with a highly biocompatible sensing material, developed by Välimäki and coworkers24 was used 
to monitor the oxygen level in the culture. The pO2 was measured once a minute during the entire experiment, 
while MEA signals were recorded for 1 min every 30 min throughout the experiment at 20 kHz sampling fre-
quency. After the experiment was finished, the cells were removed from the MEA plate and the oxygen measure-
ment was calibrated using the same MEA.

Immunocytochemistry.  Immunocytochemistry (full protocol in Supplementary Information) was per-
formed right after hypoxia or hypoxia-reoxygenation for 8 and 24 h hypoxia, and 8 and 24 h hypoxia-reoxygen-
ation samples. Mouse anti-MyBPC3 (1:500; Santa Cruz; sc-166081) and rabbit anti-HIF1α (1:1000; Invitrogen; 
700505) were used as primary antibodies and donkey anti-mouse Alexa Fluor 568 and donkey anti-rabbit Alexa 
Fluor 488 (1:800; Thermo Fisher Scientific) as secondary antibodies. Fluorescence was visualized with Zeiss LSM 
800 Laser Scanning Confocal Microscope using Zeiss EC Plan-Neofluar 40x/0.75, WD 0.71 mm (Air) objective 
and 2 channel spectral detection with high-sensitivity PMT detector.

Analysis of hiPSC‑CM sarcomere coverage.  The area of visible sarcomeres and the total cell area was 
analyzed from the MyBPC3 channel of the fluorescent microscopy images using Paint.net (version 4.1.5, Dot-
PDN, LLC, USA) and ImageJ51. The wand tool in Paint.net was used to determine the total area of the cells 
covering the image and the area covered by sarcomeres. ImageJ was then used to calculate the areas. Sarcomere 
coverage was calculated as the ratio between the area of visible sarcomeres and the total cell area and is expressed 
as percentage.

Analysis of hiPSC‑CM nuclei area.  The nucleus area was determined using Cell Profiler52. IdentifyPrima-
ryObjects was used to identify the nuclei in the DAPI channel of the fluorescent images. The minimum and max-
imum object size values were set as 50 and 250, respectively. Objects outside the set minimum and maximum 
as well as objects touching borders were discarded. Threshold strategy was set as global and the thresholding 
method used was two class Otsu. Shape was set for the method to distinguish clumped objects and MeasureOb-
jectSizeShape was used to determine the nuclei area from the objects identified in the IdentifyPrimaryObjects.

Western blot.  Protein samples were collected in 2 × Laemmli buffer (Bio-Rad) containing 5% 
β-mercaptoethanol (Sigma) and run in 4–20% Mini PROTEAN TGX Precast Protein Gel with 10 50 µl wells 
(Bio-Rad). The proteins were blotted from the gel to PVDF membrane using Trans-Blot Turbo Transfer System 
(Bio-Rad) and Trans-Blot Turbo RTA Mini PVDF Transfer Kit (Bio-Rad). Mouse anti-β-actin (1:1000; Santa 
Cruz; sc-47778), rabbit anti-HIF1α (1:1000), rabbit anti-cleaved caspase-3 (1:500; Abcam; ab32042), mouse anti-
MyBPC3 (1:500) and mouse anti-Troponin T (1:1000; Abcam; ab33589) were used as primary antibodies and 
horseradish peroxidase-conjugated anti-mouse IgG (1:3000; Santa Cruz; sc-516102) and anti-rabbit IgG (1:2000; 
Dako; P0217) as secondary antibodies (full protocol in Supplementary Information). The protein-antibody com-
plexes were detected using Amersham ECL Prime Western Blotting Detection Reagent (GE Healthcare Life 
Sciences) and ChemiDoc MP Imaging System (Bio-Rad) was used for imaging. The images were analyzed using 
Image Lab Software (Bio-Rad).

RNA extraction, reverse transcription and qPCR.  Samples for qPCR from hypoxia and hypoxia-
reoxygenation experiments were collected in QIAzol Lysis Reagent (Qiagen) and RNA was extracted using 
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miRNeasy Mini Kit (Qiagen) following manufacturer’s instructions. RNA quality was ensured using. Reverse 
transcription (RT) was performed using High-Capacity cDNA Reverse Transcription Kit (Applied Biosystems), 
following manufacturer’s instructions. Shortly, 2X RT Master Mix was prepared based on instructions of the kit 
and 10 µl of 2X RT Master Mix was mixed with 10 µl of sample. Samples were run in thermal cycler with follow-
ing protocol: 10 min at 25 °C, 120 min at 37 °C, 5 min at 85 °C and at 4 °C until samples were stored at − 20 °C.

qPCR for mRNA samples was performed using TaqMan Gene Expression Master Mix (Applied Biosystems) 
following manufacturer’s instructions. TaqMan 20 × Assays for TNNT2, MYBPC3, ACADM, ACAA1, SLC2A1, 
PFKM, RYR2, ATP2A2, SLC8A1, MAP4K4, HIF1A, CASP3, GAPDH, EEF1A1 and TBP were used, details of 
the assays are presented in Table 1. Master mixes were prepared as instructed in the kit. Three technical replicates 
were used for each sample with each gene. 1 µl of diluted cDNA (diluted 2:1 to Milli-Q water) was pipetted into 
9 µl of master mix (total reaction volume 10 µl). Plates were run in ABI7300 thermal cycler (Applied Biosystems) 
with following protocol: 2 min at 50 °C, 10 min at 95 °C and 40 cycles of 15 s at 95 °C and 1 min at 60 °C.

Statistical analysis.  Statistical analyses were performed with IMB SPSS Statistics for Windows (version 
25.0, IMB Corp., Armonk, NY, USA). Independent samples Mann–Whitney U test was used to test the statisti-
cal significance between control and hypoxia or hypoxia-reoxygenation groups for data extracted from qPCR, 
western blot, immunostaining, depolarization time and field potential duration and field potential propagation, 
while related-samples Wilcoxon Signed Rank Test was used for beating frequency. p < 0.05 was considered as 
statistically significant. The data are presented as mean ± standard deviation.

Data availability
All data are available from the authors by request.
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